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ABSTRACT
Novel Engineering Approaches for DNA Sequencing and Analysis
Mirkó Palla

DNA sequencing is a fundamental tool in biological and medical research. DNA
molecules contain the heritable genetic information in all living organisms and encode all the
proteins in our body. Therefore, determination of DNA sequence is useful in basic biological
research, evolutionary biology, as well as the applied biological fields, such as diagnostic or
forensic research. High-throughput DNA sequencing is essential for personalized medicine. To
achieve this dream, the price of genome sequencing should be dramatically decreased to a level
that most people can afford. Despite the refinements of Sanger sequencing, the current genome
sequencing cost remains formidable. Therefore, revolutionary advances in DNA sequencing
technology are demanded.
To overcome the limitations of the current sequencing technologies, a variety of new
DNA sequencing methods have been investigated with the aim of eventually realizing the goal of
the $1,000 genome, including sequencing by synthesis (SBS). In this thesis, we build upon
current state-of-the-art sequencing technologies such as SBS to develop novel proof-of-principle
technologies for high-throughput DNA sequencing; demonstrate a general platform for high
sensitivity biomolecular detection; and briefly study DNA processing protein (e.g., helicase)
functions at the atomistic level. The following is a summary of the resulting work presented
herein: first, a new DNA sequencing technology development is presented that utilizes surfaceenhanced Raman spectroscopy (SERS); second, a novel approach of SERS-based biosensing for
quantitative detection of biomolecules is demonstrated; third, a rigorous mathematical

development of an analytical model is described to predict experimental SERS signal intensity
distributions for biomolecular quantification; fourth, a versatile SERS-based quantitative method
is developed to monitor the catalyst-free click reaction efficiency for small molecule
conjugation; fifth, theoretical work using molecular dynamics simulations for analyzing the
mechanical behavior of a molecular motor involved in DNA processing are described; and
finally, the thesis presents a proposed nanodevice to combine the SERS-SBS technology with
our bioquantification method into one functional unit. Consequently, these research efforts
provide a foundation for the novel use and integration of SERS-SBS into microfluidic systems
for a wide range of applications, such as high-throughput DNA sequencing and genetic
diagnostics, as well as the theoretical framework to investigate DNA polymerase function at the
atomic level.
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Chapter 1.

1.1

Introduction

Motivation and Significance of Thesis
High-throughput DNA sequencing is essential for the Personal Genome Project or

personalized medicine. To achieve the dream of this effort, the price of genome sequencing
should be dramatically decreased to a level that most people can afford. Despite the refinements
of Sanger sequencing, thanks to the improvement in sample preparation and automation [1, 2],
the current genome sequencing cost remains formidable. Therefore, revolutionary advances in
DNA sequencing technology are demanded.
The main thrust of this PhD thesis is to build upon current state-of-the-art sequencing
technologies such as sequencing by synthesis (SBS) to develop novel proof-of-principle
technologies for high-throughput DNA sequencing; demonstrate a general platform for high
sensitivity biomolecular detection using surface-enhanced Raman spectroscopy (SERS); and
briefly study DNA processing protein (e.g., helicase) functions at the atomistic level. The latter
may serve as a model system leading towards the analysis of DNA polymerase, a complex
molecular motor involved in nucleotide incorporation into DNA, which can be defined as the
critical unit in essentially all current sequencing technologies. Several significant and novel
approaches and findings will result from the successful conclusion of this work:


SERS-based DNA Sequencing: As an alternative to fluorescence-based sequencing
by synthesis, we have tested the possibility of using Raman spectroscopic signals as
tags for SBS. We demonstrate a complete 4-step SBS reaction in which each
polymerase extension and cleavage is monitored on a commercial SERS substrate by
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Raman spectroscopy. Thus, with further improvements in surface enhancement for
this moiety, and polymerase attachment to the SERS substrate, this can provide an
attractive alternative to fluorescence-based SBS.


Raman Mapping for Biomolecular Detection: SERS-based, ultra-sensitive and
quantitative biosensing on aptamer functionalized nanopillars utilizing large-area
Raman mapping technique is demonstrated. We show statistically reproducible,
concentration-dependent signal responses at the picomolar concentration regime,
which overcomes the inherent spot-to-spot variations observed in conventional SERS
quantification. The combination of this method and the SERS-SBS approach into one
functional unit may lead to the development of an integrated nanodevice for DNA
sequencing or genotyping.



Mathematical Model for SERS Quantification: A novel statistical method for
quantifying trace amounts of biomolecules by SERS using a rigorous mathematical
derivation is developed. This quantification framework could be generalized for
planar SERS substrates, in which the nanostructured SERS features can be
approximated as a closely spaced electromagnetic dimer problem. The potential for
single molecule (SM) detection is also shown, which opens up an exciting
opportunity for SM SERS studies.



SERS Monitoring of Click Chemistry: A simple and versatile SERS-based
quantitative method has been developed for the evaluation of catalyst-free click
reaction efficiency for small molecule conjugation. The characteristic chemical
moieties (alkyne and azido) on the partnering molecules may be utilized as universal
Raman reporter groups for monitoring the conjugation efficiency in a variety of
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applications in diverse areas such as bioconjugation, material science or drug
discovery, because they are specific for these types of reactions.


Atomic Analysis of DNA Processing Molecular Motors: Molecular dynamics
(MD) simulation is utilized to show that the NS3 helicase hinge residue T324A
mutation establishes new atomic interactions, revealing a cascade of residues from
T324 to domains 1 and 2 controlling the flexibility of the ATP binding cleft. A
similar MD model might help to determine the optimal placement of the DNA
polymerase, a molecular motor involved in the DNA synthesis event, relative to the
hotspot for maximized signal enhancement in the SERS-SBS method.

Through the significant advances highlighted above, this thesis work establishes a solid
foundation for realizing a new DNA sequencing technology that meet challenges not attainable
with currently available platforms.

1.2

Surface-Enhanced Raman Spectroscopy for Biomolecular Detection

1.2.1 Plasmonic Theory
Raman spectroscopy is a technique based on the inelastic scattering of light from
molecules or atoms and is used to study vibrational/rotational modes of a system [3]. During
laser irradiation the primary photon interacts with a molecule, resulting in the energy of
vibrational and/or rotational states being exchanged and a secondary photon of lower or higher
energy being emitted. The energy difference is equal to the vibrational and/or rotational energy
of a molecule and can be used as a unique fingerprint specific to a chemical bond and the
molecular symmetry of that molecule.
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However, Raman scattering is a very weak process, with the likelihood of light radiation
being scattered by a particle (molecular cross-section) in the ~10-30–10-25 cm2 range (for
comparison, a good fluorescence cross-section is ~10-16 cm2), and as a result the main difficulty
of Raman spectroscopy is separating the weak inelastically scattered light from the intense
Rayleigh scattered laser light. The most widely used method to dramatically increase Raman
scattering signals is surface enhancement [4, 5]. This effect was first observed in 1974 by
Fleishmann et al. [6], while using Raman scattering to try to understand the electrochemical
reactions of pyridine at a roughened silver electrode. Several groups showed that the effect was
not simply because of increases in surface area [7, 8], but the large enhancements were rather
due to the influence of noble metal nanostructures or nanoparticles on the adsorbed molecules.
The precise physics of this effect have been in dispute, but today's experimental consensus
indicates that there are two operative enhancement mechanisms: (1) electromagnetic (EM) field
enhancement via localized optical fields of the metallic nanostructures; and (2) chemical
enhancement because of increases in Raman cross-section in contact with metal nanostructures.
1.2.2 Plasmonic Engineering of SERS Substrates
SERS is a surface-sensitive technique that enhances Raman scattering of molecules in the
immediate vicinity of roughened metal surfaces, nanostructures like colloidal aggregates or
nanocrystal junctions. The enhancement factor (EF) can be as much as 1010, which means the
technique may detect single molecules [9]. The increase in intensity of the Raman signal occurs
because of an enhancement in the electric field provided by the SERS surface. Enhancement
scales as the fourth power of the local metallic field and is maximized when both the incident
laser and Raman scattered fields are in resonance with the surface plasmons. Although the
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enhancement does not require direct contact of the molecule and the metal, the dependence on
distance is extremely strong.
In the past few decades, a variety of surface morphologies have been developed,
including roughened surfaces, metal films or discontinuous metal islands deposited on surfaces,
colloidal powders, aqueous sols, and beads or scaffolds decorated with noble-metal colloids.
Metal colloids are frequently used in SERS investigations, because their dispersions are easily
prepared by simple chemical, thermal, or photo-induced reduction of a dilute solution of metal
salts. They lead to strong SERS enhancement while having several advantages such as ease of
handling and manipulation, uniformity of size, tunable composition, and a more tractable
morphology for theoretical study. In a recent publication, a rapid label-free identification method
for mononucleotides was demonstrated using citrate-reduced silver colloids, which can possibly
lead to high-throughput and high (< 1 μg/mL) sensitivity applications [10]. Single nanowire on
film architecture was also shown to be a highly reproducible platform for SERS measurements,
and was used to obtain high-quality SERS spectra from single stranded DNA with reliable
reproducibility, good time stability and excellent sensitivity [11].
The evolution of SERS-active substrates has been closely tied to the growth of the field
of ‘‘plasmonics’’. This field deals with the optical properties of metallic nanostructures resulting
from electrodynamic effects and, because surface enhancement of EM fields is a near-field
phenomenon, modification of the immediate dielectric environment. An example is a layered
nanoparticle comprising a spherical dielectric core surrounded by a thin metallic shell, known as
a metal nanoshell. It provides useful nanoscale topology for precisely ‘‘focusing’’ the local EM
field at the nanoparticle surface by systematic variation in the internal geometry [12]. Another
interesting approach is to create 2 or 3-dimensional periodic particle arrays and other ordered
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topographies to obtain massive signal enhancements, with the goal of approaching single
molecule sensitivity. The “hotspots” are extraordinarily intense local EM fields at geometrically
favorable locations within the nanostructures, i.e., in interstitial regions or gaps between closely
spaced features.
Several approaches have been taken toward preparing regularly ordered periodic particle
arrays for generating promising SERS sensors. Chou showed the potential of a three-dimensional
resonant cavity antenna array of high density [13] to address the two central challenges in SERS
applications: (1) increasing the area-averaged SERS enhancement, and (2) solveing the “sparse
hotspots” problem [14]. They proposed and demonstrated a new SERS substrate architecture,
which has led to the achievement of an area-averaged SERS enhancement of 1.2 × 109 and largearea uniformity with a variation of less than 25%.
1.2.3 Single Molecule SERS
Single molecule detection (SMD) is strongly linked to localized surface plasmonic
resonance (LSPR) supporting nanostructures with the following characteristics:


Nanostructures for SMD detection are entirely restricted to silver and gold, or their
composites.



The most successful nanostructures for SMD are aggregates where hotspots are
realized.



There is an unequal contribution of the molecules to the observed SERS signal, where
the majority of the signal must come from molecules on hotspots.

A challenge to SM-SERS is that at very low concentrations, SMD critically depends on the
structure of the molecule for its selective adsorption, particularly onto hotspots. Regardless of the
type of nanostructure used, the methodology of the SMD is similar. Two key elements are
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needed: limiting of the probe volume and dilution of the analyte to such levels that there are only
a few molecules in the probed area. For solutions (colloids) and island films this volume
reduction is facilitated by the use of objectives with high numerical aperture values with
collection volumes in the range of nanoliters to femtoliters. In conjunction with limited probe
volumes, the use of extremely dilute concentrations of the target analyte is also a characteristic of
SM-SERS. Typical concentrations used are on the order of 10-11 to 10-14 M, with the target
molecule dispersed in a solvent or matrix of molecules with a low Raman cross section, such as
water, methanol or a fatty acid.
Since hotspots are frequency dependent spatial locations of highly enhanced electric field
in complex nanostructures, the adsorption of the molecule precisely at that spot has a probability
that depends on several experimental variables such as: nature of the adsorption, surface charge
and molecular charge distribution, adsorption kinetics, surface diffusion and temperature. As a
result the probability of a target molecule residing in a hotspot is rare, which is also known as the
‘‘SERS uncertainty principle’’. Unlike SM fluorescence, where the quantum nature of the system
is manifested in properties of the measured signal, at present there is not a single unique qualifier
to verify, without a doubt, that it is indeed a SM signal being recorded. Instead, the validity of
the SM claim is supported by a collection of evidence.
Recent reports provide evidence for such SMD measurements. The Meyer group showed
that it is possible to detect an isotropic change in one atom of a single SERS dye (rhodamine
800) by observing the signal of a highly localized Raman-active vibration on a cyano bond
(-C≡N) [15]. Another group demonstrated the feasibility of single molecule surface-enhanced
Raman spectroscopy of crystal violet using the isotopologue approach, in which two
isotopologues were experimentally compared with regard to mode frequency changes upon
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deuteration [16]. The obtained overall EF was measured to be 2.6 × 109 from eight SM-SERS
events. Another impressive EF was obtained by utilizing an urchin-like silver nanowire as SERS
substrate and surface absorbed Rhodamine 6G at a concentration level of 10-16 M, essentially
equivalent to measurements at single molecular level [17]. All of the above results demonstrate
the feasibility of sensing at the single molecular level when using SERS engineered substrates,
thus opening up the window for SM-SERS applications requiring rapid biological sensing,
clinical diagnostics or especially DNA sequencing.

1.3

DNA Sequencing by Synthesis Using Surface-Enhanced Raman

Spectroscopy
1.3.1 DNA Sequencing Towards Personalized Medicine
DNA sequencing is a fundamental tool in biological and medical research. DNA
molecules contain the heritable genetic information in all living organisms and encode all the
proteins in our body. Therefore, determination of DNA sequence is useful in basic biological
research, evolutionary biology, as well as the applied biological fields, such as diagnostic or
forensic research. High-throughput DNA sequencing is especially important for the Personal
Genome Project or personalized medicine. Under the mandate of the Human Genome Project,
the human genome was sequenced to near completion in 2001 using the conventional Sanger
method, which is based on dideoxynucleotide chemistry and electrophoresis [18-20]. The project
was an international effort and cost more than a billion dollars. To achieve the dream of
personalized medicine, the genome sequencing cost should be dramatically decreased to a level
that most people can afford. Despite the refinements of Sanger sequencing, thanks to the
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improvement in sample preparation and automation [1, 2], the current genome sequencing cost
remains formidable, at least $10,000. Therefore, revolutionary advances in DNA sequencing
technology are demanded.
To overcome the limitations of the current electrophoresis-based sequencing technology,
a variety of new DNA-sequencing methods have been investigated with the aim of eventually
realizing the goal of the “$1,000 Genome”, including sequencing by synthesis (SBS) [21-26].
1.3.2 DNA SBS using Reversible Terminators
In the SBS method, DNA templates are immobilized on solid supports, and the
nucleotides are added iteratively [21] or in the form of a four-nucleotide mixture [26]. After a
complementary base is incorporated, a reporter group, normally a fluorescent dye which is
engineered into the nucleotides, produces a base specific signal indicating the successful
incorporation. Then the sequencing can proceed to subsequent cycles to decipher the ensuing
bases.
Previous design of modified nucleotides in our group involved two-site modifications
[26-29]: a fluorescent dye to serve as a reporter group on the base and a small capping moiety to
cap the 3’-OH group to temporarily terminate the polymerase reaction after the base is
incorporated. After nucleotide incorporation and signal detection, the dye can be cleaved and the
3’-OH capping moiety removed to resume the polymerase reaction in the next cycle. These
modified nucleotide reversible terminators have proved to be good substrates for some
polymerases and have been applied to next-generation DNA sequencing technology [29, 30].
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1.3.3 DNA SBS for SERS Detection
Sequencing by synthesis has driven much of the “next-generation” sequencing
technology, allowing the field to approach the “$10,000 Genome” [31-34]. With further
improvements in nucleotide incorporation detection methods, SBS could be an engine that drives
third-generation platforms leading to the realization of the “$1,000 Genome”.
Some commercial platforms have been able to achieve direct single molecule sequencing
but at the expense of accuracy [24]. They add the four nucleotides one at a time in a predetermined order, and score the incorporation of this nucleotide in each round by a particular
detection strategy (e.g., a single fluorescent tag in the case of the Helicoscope tSMSTM
technology, 4 different fluorophores in Pacific Biosciences’ SMRT sequencing approach, or
illumination of 4 different fluorophores by enzyme-attached quantum dots in Life Technologies
SMS system) [24, 32, 35]. The shortcoming in all these approaches is their dependence upon
precise timing of a “virtual” pause between each nucleotide incorporation event, especially when
registering the incorporation of more than a single base. This becomes particularly pronounced
with homopolymeric runs of more than about 4 bases, which are often resolved by summing the
fluorescent signals, rather than attempting to measure their timing [21, 36]. The use of reversible
terminators overcomes this obstacle by only allowing a single base to be incorporated prior to the
detection step; only after subsequent cleavage of the terminating moiety on the nucleotide, can
the next one be incorporated and identified [37-39]. In the case of our already established
system with fluorescently tagged nucleotide reversible terminators (NRTs), because each of the
nucleotides has a separate fluorescent tag, all four can be added at the same time, reducing the
number of rounds of incorporation 4-fold [29, 40]. It is noteworthy that this strategy has also
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been shown to solve the accuracy problem for pyrosequencing, used in the Roche sequencing
platform, which is not a single molecule approach [30].
Our goal is to combine the advantages of an enhanced high-sensitivity, high-resolution
detection system, surface-enhanced Raman scattering (SERS), and our unique 3’-O-azidomethylmodified nucleotide reversible terminators (3’-O-N3-NRTs) for SBS. The SERS detection
sensitivity can approach the single molecule level [41]. Thus SERS-SBS may be developed into
a high-throughput and high-sensitivity SBS approach, which will complement fluorescent SBS
and pyrosequencing. We have already identified a library of tags with Raman peaks in the region
of 2000-2300 cm-1, where DNA and proteins have no Raman peaks. We have also demonstrated
our ability to achieve nearly 6 orders of magnitude enhancements with commercial gold surfaces,
with the potential for much greater SERS enhancement with alternative metal deposition
geometries.
Because these 3’-O-N3-NRTs do not require the attachment of fluorescent tags, their cost
of synthesis is substantially less. They are much smaller than their counterparts with fluorescent
tags, which increase their incorporation efficiency by DNA polymerase. After cleavage, the N3 is
completely destroyed yielding no Raman signal at ~2125 cm-1. In addition, the extended chain
will be identical to natural DNA. This is in contrast to many current approaches for SBS, which
require the use of modified nucleotides that leave short remnants of the linkers that were used to
attach the fluorescent tags; as these build up in the extended DNA chains, they are more and
more likely to alter the DNA structure so as to impede further nucleotide incorporation. Finally,
the conditions for removal of the azidomethyl group to allow the next cycle of incorporation and
detection is well established in our laboratory, and has been shown to be highly compatible with
DNA stability [42].
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The added significance of this approach is the possibility of achieving longer reads than
all but the current Roche pyrosequencing and that reported for the SMRT approach, but with an
accuracy better than that of the Illumina-style SBS sequencing. Thus in short, our approach is
aimed at reducing cost, increasing accuracy, and eventually thereby achieving the goal of the
$1000 Genome Initiative.

1.4

Atomic-level Analysis of DNA Processing Molecular Motors using

Molecular Dynamic Simulation
1.4.1 Molecular Motors
Molecular motors are biological molecular machines that are the essential agents of
movement in living organisms. Essentially, protein-based molecular motors utilize the
chemical free energy released by the hydrolysis of adenosine triphosphate (ATP) in order to
perform mechanical work [43]. Some examples of biologically important molecular motors are:


Cytoskeleton motors, such as myosins, which are responsible for intracellular cargo
transport and muscle contraction; or kinesin, which uses microtubules to carry cargo
away from the cell nucleus.



Polymerization motors, such as actin, whose ATP mediated polymerization generates
forces and can be used for propulsion.



Rotary motors, such as the bacterial flagellum, which acts as a rigid propeller that is
powered by a rotary motor driven by proton transfer across the cell membrane.



Nucleic acid motors, such as RNA polymerase, which transcribes RNA from
a DNA template [44]; DNA polymerase, which turns single-stranded DNA into
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double-stranded DNA [45, 46]; and helicases, which separate double strands of
nucleic acids prior to transcription or replication fueled by ATP hydrolysis.
1.4.2 Helicase Mode of Action
Helicases are involved in replication, repair, recombination, transcription, translation, and
ribosome biogenesis; i.e., almost all aspects of nucleic acid metabolism [47, 48]. As one of the
smallest molecular motors in living organisms, they are involved in the catalysis of the
energetically stable DNA double helix opening using the chemical free energy obtained during
ATP hydrolysis, a chemical energy source in cells for metabolism [49]. Their main function
includes the breaking of hydrogen bonds between annealed nucleotide bases in the DNA helix
and translocation along the bound strand unidirectionally. Consequently, sequence analysis of
various families of helicases showed that almost all helicases contain highly conserved motifs
(such as DEAD-box residues residing in the helicase core) responsible for DNA unwinding [50].
For this reason, it is not surprising that all helicases share some common functional properties,
including nucleic acid binding, nucleoside triphosphate (NTP) hydrolysis and unwinding of the
DNA helix [51]. Recently, various helicase structures have been resolved using X-ray
crystallography, which shed light onto their underlying structure-function relationships related to
nucleic acid metabolism [52, 53]. It has been also shown in the literature that genetic defects
associated with the helicase genes contribute to many human genetic disorders, which can
eventually lead to diseases such as cancer, premature aging or mental retardation [54-56]. In
summary, helicases play a critical role in the maintenance of genome integrity and act as vital
molecular chaperones in cellular processes.
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1.4.3 Polymerase Reaction in Atomic Detail
The structures of replicative DNA polymerases share common features that resemble a
right hand, containing palm, fingers and thumb domains [57-59]. A number of other analogous
mechanisms are utilized by replicative DNA polymerases from different families and different
organisms to ensure that the genome is copied accurately [57, 60, 61]. Structural and kinetic
studies have shown that the enzymes undergo a conformational change upon binding the
correctly matched incoming nucleotide. The open conformation contains the primer-template
DNA, while a catalytically active closed conformation state is achieved upon the binding of the
correctly matched incoming nucleotide [57, 59, 62]. It was previously thought [63] that this
closing motion was the rate-limiting step in DNA replication, but recent biochemical results
[64] and molecular dynamics (MD) simulations [65] for DNA polymerase β suggest that the
overall closing motion itself may be fast, while the rate-limiting step may be the rearrangement
of catalytically critical amino acid residues at or near the active site. Closing of the polymerase
structure around the newly formed base pair correctly positions enzyme residues and magnesium
ions to facilitate the nucleophilic attack of the primer on the α-phosphate group of the incoming
nucleotide [15, 63]. The closing motion also tightens the active site about the base pair thereby
enabling geometric selection of the correctly matched incoming nucleotide [16, 66, 67].
1.4.4 Molecular Dynamic Simulations
Molecular dynamic simulation has evolved to become one of the key theoretical tools for
studying biological molecules and their interactions in silico. Using MD simulations, it is
possible to investigate the fluctuation dynamics and conformational changes of proteins and
nucleic acids by computationally calculating the time-varying behavior of the molecular system
under consideration. As a supplement to in vivo experiments, this methodology is widely and
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routinely used to probe structural, dynamic and thermodynamic properties of biomolecules and
their interactions with various complexes.
The initial research efforts by Alder and Wainwright investigating the interaction of solid
spheres in the late 1950’s provided important insights concerning simple liquid behavior, which
eventually led to the development of molecular dynamics methods [68-70]. The next major
milestone was demonstrated by Rahman in 1964, when he used a realistic potential for liquid
argon in a series of MD simulations [70]. Then in 1974, Rahman and Stillinger carried out the
first true MD simulation of a realistic system simulating liquid water [71]. The first simulations
dealing with proteins appeared in 1977, in which bovine pancreatic trypsin inhibitor (BPTI) was
used as the model protein to be evaluated [72]. Currently in the literature, one may frequently
find MD simulations related to solvated proteins, protein-DNA complexes, and lipid systems,
addressing a variety of issues: (1) in membrane biology investigating molecule transport through
biological and solid-state nanopores [73-75], (2) in mechanobiology dealing with cellular
processes involving transformations and molecular forces (motor proteins, cell surface receptors)
[76-78], (3) in nanoengineering predicting the nanoscale interactions between biological and
inorganic materials (single-walled carbon nanotube and graphene sensors) [79-81], (4) in
quantum biology assessing important biological events that involve electronic degrees of
freedom, and thus requiring quantum mechanical description [82-84], as well as (5) the binding
and dissociation mechanism of substrates of enzymatic reactions [85, 86].
Since MD simulations provide atomic-scale resolution on positions and velocities of
residues in the system, this information has to be converted to macroscopic physical quantities –
such as pressure, energy or heat dissipations – which of necessity requires the utilization of the
principles of statistical mechanics. For this reason, statistical mechanics, which is based on
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Newton’s second law or the equation of motion, serves as a foundation in MD simulations to
study biological systems. Using Newton’s equation – from the calculated force on each atom (of
all residues in the system) – it is possible to describe the time-varying particle trajectory
describing the exact positions, velocities and accelerations of atoms. In this manner, the system
state can be precisely predicted at any time of the simulations – in the future or in the past. As
one can predict, these atomistic MD simulations can be extremely time consuming and
computationally exhaustive, especially when investigating biological processes which require
longer time scales (> 50 ns). However, since computational processing time has been getting
faster and cheaper as reasonably predicted by Moore’s law, MD simulations of solvated proteins
and more complex systems are now possible in the millisecond time regimes, which may
potentially address the expanding need to observe interactions on realistic time-scales in silico
[87].

1.5

Organization of Thesis
This thesis reports technology development for DNA sequencing utilizing a SERS-based

biomolecular detection platform. In addition, MD simulation studies are presented, emphasizing
the applicability of this method to aid atomic understanding of molecular motors, such as DNA
polymerase. The presentation of contributions within this work, with major significance as
underlined in Section 1.1, are organized as follows: Chapter 2 presents the realization of a new
technology, DNA sequencing by synthesis monitored by surface-enhanced Raman spectroscopy
(SERS-SBS), an attractive alternative to fluorescence-based platforms. Chapter 3 reports a novel
approach of SERS-based biosensing approach for quantitative detection of biomolecules. The
method utilizes functionalized nanopillar SERS substrates coupled with a large area SERS
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mapping technique. The results demonstrate a direct path towards substrate optimization for
signal enhancement, pointing towards the possibility of single molecule detection. In Chapter 4,
an analytical model is presented to predict experimental hotspot intensity distributions for
biomolecular quantification. This statistical model addresses the limitations of current SERS
quantification methods, and may be generally used for any SERS substrate with planar geometry,
in which the hotspots can be approximated as the electromagnetic enhancement fields generated
by closely spaced dimers. In Chapter 5, a simple and versatile SERS-based quantitative method
has been developed for the evaluation of catalyst-free click reaction efficiency for small
molecule conjugation. Since this principle is based on universal Raman reporter groups that are
specific for click reactions, this method may facilitate a broad range of applications for
monitoring the conjugation efficiency of molecules in diverse areas such as bioconjugation,
material science or drug discovery. Chapter 6 presents theoretical work using MD simulations
for analyzing the mechanical behavior of a molecular motor involved in DNA processing (HCV
NS3 helicase). All research results have been published or submitted for publication. In the
concluding Chapter 7, in addition to possible future experiments, a nanodevice is proposed to
combine the SERS-SBS technology (Chapter 2) with the SERS substrate and bioquantification
method (Chapter 3) into one functional unit. The potential system would consist of DNAfunctionalized, gold coated silicon nanopillars for SERS-SBS and be designed for the picomolar
concentration regime. This development effort may be carried out in the post doctoral research
phase. Finally, additional avenues for future work and concluding remarks will be discussed
related to label-free protein detection. The appendix details MATLAB® scripts used in the postprocessing of SERS data.

18

Part I

Detection of Biomolecules and Nucleic Acids using

Surface-Enhanced Raman Spectroscopy
DNA sequencing plays a tremendously important role in biology. DNA molecules encode
the full genetic blueprint of all living organisms, containing the essential heritable genetic
information. DNA sequencing by synthesis is one of the dominant methods in second-generation
sequencing platforms, and has emerged as one of the most important sequencing technologies
developed so far. Nevertheless, to meet the goal of the $1,000 Genome Initiative, the current
short sequencing read length is still a limiting factor. Therefore, revolutionary advances in DNA
sequencing technology are demanded. In Chapter 2, the realization of a new technology is
presented, demonstrating DNA sequencing by synthesis monitored by surface-enhanced Raman
spectroscopy (SERS-SBS), an attractive alternative to fluorescence-based platforms. We also
compare a variety of SERS substrates for their ability to measure molecules in the micromolar to
picomolar concentration range due to improved electromagnetic signal enhancement. In Chapter
3, a novel SERS-based biosensing approach is reported for quantitative detection of
biomolecules, which opens up the potential for single molecule detection by SERS-SBS. Then,
built upon the previous method, a mathematically rigorous analytical model is presented in
Chapter 4 to correlate experimental SERS signal intensity with analyte concentrations for
quantification purposes. In Chapter 5, we apply SERS to monitoring an important chemical
reaction, the click reaction between an azido and an alkyne moiety. Later, in Chapter 7, a
nanodevice is proposed to combine the SERS-SBS technology with our bioquantification method
into a single functional unit.
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Chapter 2.

DNA Sequencing by Synthesis Using Surface-

Enhanced Raman Spectroscopy
As an alternative to fluorescence-based sequencing by synthesis (SBS), we have tested
the possibility of using Raman spectroscopic signals as tags for SBS. Here we demonstrate that
the azido moiety, which has a Raman scattering peak at ~2125 cm-1, where there are no DNA or
protein peaks, displays surface-enhanced Raman scattering (SERS). Using the azidomethyl
group to block the 3’-OH in the four nucleotides, we demonstrate a complete 4-step SBS reaction
in which each polymerase extension and cleavage is monitored by Raman spectroscopy. Because
the natural nucleotides are restored after each incorporation and cleavage cycle, the growing
DNA strand bears no modifications which can impede further polymerase reactions. Thus, with
further improvements in surface enhancement for this moiety, and polymerase attachment to the
SERS substrate, this can provide an attractive alternative to fluorescence-based SBS. The work
presented in this chapter has resulted in a manuscript currently being submitted to JACS (Raman
SBS); and under the Patent Cooperation Treaty (PCT), international patent WO 2,012,162,429
A2 (includes 4-color Raman SBS proposal).

2.1 Introduction
DNA sequencing is a fundamental tool in biological and medical research. DNA
molecules contain the heritable genetic information in all living organisms and encode all the
proteins in our body. Therefore, determination of DNA sequence is useful in basic biological
research, evolutionary biology, as well as the applied biological fields, such as diagnostic or
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forensic research. High throughput DNA sequencing is especially important for the personal
genome project or personalized medicine. Under the mandate of the Human Genome Project, the
human genome was sequenced to near completion in 2001 using the conventional Sanger
method, which is based on dideoxynucleotide chemistry and electrophoresis [18-20]. The project
was an international effort and cost more than a billion dollars. To achieve the dream of
personalized medicine, the genome sequencing cost should be dramatically decreased to a level
that most people can afford. Despite the refinements of Sanger sequencing, thanks to the
improvement in sample preparation and automation [1, 2], the current genome sequencing cost
remains formidable, near $10,000. Therefore, revolutionary advances in DNA sequencing
technology are demanded.
To overcome the limitations of the formerly dominant electrophoresis-based Sanger
sequencing technology, a variety of new DNA sequencing methods have been investigated with
the aim of eventually realizing the goal of the $1,000 genome, including sequencing by synthesis
(SBS) [21-23, 25, 26]. Some commercial platforms have been able to achieve direct single
molecule sequencing but at the expense of accuracy [24]. They add the four nucleotides one at a
time in a pre-determined order, and score the incorporation of this nucleotide in each round by a
particular detection strategy (e.g., a single fluorescent tag in the case of the HeliScope tSMS™
technology, 4 different fluorophores in Pacific Biosciences’ SMRT sequencing approach, or
illumination of 4 different fluorophores by enzyme-attached quantum dots in Life Technologies
SMS system) [32, 88, 89]. The shortcoming in all these approaches is their dependence upon
precise timing of a “virtual” pause between each nucleotide incorporation event, especially when
registering the incorporation of more than a single base. This becomes particularly pronounced
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with homopolymeric runs of more than about 4 bases, which are often resolved by summing the
fluorescent signals, rather than attempting to measure their timing [21, 36].
Realizing these issues and upon closely examining X-ray diffraction-based models of the
interactions of a DNA template, DNA primer, and an incoming dNTP at the reaction center
of DNA polymerase [90], it became apparent that only a few sites on the nucleotide were
sufficiently free of steric hindrance and ionic interference to support the attachment of side
groups and still permit the polymerase reaction to occur with good efficiency and specificity.
Thus, the SBS method takes advantage of the attachment of small cleavable chemical groups to
the 3'-OH site on the sugar, and larger fluorescent or mass tags to the bases via cleavable linkers.
This way, libraries of molecules were created that could temporarily stop the incorporation of
additional nucleotides, and provide a specific means of identifying the incorporated nucleotide.
Subsequently, both the blocking group and the tags could be removed by chemical or
photocleavage reactions, in preparation for the next round of DNA incorporation [29, 38, 42].
Among the variety of 3'-OH modifications tested, three were followed in our laboratory with
particular avidity, based on their efficiency of incorporation, ease of cleavage with agents that
were not damaging to the DNA, and specificity. These included the 2-nitrobenzyl group which
could be removed by exposure to near-UV light [91], the allyl group which could be cleaved via
a Pd-catalyzed reaction [29], and the azido-methyl group which is cleavable by treatment under
mild conditions with tris-(2-carboxyethyl) phosphine (TCEP) [40]. For attachment of the
fluorescent labels, an assortment of linkers that also incorporated these three groups allowing
cleavage by the same means were generated.
In these approaches, DNA templates may be immobilized on solid supports, and the
nucleotides are added iteratively [21] or in the form of a four-nucleotide mixture [26]. After a
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complementary base is incorporated, a reporter group, normally a fluorescent dye which is
engineered into the nucleotides, produces a base specific signal indicating the successful
incorporation. Then the sequencing can proceed to subsequent cycles to decipher the ensuing
bases. Previous design of modified nucleotides in our group involved two-site modifications [26,
28, 29]: a fluorescent dye to serve as a reporter group on the base and a small chemical moiety to
cap the 3’-OH group to temporarily terminate the polymerase reaction after the base is
incorporated. After nucleotide incorporation and signal detection, the dye can be cleaved and the
3’-OH capping moiety removed to resume the polymerase reaction in the next cycle. Both short
and longer flexible linkers have been utilized to attach the fluorophores, which upon cleavage
leave a smaller remnant. This is important as these remnants may have a cumulative effect on the
structure of the growing DNA chain that will eventually make it difficult for the polymerase to
recognize it as a good substrate for further reactions, thereby placing a ceiling on the potential
read length. These modified nucleotide reversible terminators have proven to be good substrates
for some polymerases and have been applied to next generation DNA sequencing technology
[29, 30]. Though fluorescence measurements are highly sensitive, with the possibility of single
molecule detection, they are plagued by background issues. Any fluorescent labels that have not
been cleaved and efficiently washed away from the flow cells in which reactions and fluorescent
scanning occur, can interfere with the ability to obtain clear readings in subsequent sequencing
cycles.
Recognizing the limitation of fluorescence measurements, Raman spectroscopy has been
widely used in both research and industry for chemical bond characterization, and has great
potential to monitor nucleotide incorporation events during SBS as well. It has found application
in multiplex genotyping [92, 93] with considerable promise for medical diagnostics and novel
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DNA sequencing methods [94]. In recent years, there have been several reports of significant
Raman signal enhancement at the single molecule (SM) level due to plasmonic coupling to
nearby nanostructures [11, 95-100]. The work was done using roughened surfaces, metal films or
discontinuous metal islands deposited on surfaces, colloidal powders, aqueous sols, and beads or
scaffolds decorated with noble-metal colloids. These approaches had limited control over the
nanostructure geometry and no control over the location of the analyte molecule relative to the
plasmonic hot spots. More recent approaches have produced regularly ordered periodic particle
arrays for generating promising SERS sensors. Li et al. used nanoimprint lithography to form
arrays of vertical posts which were coated with Au [101]. They achieved impressively high areaaverage SERS enhancement of 1.2 × 109 and good large-area uniformity. Additionally, evidence
of SM Raman detection of a cyano group (-C≡N) in Rhodamine 800 was reported [95], while
another group demonstrated the feasibility of SM SERS of crystal violet obtaining an overall
enhancement of 2.6 x 109 from eight isolated events [96]. A third set of investigators, using
urchin-like silver nanowire as SERS substrate and 10-16 M surface adsorbed Rhodamine 6G,
were able to detect < 100 molecules [97]. These results from the literature provide sufficient
support for us to establish the feasibility of the SERS-SBS approach.
Here we demonstrate a DNA sequencing-by-synthesis method using SERS. In this
method, the 3’-OH groups of the nucleotides are capped with an azidomethyl moiety, as shown
in Figure 2.1, to temporarily terminate the polymerase reaction after complementary base
incorporation. Instead of engineering a fluorescent dye as a reporter group on the bases, here we
also use the azidomethyl capping moiety on the 3’-OH as the reporter group to indicate the
incorporation of the complementary base. It is well known that the region of the Raman spectrum
for the azido group (~2125 cm-1) is quite unique compared to that of other functional groups
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[102, 103], and this characteristic of the azide group has been applied in a variety of systems,
including azide binding to different sites on heart cytochrome c oxidase [104]. Because the
attached azidomethyl group is specific in the DNA sequencing-by-synthesis system, it might
serve as a Raman reporter group for DNA sequencing that is based on incorporation of 3’-Oazidomethyl-dNTPs, since DNA and proteins have no Raman peaks in the region of 2000-2300
cm-1.

Figure 2.1: Chemical structures of the nucleotide reversible terminators, 3’-O-N3-dATP, 3’-O-N3-dTTP,
3’-O-N3-dGTP, and 3’-O-N3-dCTP.

Because these 3’-O-N3-NRTs do not require the attachment of fluorescent tags, their cost
of synthesis is substantially less. They are much smaller than their counterparts with fluorescent
tags, which increase the efficiency with which they are incorporated by DNA polymerase. After
cleavage, the N3 is completely destroyed yielding no Raman signal at ~2125 cm-1. In addition,
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the extended chain will be identical to natural DNA. This is in contrast to many current
approaches for SBS, which require the use of modified nucleotides that leave short remnants of
the linkers that were used to attach the fluorescent tags; as these build up in the extended DNA
chains, they are more and more likely to alter the DNA structure so as to impede further
nucleotide incorporation. Finally, the conditions for removal of the azidomethyl group to allow
the next cycle of incorporation and detection is well established and has been shown to be highly
compatible with DNA stability [105].

2.2

Materials and Methods

2.2.1 SERS Detection of Nucleotides
The four 3’-O-azidomethyl-modified nucleotides (Figure 2.1) were synthesized
according to the procedure described previously [40]. Each was dissolved in water to form a
100 µM solution, then a 2 µL aliquot was deposited onto individual Klarite SERS (Renishaw
Diagnostics, UK) substrates and dried in ambient air to obtain a uniform molecular deposition
for Raman measurements. Equivalent amounts of the natural deoxynucleotides were deposited
on 4 separate SERS substrates in the same way.
2.2.2 Sequencing by Synthesis (SBS) Reactions
Polymerase extension reactions each consisted of 20 pmol of a synthetic 51-mer DNA
template (5’-GAGGCCAAGTACGGCGGGTACGTCCTTGACAATGTGTACATCAACATCA
CC-3’), 60 pmol of primer (5’-CACATTGTCAAGG-3’) or a previously extended and TCEPcleaved product, 100 pmol of a single nucleotide reversible terminator (3’-O-N3-dATP, 3’-O-N3dCTP, 3’-O-N3-dGTP, or 3’-O-N3-dTTP) [40], 1× ThermoPol reaction buffer (New England
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Biolabs, MA), 2 units TherminatorTM III DNA polymerase and deionized H2O in a total volume
of 20 µL. Reactions were conducted in a thermal cycler (MJ Research, MA). After initial
incubation at 94 °C for 20 sec, the reaction was performed for 36 cycles at 80 °C for 20 sec, 45
°C for 40 sec and 65 °C for 90 sec.
After the reaction, a small portion of the DNA extension product was desalted using a C18
ZipTip column (Millipore, MA) and analyzed by matrix-assisted laser desorption/ionization-time
of flight (MALDI-TOF MS) (ABI Voyager, DE). The remaining product was concentrated
further under vacuum and purified by reverse phase high-performance liquid chromatography
(HPLC) on an XTerra MS C18 2.5 µm 4.6 mm × 50 mm column (Waters, MA) to obtain the pure
extension product (retention time 29 min). Mobile phase: A, 8.6 mM triethylamine/100 mM
1,1,1,3,3,3-hexafluoro-2-propanol (HFIP) in water (pH 8.1); B, methanol. Elution was performed
at 40 °C with a 0.5 mL/min flow rate, and with an 88% A / 12% B to 65.5% A / 34.5% B linear
gradient for 90 min, then 100% B isocratic for another 20 min. The purified product was used in
the subsequent extension reaction.
Cleavage reactions were carried out by dissolving 100 pmol extension products in 10 µL
of 100 mM tris(2-carboxyethyl)phosphine (TCEP) solution (pH 9.0), and incubating at 65 °C for
25 min to remove the azidomethyl groups. Following dilution in 1 mL deionized H2O and
desalting in an Amicon Ultra-0.5 centrifugal filter unit with Ultracel-3 membrane (Millipore), a
2 µL aliquot was used to obtain the MALDI-TOF mass spectrum. Each cleavage product was
used as primer in the subsequent extension reaction. The mechanism of this cleavage reaction is
shown in Figure 2.2. The third and the fourth extensions were carried out in a similar manner by
using the previously extended and cleaved product as the primer. Four consecutive nucleotide
additions are shown in Figure 2.3.
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Figure 2.2: Mechanisms to cleave the 3’-O-azidomethyl group from the DNA extension products with
TCEP to regenerate the 3’-OH group [40].

Figure 2.3: Polymerase DNA extension reaction using 3’-O-N3-dATP, 3’-O-N3-dCTP, 3’-O-N3-GATP and
3’-O-N3-dTTP, as consecutive reversible terminators.
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2.2.3 SERS Detection of SBS Products
Raman spectra of the newly purified DNA extension and cleavage products were
acquired with a drop coating method, in which an aliquot was deposited and dried in ambient air
to obtain a uniform layer. A 3 μL aliquot of the 100 μM DNA extension products was deposited
onto a Klarite SERS-active substrate (Renishaw Diagnostics); similarly, 30 pmol of cleavage
products with 10 pmol spiked-in template were spotted. The added DNA was included for
compatibility with the extension products, and to more closely mimic a continuous extension and
cleavage reaction carried out on the same substrate.
2.2.4 SERS Measurement for Enhancement Factor Calculations
Test compound 2-azido-3-(benzyloxy)propanoic acid (MW = 221.08) containing an azido
(N3) moiety was synthesized by our chemistry group and was used in the enhancement factor
(EF) calculations as received without further purification (Figure 2.7). The crystal of this model
compound was dissolved in methanol to form a 100 mM solution, which was then stepwise
diluted to lower concentrations for SERS measurement. An aliquot was deposited onto SERS
substrates (Reinshaw, UK) using an accurate pipette, and then dried in ambient air to obtain
uniform molecular deposition. To calculate the enhancement on our SERS samples, a piece of
control substrate without Raman enhancement, which has 50 nm aluminum deposited on a flat
silicon wafer by thermal evaporation at 0.1 nm/s, was also processed in the same way described
above for the SERS samples as a reference. Once the suspension had completely dried, a set of
SERS and reference measurements (typically N = 10) were collected.
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2.2.5 Characterization of SERS Enhancement Factors
The SERS enhancements of the adsorbed samples were compared with the aluminum
reference substrate which is assumed to have no enhancement to Raman signal. In our work, the
analytical enhancement factor is defined as:

(2.1)

where ISERS is the SERS signal intensity; IRS is the Raman signal intensity of the aluminum
reference; cSERS is the analyte solution concentration on the SERS substrate and cRS is the analyte
concentration under non-SERS conditions. In the calculation of enhancement factors, ISERS and
IRS are measured as the maximum value of the azido group’s ~2125 cm-1 Raman peak fitted from
the baseline-removed Raman spectra using a fourth degree polynomial fit. In order to achieve
comparable Raman signal intensities on various samples, we used the same excitation powers
and exposure times on different SERS substrates and the reference measurements. Moreover,
analytes applied onto the SERS and the reference substrates had different concentrations, i.e.,
1 μM on all SERS substrates compared with 100 mM on reference substrates.
2.2.6 Description of SERS Substrates
Gold-coated Klarite SERS-active substrates were purchased from Renishaw Diagnostics.
The 6 mm × 10 mm chip (consisting of a 4 mm × 4 mm patterned region and an unpatterned Au
reference area) was adhered to a standard microscope slide (25 mm × 75 mm) at the foundry.
The active area contains an array of micro-scaled inverted pyramids with 1.5 μm well diameter, 2
μm pitch and 1 μm depth coated with a 20 nm chrome adhesion layer below a 400 μm gold layer
(Figure 2.4). Klarite slides were used only once and the storage container was opened just prior
to measurement to reduce possible surface contamination.
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Figure 2.4: (A) High-resolution 10.000× magnification scanning electron micrograph of commercial Aucoated, lithographically patterned substrate, Klarite. (B) Ultra high-resolution (20.000× magnification)
scanning electron micrograph taken at a 60° angle of incidence clearly showing the inverted pyramidal
motif utilized to fabricate the patterned substrate SERS-active region. (C) Zoomed in portion of a single
well to show surface roughness.

2.2.7 Instrumentation
All Raman/SERS spectra were recorded using a Jobin-Yvon LabRam ARAMIS Raman
microscope (Horiba, Japan) in a standard backscattering configuration with a 785 nm excitation
laser. The laser beam was focused onto the sample using a 50× long working-distance (NA =
0.5) dry objective (Nikon, Japan). All spectra in this work were obtained with an exposure time
of 10 sec, 5 accumulations per spot and at 34 mW laser power before the objective.
2.2.8 Analysis of Spectral Data
Due to potential non-uniformity of analyte deposition, a data set of N spectra (in this
work, typically N = 10) acquired at randomly selected regions on the same substrate was
obtained. Data are presented as background removed averages of such a data set. Spectra were
processed using the Savitzky-Golay fourth derivative method (window size of 25 data points),
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which can effectively reduce or eliminate possible false correlations resulting from a constant
offset or broadband background [106, 107].

2.3

Results

2.3.1 Nucleotide Quality Control
Before proceeding with the SBS experiment, we confirmed that the four 3’-Oazidomethyl-modified nucleotides generated appropriate Raman signals relative to the natural
nucleotides. These serve to mimic the nucleotides incorporated into the growing strand of DNA
before and after TCEP cleavage, respectively (see below). Indeed, the four 3’-O-N3-dNTPs
display enhanced Raman scattering at 2125 cm-1 on Klarite SERS substrates, while the natural
dNTPs produce only a background signal (Figure 2.5).

Figure 2.5: Raman signal of 3’-O-N3-dNTPs (N3-dNTPs) (red) and natural dNTPs (blue). In all 4 cases,
there is a 10 -fold signal increase at the expected Raman shift of 2125 cm due to the N3 group.
2

-1
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2.3.2 Raman Detection of Continuous DNA Sequencing on SERS
We conducted a successful demonstration of our SBS approach by the consecutive
incorporation, detection and cleavage of each of the four nucleotides bearing 3’-O-azidomethyl
blocking groups (N3) using a template and linear primer. The approach took advantage of a
template-primer combination in which the next four nucleotides to be added were A, C, G and T.
As shown in Figure 2.6 (middle), a 3’-O-azidomethyl modified complementary base could be
incorporated into a 13-mer primer annealing to a 51-mer DNA template. After removing all the
reaction components by HPLC, the appearance of a Raman spectral peak around 2125 cm-1
indicated the incorporation of 3’-O-N3-dNTPs into the DNA strand. Treatment with a 100 mM
TCEP (tris(2-carboxyethyl)phosphine) solution was able to remove the azidomethyl group and
regenerate the 3’-OH of the DNA primer, after which incorporation could be initiated for the
next cycle. The experiment was initiated with the 13-mer primer annealed to a DNA template.
When the first complementary base, 3’-O-N3-dATP, was used in the polymerase reaction
(Figure 2.6, middle), the Raman spectra of the extended DNA template clearly showed a Raman
shift at 2125 cm-1 which can be assigned to the azide stretch (Figure 2.6A, left); the expected
4329 Da extension product was confirmed by MALDI-TOF MS (Figure 2.6A, right). This is
strong evidence that the modified nucleotide was incorporated into the DNA primer. After TCEP
treatment to remove the azidomethyl group and HPLC purification, the Raman peak around 2125
cm-1 largely disappeared, and cleavage was confirmed by an MS peak at 4274 Da (Figure 2.6B).
The newly formed free 3’-OH containing primers were then used in a second polymerase cycle
where 3’-O-N3-dCTP was added. The Raman spectra again revealed a peak at 2125 cm-1, and
MS gave a 4621 Da peak, indicating incorporation of 3’-O-N3-dCTP in this cycle (Figure 2.6C);
disappearance of the Raman peak after TCEP treatment and an MS peak at 4566 Da proved the
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removal of the azidomethyl group (Figure 2.6D). Figure 2.6E showed the third incorporation of
3’-O-N3-dGTP into this 2 base-extended primer to resume the N3-dependent Raman signal and
the disappearance of this signal after TCEP cleavage is indicated in Figure 2.6F. Finally, 3’-ON3-dTTP was incorporated in the polymerase reaction in the fourth cycle, as shown in Figure
2.6G, indicated by the reappearance of the N3 Raman signal, and Figure 2.6H shows the
disappearance of this peak after azidomethyl group removal by TCEP. Again, appropriate masses
were obtained by MALDI-TOF MS for the 3rd and 4th incorporation and cleavage reactions.
2.3.3 Enhancement Factor Calculations
Through a systematic experimental study using various analyte dilutions and parameter
optimization of SERS measurements, we achieved an area-average SERS enhancement of
~8 ×105 over the entire SERS-active area for the azido compound as defined by Equation (2.1).
Figure 2.7 shows the averaged and background removed Raman peaks for the azido compound
for both Klarite (red) and aluminum reference (blue) substrates respectively. Note that the
solution concentrations deposited on Klarite and aluminum substrates differ from each other,
namely we deposited 3 μL aliquot solutions of 1 μM and 100 mM concentrations respectively.
Enhancement factor values obtained are almost the same as the company defined theoretical
maximum of ~106 for surface enhancement, thus showing promise for the feasibility of the
SERS-SBS approach.
We believe that the results presented here can be further improved by using a
nanoengineering approach to create novel SERS surfaces or plasmonic nanosystems optimized
for the azido peak (~2125 cm-1) enhancement in the near future. Indeed, such arrays have been
used for the biosensing experiments described in the next chapter. Utilizing nanoplasmonic
antenna arrays, one may obtain optimized and robust signal from > 100 molecules
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Figure 2.7: Experimental high enhancement factor for azido group (N3) chemical tag. (a) Typical
experimental Raman spectra of 1 μM solution coated on Klarite substrate and (b) the corresponding
reference Raman spectra of 100 mM solution coated on aluminum.

with minimum scatter. Also, background from the pump laser can possibly be reduced by using a
new type of crossed-bowtie structure in which one pair of triangles couples to the incident field,
while the other pair couples to the Raman scattered field in an orthogonal polarization. This
cross-polarized design could enable SERS without the need for a high-resolution spectrometer or
other spectral filters.
2.3.4 SERS Substrate Comparison Evaluating Signal Enhancement
2.3.4.1 SERS Measurement for Enhancement Factor Calculations
A highly Raman active compound, Rhodamine 800 (Rh800, MW = 495.95) containing a
cyano moiety (-C≡N) was acquired from Sigma-Aldrich (St. Louis, MO). This fluorescent dye
demonstrates a very strong Raman band centered in the region of 2200-2260 cm-1 due to the
coupling of the stretching vibration emanating from the triple bond with the aromatic ring
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structure vibrational modes. For this reason, Rh800 was chosen for direct comparison and
quantification of SERS performance for various nanostructured substrates, including colloidal
nanourchins and nanopillar arrays. This model compound was dissolved in methanol to form a
100 mM stock solution, which was then stepwise diluted to lower concentrations for SERS
measurement used in the enhancement factor calculations. To prepare the first SERS substrate,
colloidal nanourchins (5 µL) were mixed with of Rh800 solutions of various concentrations (5
µL) using a standard vortex mixer (Vortex Genie 2, Thermo Fisher Scientific, PA), drop coated
onto a clean silicon surface and then dried in ambient air. To prepare the second SERS substrate,
an aliquot of Rh800 analyte of various concentrations (5 µL) was directly deposited on a
nanopillar array using an accurate pipette, and then dried in ambient air to obtain a uniform
molecule deposition. To calculate the EFs on our SERS samples, we have used a flat silicon
wafer as control substrate without Raman enhancement. Once the deposition had completely
dried, a set of SERS and reference measurements (typically N = 10) were collected.
2.3.4.2 Characterization of SERS Enhancement Factors
The SERS enhancements of the adsorbed samples were compared with the silicon
reference substrate which is assumed to have no enhancement to Raman signal. The EFs were
calculated according to Equation (2.1) defined in Section 2.2.5. In these calculations, SERS
signal intensity (ISERS) and reference Raman signal intensity (IRS) were measured as the
maximum value of the cyano group’s ~2230 cm-1 Raman peak fitted from the baseline-removed
Raman spectra using a fourth degree polynomial fit. In order to achieve comparable Raman
signal intensities on various samples, we used the same excitation powers and exposure times on
different SERS substrates and the reference measurements. Analyte applied onto the SERS and
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the reference substrates have different concentrations, i.e., 1 nM on all SERS substrates
compared with 10 mM on reference substrates.
2.3.4.3 Description of SERS Substrates
The first SERS substrate (“MIT nanourchins”) was created using a successive
microfluidic approach to generate noble metal-decorated nanoparticles that are assembled into
microparticles (“supraballs”) by Seung-Kon Lee and Klavs F. Jensen, Massachusetts Institute of
Technology (MIT) collaborators [108]. Briefly, using a silicon microreactor, gold nanoparticles
were grown and immobilized uniformly onto iron oxide/silica core–shell nanospheres. Then, in a
seed-mediated fashion using gold reducing conditions, the gold nanoparticles were grown into
nanowires or nanourchins (Figure 2.8A). These nanourchins are mixed with analyte molecules
and plated onto silicon surfaces to obtain a two-dimensional (2D) SERS substrate (Figure 2.8B).
At this stage, the Au-decorated silica nanospheres (AMS-NPs) mixed with Raman active analyte
molecules can be assembled into uniform, spherical, micron-sized particles by using a
microfluidic emulsion droplet generator to obtain a three-dimensional (3D) SERS spherical
substrate (Figure 2.8C). This later approach was also evaluated with various concentrations of
Rh800 solutions (data not shown), but SERS measurements were not as consistent as in the case
of the 2D substrate. Thus, the 2D configuration was used in SERS measurements using the “MIT
nanourchins” as substrates.
The second nanostructured SERS substrate (“DTU nanopillars”) was fabricated on an
undoped polished <100> silicon wafer surface with free standing vertical silicon pillars of ~150
nm width, ~850 height and ~350 head length (Figure 2.9A) and supplied by Filippo Giacomo
Bosco, Tomas Rindzevicius, Michael Stenbæk Schmidt and Anja Boisen, collaborators at the
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Figure 2.8: Schematic illustration of the use of multiple microfluidic systems in the synthesis and selfassembly of “MIT nanourchin” SERS substrates. a) Continuous synthesis of Au-decorated magnetic silica
nanoparticles (AMS-NPs) starting from silica nanospheres with iron oxide cores in a silicon microreactor
forming nanourchins. b) Generation of 2D planar substrate containing mixture of AMS-NPs and Raman
active analyte (red particles). (c) Self-assembly of AMS-NPs NPs and Raman active analyte to form AMSsupraballs to form a 3D spherical SERS substrate (right) by employing emulsions produced by a
microfluidic drop generator (left). Urchin dimensions: diameter D = 80 nm; nanowire length L = 15-30 nm,
and thickness T = 5 nm. Figure modified from [108].

Technical University of Denmark (DTU). Subsequently, the wafer was diced into about 10 mm ×
10 mm squares to form the active SERS surface. To maximize SERS signal, high-density
nanopillars (~20 pillars / µm2) (Figure 2.9B-C) were formed using a reactive ion etching (RIE)
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method without any lithographic steps as described in a previous publication [109]. Finally, a
thin gold layer (~30 nm) was deposited on the heads of the nanopillars by electron beam
evaporation to match the plasmon resonant frequency with the laser excitation wavelength (633
nm). As can be seen in Figure 2.9A, the metal deposition on the pillar heads resulted in ovalshaped gold clusters with the approximate geometry of an ellipsoid. This substrate will be
described in much greater detail in Chapter 3 and 4.
2.3.4.4 Enhancement Factor Calculations
For direct comparison of the SERS performance of the “MIT nanourchins” and the “DTU
nanopillars”, the enhancement factor was calculated using Equation (2.1) with all critical SERS
and reference Raman intensities, as well as corresponding concentration values of Rh800
dilutions, shown in Table 2.1. As tabulated below (Table 2.1), we achieved an area-average
SERS enhancement of ~3 × 106 and ~2 × 107 over the entire SERS-active area utilizing the 1 nM
cyano compound for the 2D nanourchin substrate and nanopillar arrays respectively. Figure 2.10
shows the averaged and background removed SERS peaks for the Rh800 compound for both
nanourchin (blue) and nanopillar (red) substrates, demonstrating the superior sensitivity of the
nanopillars even at low molecular concentrations (1 nM). SERS intensity values were also
plotted as a function of Rh800 concentration in Figure 2.11, which demonstrates large signal
intensities for both substrates at higher concentrations (>10 µM) due to the bulk Raman effect,
an exponential decay in the mid-concentration level (10 µM – 100 nM) and an effective signal
increase in the nanomolar concentration regime due to the optimized SERS features. We have
also calculated the number of probed molecules during each SERS acquisition using the
following equation:
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Figure 2.9: Scanning electron microscope (SEM) images of gold coated, high-density nanopillar arrays
structured on a silicon wafer. (a) The pillars are vertically oriented and are spaced by 50-100 nm gaps.
The pillar height (L1), thickness (L3) and head length (L2) are 850, 150 and 350 nm respectively. (b) Top
and (c) side view of the nanopillar array, demonstrating high density and fabrication reproducibility. SEM
images kindly provided by Filippo Giacomo Bosco of DTU.
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Table 2.1: Comparison of experimentally obtained SERS intensity enhancement values for the two SERS
substrates along with reference substrate information. Estimate valued of number of probed molecules
are also shown. Every experimental entry is the average of at least 10 independent measurements.

SERS
ISERS (cnt)

Concentration

Enhancement

Number of

Factor

Probed Molecules

Raman Tag

Substrates
MIT
174

1 nM

Cyano (-C≡N)

3 × 106

2 × 104

1553

1 nM

Cyano (-C≡N)

2 × 107

3 × 103

703

10 mM

Cyano (-C≡N)

-

2 × 1011

Nanourchins
DTU
Nanopillars
Silicon wafer

(2.2)

where c is the analyte (Rh800) concentration; Vanalyte is the analyte volume (5 µL) either mixed
with the nanourchins or drop coated onto the nanopillar substrate; ASERS is the total SERS
substrate area used to deposit the analyte; NA is Avogadro’s number to obtain the number of
molecules per unit area,

and Alaser is the probed substrate area from

which the measurement is acquired (or laser spot size). In the calculation of probed molecules,
we assumed uniform molecular deposition onto the surfaces of the SERS substrates, and
estimated the laser spot size to be 1 µm2 based on theoretical approximation (D = 1.22 λ / NA),
where D is the laser spot diameter, λ is the wavelength of the laser and NA is the numerical
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Figure 2.10: SERS spectra of 1 nM Rhodamine 800 (Rh800) molecules containing cyano tag to
demonstrate signal enhancement on various substrates. Averaged and background removed SERS
peaks of the Rh800 compound for both nanourchin (blue) and nanopillar (red) substrates are shown,
demonstrating the superior sensitivity of the “DTU nanopillars”.

aperture of the microscope objective being used. As one can see in Table 2.1, the number of
detected molecules by SERS using these optimized substrates is in the 103-104 range.
In summary, compared to maximum EF values (~106) of the commercially available and
often used as benchmark SERS substrate, Klarite, we have obtained an order of magnitude
higher surface enhancement using the nanopillar substrate. We hypothesize, that the large signal
enhancement with leaning nanopillars, compared to “MIT nanourchins” or Klarite, is potentially
due to the abundance of hotspots per µm2, i.e, higher hotspot density. We also believe that the
nanopillars upon leaning generate favorable nanojunction sizes (< 10 nm) due to their highly

43

Figure 2.11: SERS intensity values as a function of Rh800 concentration comparing the “MIT
nanourchin” and “DTU nanopillar” SERS substrate. Both curves demonstrate large signal intensities at
higher concentrations (> 10 µM) due to the bulk Raman effect, an exponential decay in the midconcentration level (10 µM ~ 100 nM) and an effective a signal increase in the nanomolar concentration
regime due to the optimized SERS features.

reproducible geometry by an optimized nanofabrication technique [109]. Also, measurements
probing a large collection of SERS signals, using uniform noble metal-decorated nanostructured
substrates, are more reproducible than the ones carried out in colloidal solution in general. This
suggests, that with further optimization of signal enhancing substrates, Raman tag selection and
better tag positioning into the nanojunctions the SERS-SBS approach may be feasible and even
approaching the single molecule detection limit as demonstrated by the probed molecule
calculations (and Chapter 4 results).
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2.4

Conclusions
In this chapter, we have demonstrated the results of DNA sequencing by synthesis using

surface-enhanced Raman spectroscopy. The azidomethyl group at the 3’-OH position of the
nucleotides can temporarily terminate the polymerase reaction after it is incorporated and
treatment with TCEP can efficiently remove the azidomethyl group from the 3’-OH. At the same
time, the uniqueness of the azide peak in Raman spectra makes it an excellent reporter group
during SBS. Once the complementary base was incorporated into the DNA strand, a Raman peak
appeared around 2125 cm-1, otherwise, this portion of the spectrum was at background level.
This method of DNA sequencing is based on minor nucleotide modifications on natural
nucleotides. The nucleobases are intact and the DNA template retains its natural form as it’s
elongated during sequencing by synthesis, therefore, a longer readlength would be expected.
The high spectral quality and reproducibility of the DNA extension product spectra,
which is clearly distinguishable from the Raman spectra of the cleavage product, suggests the
possibility of developing a robust, solid-state platform for measuring SERS signals resulting
from the polymerase extension of specific oligonucleotides in SBS reactions. In addition, we
obtained an order of magnitude higher surface enhancement for the azido moiety using the
nanopillar substrate than the commercial benchmark, Klarite. This suggests that with further
optimization of nanofabrication techniques producing highly and uniformly enhancing
substrates; Raman tag selection and their positioning into the nanogaps, the SERS-SBS approach
may be feasible for SM detection.
In conclusion, SERS-SBS is a unique approach that to our knowledge has not been tested
for DNA sequencing outside of our laboratory. There are several innovative aspects all
accomplished by the use of 3'-O-N3-NRTs in this sequencing strategy: (1) a ready mode of
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detection available in the SERS technique; (2) a means of overcoming errors, particularly in
reading through homopolymer stretches, thanks to the presence of the reversible terminating
group; (3) the elimination of the problem of fluorescence background; (4) increased processivity
of the enzyme reaction thanks to the absence of any modifications on the previously incorporated
nucleotides; (5) relatively low cost of synthesis compared to fluorescently tagged nucleotides;
and (6) ease of removal of the azidomethyl moiety with established and DNA-compatible
chemistry (TCEP cleavage of the azidomethyl group restores the -OH) . This concept can initiate
further explorations on the sensitivity of SERS in detecting the azide group and the use of
improved Raman instrumentation for DNA sequencing, as well as the application of some other
detection technologies in DNA sequencing, such as coherent anti-Stokes Raman spectroscopy
and sum frequency generation combined with plasmonic modeling, advanced nanofabrication,
selective biochemical surface functionalization and photophysical analysis.
2.4.1 Surface-Bound SBS Reactions with SERS Detection
Future work may involve the evaluation of surface-bound SERS detection of continuous
DNA sequencing similar to experiments described in Section 2.3.2. To accomplish this, thiolated
synthetic templates and polymerase chain reaction (PCR) products would be attached to noble
metal (SERS) surfaces via Au-thiol bonds, and hybridized with primers. Then, single-base
extension reactions would be conducted with each of the four 3'-O-N3- NRTs, adding them one
by one. In this way, the incorporation specificity would be measured by virtue of the Raman
signal. After cleavage and re-recording of the Raman spectrum, a second and third cycle of SBS
would be carried out. Templates would be designed to include 2 of each base in a row, as a way
of confirming that the NRTs are completely terminating the reactions. Lagging reactions due to
incomplete removal of the azidomethyl groups would be also accounted for.
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A major advantage of the SERS-SBS approach is its high sensitivity and simplicity. The
dilution of samples to the limit of adequate and consistent signal capture permits evaluation of
the method for important biological applications. For instance, this may permit direct mRNA
sequencing, avoiding the biases inherent in cDNA synthesis and amplification in digital
transcriptome analysis (RNA-Seq). A strong Raman signal is obtained with SERS for individual
NRTs, NRTs that are part of DNA chains, and in surface-bound SBS reactions with these NRTs.
In this method, the nucleotides need to be added one by one, because the same signal is obtained
for each of these molecules.
2.4.2 Four Distinct SERS Signatures for SERS-SBS
The experiments presented in this chapter require the addition of each nucleotide, one by
one, similar to the pyrosequencing approach but without homopolymer issues. As a future
outlook of this application, we propose the use of a set of four tags with distinct Raman
signatures to allow addition of all the nucleotides at once.
Previously, four model compounds were selected with four different Raman tags (-N3,
-C≡N, -C≡CH, and -C≡C-CH3) to evaluate the potential of the Raman detection with SBS
(Figure 2.12). As seen in the preliminary results, appropriate fairly sharp Raman peaks with
each of these compounds were obtained (Figure 2.13). The azido peak appears at 2105 cm-1, the
alkyne peak at 2138 cm-1, the methyl-substituted alkyne peak at 2249 cm-1, and the cyano peak at
2259 cm-1. Importantly, in compounds with two different tags and in compound mixtures, all the
expected peaks appear and at near equal stoichiometry at the appropriate wavenumber, where
DNA and protein have no Raman peaks (Figure 2.13D). In addition, we have demonstrated
surface enhancement with the azido group as well as with a methyl-substituted alkyne and a
cyano group in two additional model compounds. As shown in Figure 2.14A, the former
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Figure 2.12: Chemical structures of the four model compounds with four different Raman tags. In order
of clockwise direction: 2-azido-3-(benzyloxy)propanoic acid (MW = 221.08) with azido moiety; pent-3-ynyl
2-azido-3-(benzyloxy)propanoate (MW = 287.31) with azido and methyl-substituted alkyne moieties; but3-ynyl 2-azido-3-(benzyloxy)propanoate (MW = 273.11) with azido and alkyne moieties; and 2-cyanoethyl
2-azido-3-(benzyloxy)propanoate (MW = 274.11) with azido and cyano moieties.

compound produces a unique SERS peak at 2249 cm-1, and produces approximately the same
enhancement for the azido and methyl-alkyne peaks on the commercially available Klarite
surfaces. Similarly, as demonstrated in Figure 2.14B, 3-hydroxypropionitrile containing a –C≡N
group, shows a unique and strong SERS signal at 2259 cm-1. Potentially, one may test additional
compounds with unsubsituted alkynes or alternatively placed alkyne groups for their ability to
produce unique SERS spectra. The distinct SERS signals measured on the gold structured Klarite
surfaces for these groups provide support that an optimized SERS substrate may lead to the
opportunity to conduct massively parallel SBS with Raman tags using relatively low numbers of
templates and reagents.
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Figure 2.13: Raman spectra of four chemical tags in the spectral range of 2000-2300 cm , where DNA
and protein have no Raman peaks. The four tags (-N3, -CN, -CC-H, and –CC-CH3) with strong Raman
peaks at (a) 2105 cm

-1

(-N3), (b) 2138 cm

-1

(-CCH), (e) 2249 cm

-1

(–CC-CH3), and (c) 2259 cm

-1

(-CN), respectively, may be used to label A, C, G, and T to develop the “4-color” Raman SBS technique.
In (b) compounds with two different tags and in (d) compound mixtures, all the expected peaks appear at
appropriate wavenumbers.
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Figure 2.14: Raman spectra of tags with distinct Raman signatures to develop "multi-color" Raman SBS.
(a) Strong SERS spectra of model compounds pent-3-ynyl 2-azido-3-(benzyloxy)propanoate containing
-1

both an azido (-N3) and methyl-substituted alkyne (-C≡C-CH3) moiety with Raman shifts of 2130 cm and
-1

-1

2249 cm respectively; (b) and 3-hydroxypropionitrile containing a cyano (-C≡N) group only at 2259 cm .
(c-d) Chemical structures are shown for both cases with the chemical moieties that give rise to Raman
signatures circled.

2.4.3 SERS-SBS with Four Distinct SERS Signatures
To overcome the major limitation of the approach described in Section 2.4.1, i.e., the
need to add each of the NRTs, one by one, due to their identical Raman peak, three additional
nucleotides may be synthesized with distinct Raman signatures; thus providing a set of four
unique Raman tags, one for each of the four bases of DNA. There are two options. First, in the
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simplest and most elegant design, the molecules would be generated by attaching chemical
groups with distinct SERS signatures directly to the 3'-OH group. In this way, they would serve
at the same time as reversible termination groups and Raman tags. Each would contain the azido
peak at 2105 cm-1, but in addition they would display bands in the range of 2150-2250 cm-1
depending on the additional groups included (cyano, alkyne, etc.). Most 3'-OH modifications in
this size range are well accepted by the mutant polymerases used for SBS with 3'-O-N3-NRTs.
Efficient cleavage of the blocking groups and their associated tags would be accomplished with
aqueous TCEP. Second, the new Raman signaling groups can be attached to the base via an
azidomethyl or other cleavable group that does not leave a chemical modification after cleavage.
In this variation, it is preferred to have a separate reversible blocking group on the 3'-OH. If
necessary, a combination of both approaches can be utilized to achieve the desired set of four
distinct Raman signatures as illustrated in Figure 2.15A.
After obtaining these NRTs with distinct Raman tags, SBE reactions and cleavage in
solution would be carried out, and aliquots of the reaction mixture would be adsorbed after
incorporation and after cleavage to SERS-prepared surfaces for recording Raman spectra in the
same way as described in Section 2.4.1. However, in this case, all four NRTs can be added at the
same time, as indicated in Figure 2.15B, since the unique signature of each indicates the
appropriate incorporation. Au-thiol attachment of thiolated synthetic templates to noble SERS
surfaces, and hybridization of primers would permit single-base extension reactions, with all four
3’-O-N3-NRTs. After cleavage and re-recording of the Raman spectrum, a second and third cycle
of SBS would be performed. Test templates would include two of each base in a row, as a way of
confirming that the NRTs are completely terminating the reactions. Extensive cycles of SBS
could be performed with SERS detection at this point. DNA sample dilution would be performed
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Figure 2.15: Alternative NRTs with distinct Raman tags and their proposed SERS-SBS scheme. (a)
Raman tags are placed either on the base via NH2 groups on A and C, or at the 3’-OH of the sugar for G
and T. In the case of the A and C analogs at the top of the figure, treatment with TCEP will remove both
the substitution on the base and at the 3’-OH position at the same time, resulting in restoration of intact
dATP and dCTP. (b) Overall design of SERS-SBS for four mixed nucleotides with four different Raman
signatures. A specific NRT complementary to the next base in the surface-bound template added by
polymerase to the hybridized primer is decoded via its Raman signature. After cleavage of the 3’-O-tag by
TCEP, the next cycle can ensue. Note that all 4 NRTs will have an azido peak, but in addition three of the
NRTs will have a second discriminating peak. For potential Raman signatures see Figure 2.13.
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to quantify ultra-high sensitivity detection limits. Subsequently, bridge PCR would be used to
amplify a known DNA template on the SERS surface directly and the 4-color Raman NRTs
added to test the read length and performance of the SERS-SBS system. The successful
completion of this process will lay a solid foundation for the development of a routine SERSSBS system.
2.4.4 Plasmonic Nanoantenna Arrays for SERS-SBS
In order to realize practical applications of the SERS-SBS platform carrying out
sequencing reactions using the four distinct SERS tags as base calling signatures (detailed in
Section 2.4.2-3), one may wish to optimize the SERS substrate for maximal signal enhancement,
which may potentially lead to the development of a real-time, single molecule detection
sequencing platform similar to current nanopore devices. In recent years, there have been several
reports of significant Raman signal enhancement at the single molecule level due to plasmonic
coupling to nearby nanostructures [9, 11, 17, 95, 96, 100]. These approaches had limited control
over the nanostructure geometry and no control over the location of the analyte molecule relative
to the plasmonic hot spots. More recent approaches have produced regularly ordered periodic
particle arrays for generating promising SERS sensors [13]. They achieved impressively high
area-average SERS enhancement and good large-area uniformity; this approach can be even
more powerful if one could have more precise control over metallic nanostructure geometries.
A more controlled approach to localized plasmonic enhancement uses bowtie
nanoantennae [110-112]. Nanoantennae can enhance room-temperature fluorescence emission
from a single molecule > 1000 times more than molecules not coupled to the bowtie. This
coupled bowtie nanoantennae-molecule system forms an efficient interface between far-field
optics and molecular excited state and plasmonic excitations (Figure 2.16A-B). Utilizing this
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Figure 2.16: (a) Concept for nanoantennae-enhanced SERS: the plasmonic cavity increases the optical
field excitation by more than 100 times, while enhancing the scattering rate by nearly an order of
magnitude. (b) SEM of sub-10 nm gap made by e-beam lithography at Columbia University (Shalom Wind
group). (c) Ab initio finite-difference time-domain simulations evaluating localized surface plasmon
intensity (LSPI) and nanoantenna gap relationship (Chee Wei Wong group). At nanoantennae gap g =
100 nm, a 100-fold LSPI increase can be observed. LSPI intensity is concentrated at and between the
tips of the antennas, and are denoted with red color in the insets for the three evaluated gap distances, g
= 100, 200 and 600 nm. (a), (b) provided by S. Wind and (c) by C.W. Wong.

bowtie nanoantenna design, one may realize a robust, solid-state platform for measuring the
SERS signal resulting from the polymerase extension of specific oligonucleotides in SBS
reactions as well as other biological studies. The potential platform would integrate
nanoplasmonic bowtie antennae together with site specific biomolecular interactions to yield
reproducible and optimal signal enhancement.
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To determine the optimal nanoantenna design, a variety of issues has to be addressed,
including the deterministic molecular (ternary complex) positioning, to fully understand the
position dependence of surface-enhanced Raman scattering in the vicinity of the bowtie gap. To
address this issue, ab initio finite-difference time-domain simulations were carried out in the
Wong group at Columbia University (unpublished) to evaluate the relationship between
nanoantenna gap spacing (g) and local intensity enhancement (ε|E|2), which showed that
localized surface plasmon intensity may be enhanced 100-fold with 1 nm precision (Figure
2.16C). Thus, to gain maximum Raman signals during SERS-SBS, bowtie resonator designs
must be optimized with resonances in the red, corresponding to the NRTs.
By combining

advanced

nanofabrication

with

selective

biomolecular

surface

functionalization, one could create functional surfaces with control to the single-molecule level
[113-115]. Arrays of bowtie nanoantenna with gap sizes ranging from 10-50 nm would be
fabricated with established lithographic methods [111, 116]. The surface would be selectively
functionalized within the gap to control primer concentration and thus the number of SBS
reactions within each gap. Since this potential design may be subject to the "moving target"
problem, the situation where the Raman active NRTs extend beyond the optimal enhancement
field as the hybridizing strand elongates, one can monitor the SERS signal as a function of strand
length. If the signal decays significantly, we would modify the surface functionalization to
immobilize polymerase molecules within the bowtie gap using a process developed for
controlling the placement of individual peptides and proteins on nanolithographically patterned
nanodots with dimensions as small as 4 nm or less [113, 117]. A single nanodot (or nanodot
cluster) would be lithographically patterned within the bowtie gap. Then the DNA polymerase
would be bound to the nanodot using an amine-based linkage. This functionalization scheme
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would fix the hybridization site to within the optimal enhancement zone of the bowtie antenna,
independent of the length of the DNA. Another technique to reliably place a single primer (or
DNA polymerase) molecule within a plasmonic hotspot with reliable control over all dimensions
may be used to achieve single-molecule probing utilizing DNA origami [118]. Using
nanoimprint lithography [119], this method can place objects as close as 2 nm apart [120].
Therefore, the construction of arrays of origami scaffolds upon which Au and Ag
nanoparticles and nanorods are placed at specified binding sites a few nanometers apart and the
positioning of primer molecules between them is possible. This platform could provide a reliable
measure of SERS enhancement at the single molecule level.
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Chapter 3.

Surface-Enhanced Raman Spectroscopy Based

Ultrasensitive Biomolecular Quantification Using LargeArea Raman Mapping
Surface-enhanced Raman spectroscopy (SERS) has been widely used in a variety of
biological applications due to its high sensitivity and specificity. Here, we report a novel
biosensing approach for reliable quantification of biomolecules using SERS, which may
potentially serve as a robust detection platform required for the high-throughput realization of
the DNA sequencing technique (SERS-SBS) described in Chapter 2. In this system, aptamerfunctionalized gold-coated silicon nanopillars are utilized to specifically capture target molecules
bearing Raman tags. SERS signals emanating from these tags are monitored via spatially
mapping the nanostructured substrate area, where an ensemble of vibrational spectra is collected.
We show highly reproducible concentration-dependent SERS responses in the picomolar
concentration regime by integrating signal intensities over the scanning area. Our mapping
approach significantly improves statistical reproducibility and accounts for spot-to-spot variation
in conventional SERS quantification. Lastly, we have developed an analytical model capable of
predicting experimental intensity distributions on the SERS substrates for reliable quantification
of biomolecules. Combining our SERS mapping analysis with a state-of-the-art aptamer
functionalized nanopillar substrate is found to be extremely efficient for detection of lowabundance biomolecules, which opens up the potential for single molecule detection by SERSSBS. The work presented in this chapter has resulted in a journal publication [121]; and under
the United States Patent and Trademark Office (USPTO), provisional patent US 61,813,060.
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3.1 Introduction
In many biological assays, the ability to quantify disease biomarkers is essential for early
clinical diagnostics and therapeutics. A variety of optical biosensing technologies, based on
principles such as fluorescence [122] and surface plasmon resonance [123], have been attempted
for rapid and efficient quantitative analysis, but have limitations in sensitivity and molecular size
requirements. SERS-based sensing, leveraging ultra-high sensitivity, has been used for detection
of biomolecules such as peptides [124] and DNA [125], but is still limited by poor signal
reproducibility and non-uniform intensity distributions [126-128].
To overcome the aforementioned challenges in SERS-based biomolecular quantification,
we report here a new approach using large area mapping of Raman signals on a SERS-active
substrate densely packed with aptamer-functionalized nanopillars. Aptamers, short singlestranded oligonucleotides, are used to capture target molecules by specifically binding to them.
Simple and fine-tuned nanofabrication processes ensure reproducible production of such
substrates, as demonstrated in previous work by our collaborators [109]. The highly uniform
distribution of the nanostructure over a substrate minimizes variation within the scanning area on
which the Raman mapping is performed. Lastly, large area Raman mapping is used to provide
statistical reliability and reproducibility of signal intensity quantification by adjusting spot-tospot intensity fluctuations typically occurring with low-abundance molecules.
In this work, TAMRA (5-carboxytetramethylrhodamine) labeled vasopressin (TVP) is
used as an analyte for the purpose of biomolecular quantification. Vasopressin, which controls
water retention in the kidneys and vasoconstriction, is a peptide hormone composed of 9 amino
acids. Plasma levels of vasopressin normally range from 0 to 10 pM, but in response to decrease
in blood volume and low arterial pressure following a hemorrhage, its concentration markedly
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increases to over 300 pM during the initial acute phase. Thus, rapid and continuous monitoring
of vasopressin levels can be a life-saving technology.
Figure 3.1 illustrates the basic principle underlying SERS generation by aptamerfunctionalized nanopillars. Gold coated silicon nanopillar structures were fabricated by maskless
reactive ion etching of silicon wafers followed by electron beam evaporation for gold deposition
(Figure 3.1A) [109]. The gold surfaces on the nanopillars were functionalized with thiolated
vasopressin-specific aptamers to selectively capture vasopressin molecules. Vasopressin-specific
aptamers were immobilized onto the gold surfaces of the nanopillars and used to bind
vasopressin molecules. The aptamer-functionalized nanopillar substrate was incubated with a
TVP sample solution at 37 °C, the optimal temperature for aptamer-vasopressin binding [129]
(Figure 3.1B). After sequential washing steps using buffer solution and water to remove nonspecifically bound molecules, the wetted substrate was then allowed to dry (Figure 3.1C). Due
to the surface tension between pillars during liquid evaporation [130], the nanopillars lean
towards each other, forming micron-sized clusters and inducing near-field coupling effects
between electronic excitations on gold surfaces of nanopillars referred to as localized surface
plasmons (LSPs). In small metallic junctions (less than 10 nm) between adjacent nanostructures,
the coupling effect of LSPs produces even larger plasmonic fields, so-called hotspots [127, 131133]. Raman scattering of the incident light from molecules located in these regions are greatly
enhanced by additional high order LSP modes. Since the inter-pillar distances after liquid
evaporation are clearly less than 10 nm (Figure 3.1C), vasopressin molecules trapped within
these clusters exhibit a pronounced Raman scattering signal from TAMRA tags even with a
small number of molecules.
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Figure 3.1: Schematics of the functionalized leaning nanopillar detection method. (a) Highly packed gold
coated nanopillars are structured on a silicon wafer. Before exposure to the analyte, pillars are vertically
oriented and are spaced by 50-100 nm gaps. (b) After aptamers are immobilized on the nanopillars (via
Au-thiol covalent bonding) and a TVP sample is introduced, the analyte binds to the aptamers. (c)
Scanning electron microscope (SEM) image of leaning nanopillars after the evaporation of liquid (side
view). The analyte trapped within the leaning region exhibits a strong Raman enhancement effect due to
the highly localized plasmonic field around the contact areas. When the vasopressin is trapped by an
aptamer within a hotspot as shown in the right panel, the TAMRA Raman signal is highly enhanced. The
inset shows a high-magnification SEM image displaying one of the pillar clusters, revealing spaces of less
than 10 nm between pillar heads (top view).
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In the previous study [109], our collaborators demonstrated that as the pillar density
increases, the SERS signal increases in an exponential fashion. Thus, in this work, we have used
substrates with the highest obtainable pillar density (~20 pillars / µm2) to maximize the SERS
signal. Also, an electron beam evaporation process was developed to coat the silicon pillars with
gold, such that the metallization thickness (~30 nm) was optimized for a laser excitation
wavelength of 633 nm. As can be seen in Figure 3.1A and 3.1C, the metal deposition on the
pillar heads resulted in oval-shaped gold clusters, which can be approximated as ellipsoids or
spheres for the purpose of electromagnetic modeling.
A large area (101 µm × 33 µm) of the substrate was scanned with a 1 µm step size to
collect Raman spectra from each pixel (1 µm × 1 µm). Recorded signals over the area were then
displayed as heat maps rendering intensities by degrees of color. Mapping measurements were
performed 3 times at each concentration. Our experimental data were represented as intensity
histograms to develop a theoretical model capable of predicting experimental intensity
distributions on the SERS substrates for reliable quantification of biomolecules. In summary, our
large area Raman mapping approach on a substrate incorporating uniformly distributed
nanopillars improves statistical reliability and reproducibility of SERS intensity quantification,
which shows the potential for biomolecular quantification in complex samples.

3.2

Materials and Methods

3.2.1 Experimental Protocol
Gold coated nanopillars were functionalized with thiolated vasopressin-specific aptamers
as described in Yang et al. (see Materials and Methods) [121]. Then aptamer-TVP binding was
performed at the optimal binding conditions (37°C). TVP samples in the concentration range of 1
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pM to 100 pM were used. Next, to remove unspecifically bound molecules, the functionalized
substrates were incubated in vasopressin buffer solutions at 37 °C for 15 min. Finally, the
substrates were rinsed several times with deionized water to prevent salt aggregation on the dried
substrates.
3.2.2 Raman Mapping Measurements and Mapping
SERS measurements were performed under the 632.8 nm excitation line of a He−Ne laser
on an inVia Raman microscope (Renishaw, UK) in a standard backscattering configuration. The
Raman signal was collected through a confocal pinhole of 25 μm diameter by using a 0.75 NA
dry objective of 50× magnification (Leica Microsystems, Germany). A computer controlled XY
translation stage was used to acquire a total of 3333 SERS spectra within the scan area of 101 μm
× 33 μm divided into an acquisition grid by 1 μm step size in both dimensions. All spectra in this
work were obtained with an exposure time of 1 sec and at 0.3 mW laser power before the
objective. The SERS intensity maps of each major TAMRA vibration mode (1370 cm-1 and
1510 cm-1) were derived using the signal-to-baseline map generation algorithm of the WiRE 3.2
software (Renishaw, UK) for spectral ranges of 1350-1390 cm-1 and 1490-1530 cm-1.
3.2.3 Manual Instrumentation
All manually collected SERS spectra were recorded using a Jobin-Yvon LabRam
ARAMIS Raman microscope (Horiba, Japan) in a standard backscattering configuration with a
633 nm excitation laser. The laser beam was focused onto the sample using a 50× long workingdistance (NA = 0.5) dry objective (Nikon, Japan). All manual spectra in this work were obtained
with an exposure time of 1 s and at 0.3 laser power before the objective.

62
3.2.4 Analysis of Manual Spectral Data
A data set of N spectra (in this work, typically N = 10) acquired at randomly selected
regions on the same substrate was obtained. Data are presented as background removed averages
of such a data set. Spectra were processed using the Savitzky-Golay fourth derivative method
(window size of 25 data points), which can effectively reduce or eliminate possible false
correlations resulting from a constant offset or broadband background [106, 107].

3.3

Results and Discussion

3.3.1 Signal Enhancement via SERS
We first investigated the ability to use Raman mapping to obtain enhanced SERS signals
from substrates even at low analyte concentrations using manual data collection (see Materials
and Methods for instrumentation). Two substrates were prepared at high (10 µM) and low (10
nM) TVP concentrations, while a third one was left blank for background measurement. As
illustrated in Figure 3.2, the Raman spectrum from the substrates reacted with 10 nM TVP (blue
trace) displays five candidate peaks for diagnostics. Two peaks at 1450 cm-1 and 1533 cm-1 can
be assigned to the synergistic vibrational effects of the xanthene ring and dimethylamino group
motions, with the peak observed at 1651 cm-1 due to the symmetric in-place C-H bend of the
xanthene ring only. The two most dominant TAMRA peaks at 1370 cm-1 and 1510 cm-1, the
stretching vibrations of the xanthene ring moiety of the molecule [126, 134-136], were chosen as
diagnostic peaks in all further analysis since they showed the most consistent electromagnetic
enhancement during the mapping experiments. As expected, no significant peaks were observed
for the background measurement (red trace). On the other hand, due to the SERS enhancement in
the hotspot, the peak intensities for the low TVP concentration (blue trace) were significantly
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Figure 3.2: Characteristic Raman spectra acquired for TAMRA-labeled vasopressin (TVP) on golddecorated nanopillars. At very high concentrations (10 μM TVP, green trace) the bulk Raman effect
dominates, since the pillars are covered with analyte molecules suppressing hotspot formation. At low
concentrations (10 nM TVP, blue trace) the signal intensity greatly increases due to the SERS effects. No
significant peaks are observed for the blank substrate (red trace). Five possible diagnostic peaks
-1

-1

including the two most dominant TAMRA Raman peaks (1370 cm and 1510 cm ) were observed during
experiments.

higher than those for the high concentration (green trace). We hypothesize that at micromolar
concentrations the SERS effect is hindered by a thick layer of analyte molecules formed on top
of the pillars. Possibly, the measured signal at 10 µM results from bulk Raman scattering rather
than SERS in the case of the 10 nM TVP sample.
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3.3.2 Molecular Quantification in the Picomolar Range
Next, several experiments were run to evaluate the ability of mapping analysis to quantify
low-abundance molecules on the functionalized substrates. Approximately 10,000 spectra from
extensive areas of three independent substrates were collected using point-by-point Raman
mapping (see Materials and Methods for instrumentation) at each concentration, recording the
SERS responses from TVP molecules bound to aptamers on the gold coated nanopillars. The
intensities of the characteristic TAMRA vibrational peaks (1370 cm-1 and 1510 cm-1) were
extracted independently and their spatial dependencies (Raman maps) were displayed in the
format of pixel-based images at various TVP concentrations (Figure 3.3). For each
measurement, all positive intensities were ranked and the hotspots were defined as the top 20%
among such a set of measurements. This percentage threshold was chosen based on the Pareto
principle [137, 138]. Our experimental results showed that with higher analyte concentration,
more abundant and brighter hotspots were detected for both frequency peaks, visually
represented as heat maps (Figures 3.3A-B) and graphically as histograms (Figures 3.3C-D).
3.3.3 Repeatability of Raman Mapping Measurements
In order to determine the consistency and/or repeatability of SERS mapping
measurements for individual substrates with the same functionalization/treatment conditions, the
Kolmogorov-Smirnov (KS) [139-141] significance test was used. The KS test is a nonparametric test that makes no assumptions regarding the distribution of the collected data. It
determines if two random variables are sampled from identical distributions. Substrates bearing
vasopressin-specific aptamer functionalized nanopillars were reacted with 1 nM TVP samples.
During mapping experiments, three individual substrate areas were measured, collecting 3333
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Figure 3.3: Spectroscopic Raman mapping of SERS intensity distribution. (a,b) Intensity maps of
diagnostic TAMRA peaks 1370 cm

-1

(left) and 1510 cm

-1

(right) in a series of mapping experiments for

quantification of intensities with 1 nM, 100 pM, 10 pM and 1 pM TVP. A substrate area of about 101 μm ×
33 μm is shown in each case, along with the two intensity scale bars labeled with the maximum intensity
2

values (in arbitrary units) for each diagnostic peak. The inset highlights a 1 µm area, which corresponds
to a typical cluster of leaning nanopillars forming hotspots. The Raman map pixel size is 1 µm × 1 µm.
(c,d) Histogram representation of SERS intensity distributions of hotspots at different concentrations of
TVP. Four histograms are displayed in overlaid configuration for both TAMRA dominant peaks, (a) 1370
-1

-1

cm and (b) 1510 cm , corresponding to various analyte concentrations.
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spectra (101 µm × 33 µm) for each measurement. The KS significance test verified that the
measurements from the different substrates were not statistically different (Table 3.1),
confirming the reproducibility of the experimental mapping technique.

Table 3.1: P-values of the two sample Kolmogorov-Smirnov test evaluating SERS mapping consistency.
During a mapping experiment, individual substrates were measured at three different locations, collecting
3333 spectra (Raman maps 1, 2 and 3) for each measurement. Each measurement on a substrate
functionalized with vasopressin-specific aptamer (treatment) of one mapping area is compared to another
mapping area for the same functionalization condition. For the treatment samples, the KS significance
test verified that the measurements from the different areas were not statistically different, which confirms
the reproducibility of the experimental method. The highest p-value is shown. In the combined row the
-1

-1

maps for the two diagnostic peaks (1370 cm and 1510 cm ) have been collapsed into a composite map.

Test

Frequency

1 vs 2

1 vs 3

2 vs 3

1d-KS

1370 cm-1

0.32

0.38

0.99

1d-KS

1510 cm-1

0.30

0.99

0.29

2d-KS

Combined

> 0.2

> 0.2

> 0.2

3.3.4 SERS Intensity Distribution
To further understand the statistical distribution of hotspots, we plotted the intensity
histogram in which the smallest and largest value on the x axis corresponds to the minimum and
maximum hotspot intensity value of the Raman maps. Such histograms were constructed for both
diagnostic peaks and different TVP concentrations (Figures 3.3C-D). It was observed that these
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histograms follow a highly skewed or long-tailed truncated Pareto distribution (TPD), with
coefficient of determination values greater than 0.95 for both major TAMRA peaks at the four
different concentrations (Table 3.2). TPDs have previously been discovered to describe the
intensity distribution characteristics of closely spaced SERS hotspots [142]. Since our
experimentally obtained hotspot intensity distribution fits the predicted long-tailed TPD well, we
can adapt an analytical framework for single hotspot theory [134] into our large-scale SERS
mapping model. In more detail, the probability density function p(F) that a probe molecule at a
random position experiences a given enhancement F was derived as:
(3.1)
which is a so-called long-tail distribution similar to the Pareto distribution. According to the
rigorous definition of F considering the single molecular (SM) point of view [142], it is
reasonable to assume that F is proportional to the measured intensity I for the same event:
(3.2)
Thus, analogous to Equation (3.2) an analytical expression can be developed for the intensity
distribution d(I) for the single hotspot model corresponding to a truncated Pareto distribution
(TPD). It is truncated, since the distribution does not extend to I → ∞, but has a maximum value
at Imax corresponding to the largest experimentally obtained intensity value in the sample.
Therefore, we can approximate the intensity distribution by a TPD with four parameters: k, A,
Imax and Imin, which provides a very accurate description for the high intensity regime.
(3.3)
where k is a parameter which determines how fast the enhancement decreases when moving
away from the hotspot; A is an indicator of how probable it is for a molecule to be located close
to the hotspot; and Imax, Imin are the maximum, minimum intensities of the hotspot respectively
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Table 3.2: Coefficient of determination of Pareto fit for SERS intensity distribution for the two diagnostic
TAMRA peaks. Each entry is the average of three independent measurements.

Diagnostic Peaks (cm-1)

Concentration (pM)

Coefficient of Determination (R2)

100

0.9768

101

0.9882

102

0.9821

103

0.9671

100

0.9915

101

0.9654

102

0.9812

103

0.9677

1370

1510

and can be viewed as the global “strength” extremes of the hotspot. The intensity distribution
function, d(I) has the property that d(I) → 0 as I → ∞, which gives rise to the power rate
convergence in the long-tail of the TPD. Now, by arbitrarily defining α=1+k in Equation (3.3),
we can rewrite the intensity distribution function for a given analyte concentration (C) as:
(3.4)
where parameters α and A can depend on the analyte concentration. Parameter A is generally
assumed to be an intrinsic characteristic of the SERS substrate [134]. We observed that for both
diagnostic peaks there is a strong power relationship between the experimentally obtained α and
A parameters and the analyte concentration (Figure 3.4). Now, since both α and A are a power
function of the analyte concentration, we have general forms:
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Figure 3.4: (a) Power fit exponent (α) and (b) hotspot-closeness parameter (A) of the SERS intensity
-1

distribution as a function of analyte concentration for the two diagnostic TAMRA peaks 1370 cm (blue),
-1

1510 cm (red) as well as their averages (black). All curves are fitted with a power function (dotted lines).
Note that (a) is a semi-log plot, while (b) is a log-log plot. Error bars represent 2 standard deviations.
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(3.5)
where b, d, g and h are constants whose values are determined by the power fitting shown in
Figure 3.4 and Tables 3.3-4. Subsequently, we can express the hotspot intensity distribution
analytically as a function of concentration by substituting Equation (3.5) into (3.4). Then, the
integral of the intensity distribution between the minimum (Imin) and maximum (Imax) intensity
values gives the sum of all hotspot intensities (Isum) in a given mapping experiment. This integral
can be expressed as a function of analyte concentration (C) such that:

(3.6)

Table 3.3: Power fit exponent (α) as a function of analyte concentration for the two diagnostic TAMRA
peaks. The curve was fit with a power function in general form:

, where b and d are constant

real numbers and C is a variable concentration of analyte.

Peaks (cm-1)

Scaling Factor (b)

Exponent (d)

1370

3.0926

-0.0389

1510

2.3051

-0.0256

Table 3.4: Hotspot-closeness parameter (A) as a function of analyte concentration for the two diagnostic
TAMRA peaks. The curve was fitted with a power function in general form:

, where g and h

are constant real numbers and C is a variable concentration of analyte.

Peaks (cm-1)

Scaling Factor (g)

Exponent (h)

1370

2.0818E+11

-0.4339

1510

9.7343E+08

0.0728
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By substituting Equation (3.5) into (3.6), we obtain an analytical expression for the total intensity
of hotspots as a function of TVP concentration:
(3.7)
This expression is believed to properly describe the collection of SERS signals measured on the
uniform nanopillar substrates for different analyte concentrations. Figure 3.5 shows the
experimentally obtained intensity integrals of hotspots for both diagnostic peaks along with their
respected power fit (black lines). The high coefficient of determination (R2) value (> 0.93)
demonstrates a strong power relationship between TVP concentration and SERS intensity
integrals. It is also observed that the experimentally fit power curves reasonably agree with the
theoretical ones (red lines) calculated using the analytical expression shown in Equation (3.7)

-1

Figure 3.5: Experimental hotspot intensity integral plots for the diagnostic TVP peaks, (a) 1370 cm and
-1

(b) 1510 cm , as a function of analyte concentration on a semi-log scale (dotted curves). The error bars
represent 2 standard deviations on three different samples for the same concentration. Both curves fit
power functions (solid black lines). The red curves are calculated from the hotspot intensity distribution of
mapping experiments using the statistical model of Equation (3.7).
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with low percentage error values (Table 3.5). The theoretical model is found to be more accurate
for the 1370 cm-1 peak, with R2 value of 0.98. The fitting for the 1510 cm-1 peak is believed to be
less accurate due to the broader shape of the band associated with this vibrational frequency,
compared to the sharper 1370 cm-1 peak. The result shows that the analytical model develop
here agrees with the experimental data, particularly well in the low concentration regimes. Thus,
it can potentially be utilized to predict experimental hotspot intensity distributions on the SERS
substrate for quantitative measurements of low-abundance biomolecules.

Table 3.5: Comparison of experimentally and theoretically obtained intensity integral values for the two
diagnostic TAMRA peaks. Each experimental entry is the average of three independent measurements
and the standard deviation is based on these values.

Diagnostic

Concentration

Experimental

Standard

Theoretical

Percentage

Peaks (cm-1)

(pM)

Value (cnt)

Deviation (cnt)

Prediction (cnt)

Error (%)

100

5.3043E+05

5.6975E+04

4.9024E+05

7.57 ± 8.96

101

6.3391E+05

6.3732E+04

6.1553E+05

2.89 ± 8.87

102

9.9935E+05

7.3192E+04

8.5471E+05

14.47 ± 5.83

103

1.1153E+06

1.7055E+04

1.2421E+06

11.36 ± 1.67

100

5.6972E+05

3.0161E+04

8.0056E+05

40.51 ± 7.06

101

1.0492E+06

2.0027E+05

9.2563E+05

11.77 ± 14.14

102

2.2775E+06

1.1520E+05

1.3303E+06

41.58 ± 2.81

103

3.0173E+06

3.4747E+05

2.5592E+06

15.18 ± 8.75

1370

1510
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3.3.5 Other Diagnostic Peaks for Biomolecular Quantification
TAMRA has been widely used as a Raman tag for SERS enhancement in various
applications dealing with sensitive detection of DNA oligonucleotides in a PDMS microfluidic
chip [143], quantitative detection of nucleic acid sequences associated with Dengue virus
serotype 2 [144], multiplex single nucleotide polymorphism (SNP) genotyping using colloidal
gold and silver nanoparticles [136] and with flexible nanostructured arrays for nucleic acid
detection [145], to mention a few. The obtained SERS peaks for TAMRA along with our
findings are tabulated below (Table 3.6). As one can see, these peaks are not consistent in all
cases due to the various substrates (silver, gold, planar nanostrucutres, colloidal solutions) used
in the bioassays and the potential differences in data acquisition methods. Other Raman peaks,
which showed increased enhancement for the TAMRA-labeled vasopressin, were found at 1450,
1533 and 1651 cm-1. The first two peaks can be assigned to the synergistic vibrational effects of
the xanthene ring and dimethylamino group motions, while the peak observed at 1651 cm-1 is
strictly assigned to the symmetric in-place C-H bend of the xanthene ring (Figure 3.6).
Here we report the peak analysis for the other TAMRA peaks (1450, 1533 and 1651
cm-1), using the same approach as used in Section 3.3.2. All except the peak at 1651 cm-1 shows
similar behavior to the diagnostic TAMRA peaks (1370 cm-1 and 1510 cm-1), thus can also be
utilized in the biomolecular quantification if desired (Figure 3.7-9). Since we demonstrated a
proof-of-principle concept in this chapter, we believe that the Raman mapping analysis of the
two diagnostic peaks is a clear indication of the benefits of this method, and thus can be utilized
in other applications to identify other clinically important biomolecules labeled with Raman tags
(with characteristic SERS peaks) for quantitative detection of trace amount of biomolecules.
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Table 3.6: Characteristic Raman peaks associated with TAMRA reported in literature for various SERS
substrates and biomolecular detection applications.

Reference

TAMRA Peaks (cm-1)

Park et al.

1356, 1512, 1534, 1650

Huh et al.

1360, 1505, 1543, 1653

Lowe et al.

1370, 1510, 1650

Chung et al.

1385, 1482, 1573, 1640

Yang et al.

1370, 1450, 1510, 1533, 1651

Figure 3.6: Chemical structure of TAMRA-labeled vasopressin. X represents the xanthene rings, while
D’s depict the dimethylamino groups.
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Figure 3.7: (a) Intensity maps of 1450 cm

-1

TAMRA peak showing increased intensity in a series of

mapping experiments for quantification of intensities with 1 nM, 100 pM, 10 pM and 1 pM TVP. A
substrate area of approximately 101 μm × 33 μm is shown in each case, along with the intensity scale bar
labeled with the maximum intensity values (in arbitrary units). The Raman map pixel size is 1 µm × 1 µm.
(b) Histogram representation of SERS intensity distributions of hotspots at different concentrations of
TVP. Four histograms are displayed in overlaid configuration corresponding to various analyte
-1

concentrations. (c) Experimental hotspot intensity integral plots for the 1450 cm TVP peak as a function
of analyte concentration on a semi-log scale (dotted black line). The error bars represent 2 standard
deviations on three different samples for the same concentration. The curve fits a power function (solid
red line).
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Figure 3.8: (a) Intensity maps of 1530 cm

-1

TAMRA peak showing increased intensity in a series of

mapping experiments for quantification of intensities with 1 nM, 100 pM, 10 pM and 1 pM TVP. A
substrate area of approximately 101 μm × 33 μm is shown in each case, along with the intensity scale bar
labeled with the maximum intensity values (in arbitrary units). The Raman map pixel size is 1 µm × 1 µm.
(b) Histogram representation of SERS intensity distributions of hotspots at different concentrations of
TVP. Four histograms are displayed in overlaid configuration corresponding to various analyte
-1

concentrations. (c) Experimental hotspot intensity integral plots for the 1530 cm TVP peak as a function
of analyte concentration on a semi-log scale (dotted black line). The error bars represent 2 standard
deviations on three different samples for the same concentration. The curve fits a power function (solid
red line).
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Figure 3.9: (a) Intensity maps of 1650 cm

-1

TAMRA peak showing increased intensity in a series of

mapping experiments for quantification of intensities with 1 nM, 100 pM, 10 pM and 1 pM TVP. A
substrate area of approximately 101 μm × 33 μm is shown in each case, along with the intensity scale bar
labeled with the maximum intensity values (in arbitrary units). The Raman map pixel size is 1 µm × 1 µm.
(b) Histogram representation of SERS intensity distributions of hotspots at different concentrations of
TVP. Four histograms are displayed in overlaid configuration corresponding to various analyte
-1

concentrations. (c) Experimental hotspot intensity integral plots for the 1650 cm TVP peak as a function
of analyte concentration on a semi-log scale (dotted black line). The error bars represent 2 standard
deviations on three different samples for the same concentration. The curve does not fit a power function
-1

(solid red line) as expected, potentially due to the suppression of the 1650 cm vibrational mode.
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3.4

Conclusions
In this chapter we have demonstrated SERS-based quantitative biosensing on aptamer

functionalized nanopillars utilizing a large-area Raman mapping technique. Ultra-sensitive
detection of TAMRA-labeled vasopressin molecules was achieved at picomolar levels by
collecting highly enhanced SERS signals emanating from nanojunctions formed between
nanopillar heads. Reliability and statistical reproducibility of quantitative SERS analysis were
improved by large area Raman mapping on the highly uniform substrates. Finally, based on our
experimental mapping results, we successfully developed a theoretical model to be utilized as an
analytical tool for biomolecular quantification on the nanopillar substrates. In conclusion we
believe that applying this highly reproducible large-area SERS mapping is a promising technique
for biomolecular quantification in the picomolar concentration regime as well as a potential
single molecule detection platform for SERS-SBS as demonstrated in Chapter 2.
3.4.1 Detection Limit of Raman Mapping Technique
In this chapter, vasopressin detection was inspired by its importance as a clinical
biomarker. Vasopressin levels above 10 pM up to several hundred pM (abnormal condition) is
the range of clinical interest. For this reason, we have chosen working conditions from 1 pM to 1
nM and could successfully obtain dynamic Raman responses in this range. Nevertheless, due to
our high-fidelity SERS-active substrate and statistical approach coupled with large area mapping,
we can potentially detect vasopressin at extremely low concentrations (fM level or lower).
Statistically, as our Raman mapping area becomes larger, the number of analyte molecules at
SERS-favorable locations (hotspots), providing detectable signals, will increase. In other words,
at extremely low concentrations, if we sufficiently enlarge the mapping area, we will be able to
detect SERS signals from TVP molecules. This dependence of sensitivity on mapping size can
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be further studied in future work, in which one can focus on the rigorous theoretical development
of the mathematical model addressing this issue.
In theory, using this Raman mapping technique, one can potentially observe a single
molecular event, if the mapping area is sufficiently large enough. In our case, in particular, when
the nanopillars are functionalized with aptamers and the TAMRA-labeled vasopressin (TVP) is
introduced, the analyte binds to the aptamers uniformly distributed on the pillar heads. After
liquid evaporation, the pillars lean on each other forming highly enhancing hotspots modeled as
dimers of metallic spheres (see Chapter 4). When vasopressin is trapped by an aptamer close
enough to a hotspot, the TVP SERS signal is highly enhanced. The highest enhancement
experienced by a Raman probe will occur at a point midway between the two spheres. Because
of the random nature of Au-thiol bonding between aptamers and Au-coated pillar heads, and
TVP binding to aptamers, statistically there will be only a few (or even a single) TVP molecules
per experiment in the most desired location for enhancement, i.e., closest to the hotspot, in the
scattering volume. Thus, if enough observations are made during a mapping experiment, it
should be possible to detect a SERS signal emanating from a single molecule that is oriented in
the “most desired” configuration relative to the electromagnetic field generated by the hotspot.
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Chapter 4.

A Mathematical Model for Biomolecular

Quantification Using SERS Intensity Distribution
In this chapter, we have successfully developed an analytical model to predict
experimental hotspot intensity distributions on the aptamer functionalized nanopillar substrates
for biomolecular quantification. Based on our previous work detailed in Chapter 3, we have
demonstrated that the formulated model agrees with the experimental data particularly well in
the low concentration regimes, thus the general theoretical framework developed may provide a
powerful tool to describe hotspot signals with a small set of parameters [134]. Potentially, this
statistical model can be generally used for biomolecular quantification using Raman mapping on
any SERS substrate with planar geometries, in which the hotspots can be approximated as
electromagnetic enhancement fields generated by closely spaced dimers. We have also shown
that the number of TAMRA-labeled vasopressin (TVP) molecules probed by SERS during
biomolecular quantification approaches the single molecule (SM) level, thus opening up an
exciting new chapter in the field of SERS quantification. The work presented in this chapter will
be submitted for publication as soon as the manuscript is finalized.

4.1

Introduction
The high sensitivity of surface-enhanced Raman scattering (SERS) has played an

important role in revitalizing the interest in SERS [146, 147], and in particular applying this
technique for low molecular quantification in various bioassays. Although a variety
of SERS labels have been developed [148-150], they have been mainly used for qualitative
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analysis in most applications. Quantitative analysis based on SERS labels can be an important
new analytical chemistry technique [151-153], but requires the development of an effective
methodology for the quantification of SERS labels by the intensity of their Raman signals.
Unfortunately, reliable biomolecular quantification using SERS has been hindered by substrate
reproducibility and uniformity limitations, which inherently leads to large signal variations in the
collected samples. This is a critical problem in the statistical interpretation of SERS experiments,
which has not been rigorously addressed in the literature.
During a typical measurement, Raman signals – amplified by large electromagnetic
enhancements, so-called hotspots (HSs) – are collected from a SERS substrate. These highly
localized HSs are believed to be formed between metallic junctions of noble nanostructures or
nanoparticles [154, 155]; thus experiments where SERS signals are demonstrated with high
uniformity over larger probed areas (essential in sensory applications in particular) are
challenging to design. Theoretically, the most ideal approach to design such a sensory unit would
be to position one Raman active molecule (with some surface functionalization strategy, such as
nanoorigami) in the HS and eventually create an array-like sensory configuration containing
many of these units. Unfortunately, such precision for SERS substrate design and molecular
positioning has not been achieved yet.
Typically, probe molecules are adsorbed onto surfaces of nanostructured SERS substrates
at random locations by either drop coating or incubation methods using low concentrations of the
analyte. This surface functionalization method for SERS measurements presents several
shortcomings. The surface coverage of the analyte molecules is not uniform and difficult to
estimate due to the stochastic nature of the adsorption process; thus large statistical variations are
expected in a collection of measurements over the SERS substrate area. At larger concentrations,
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bulk Raman effects dominate and the SERS effects are suppressed by the tightly packed
molecules on the nanostructures. At ultra-low concentrations, often used in SM studies, the
probability for a molecule to be located exactly in a HS is extremely low, which leads to
unreliable statistics due to the large number of unoccupied HSs, i.e., low number of detectable
SERS signals. But on the other hand, for each particular substrate and analyte concentration there
is a concentration regime in which the surface coverage is optimal, i.e., a logarithmic relationship
can be observed in SERS intensity as a function of concentration.
In fact, these observations are strongly connected to the SERS intensity distribution
during data acquisition. Thus, by studying this distribution and its implication on the statistics of
an assembly of SERS signals, a statistical method based on large-scale Raman mapping is
demonstrated to improve statistical reliability and reproducibility of collected SERS signals. The
analytical model developed here has the potential to be used as a quantitative tool in assay
validation. To demonstrate the significance of our approach, the following issues will be
examined in this chapter: (1) the development of a theoretical model to fit and (2) quantify
experimental results from SM principles, (3) the dependence of SERS responses on the number
of probed molecules per unit area at nanomolar levels, and (4) size determination of a
statistically relevant mapping area.
In brief, the approach developed here takes advantage of the universally characteristic
power law distribution of SERS HSs collected from an assembly of measurements over a large
area. Thus, it provides not only a general theoretical framework to describe statistics of SERS
signals requiring a minimum set of parameters, but also a novel method for low abundance
biomolecular quantification.
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4.2

Materials and Methods

4.2.1 Analytical Model of Intensity Distribution
4.2.1.1 Theoretical Model Formulation
SERS mapping experiments were carried out on gold decorated “leaning” nanopillar
periodic arrays [109], in which each nanopillar was geometrically approximated as a sphere
attached to a column, where the sphere represents the Au coated head of the nanopillar, while the
column represents the silicon shaft which leans upon drying. Hotspots are believed to be formed
at the junctions of two metallic particles [154-156]. For our particular nanopillar substrate, the
relative close (< 10 nm) proximity of spherical tips lead to the formation of hotspots, which gave
rise to large SERS enhancements when analyte is trapped between them. In order to study how
the intensity distribution may affect the statistics of SERS signals, first one may want to find the
distribution in a situation in which only a single hotspot is present. Therefore, we have developed
an analytical model system based on two closely spaced spherical metallic particles [157], which
represent our leaning nanopillars. The single hotspot model only focuses on the distribution of
SERS intensities on the metallic surface, assuming a monolayer of molecules adsorbed on the
surface. It ignores the contribution of additional layers of molecules, and neglects the chemical
and resonance component of SERS enhancement.
4.2.1.2 Single Molecule Enhancement Factor
SERS enhancements on most substrates are highly non-uniform on the molecular scale.
Points of high electromagnetic enhancement or hotspots are highly localized and are so sparsely
distributed that they can be often found within tens of nanometers of points with zero
enhancements. For this reason, we defined the SM enhancement factor (SMEF) as the SERS
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enhancement felt by a given molecule at a specific point on the substrate. Generally, the SMEF is
dependent upon the Raman tensor of the probe molecule, its orientation on the substrate and with
respect to the local electromagnetic field at that point. It is also dependent on the SERS substrate
orientation with respect to incident laser polarization and direction. Thus, we assumed these
parameters to be constant in our case, since the substrate orientation was always orthogonal to
the incident laser beam, i.e., it was fixed, and 0° polarization was used in all experiments.
Therefore, the SMEF is mathematically defined as:
(4.1)
where

is the SERS intensity of the SM under consideration, while

the average Raman

intensity of the same probe molecule, where the average is taken over all random orientations of
the molecule in space. For our purposes,

can be experimentally defined as the HS intensity

originating from the plasmonic interaction of TVP and leaning nanopillars; whereas

as the

average intensity of all non-HS locations on the SERS substrate, a constant. Then, by rearranging
Equation (4.1), we obtain:
(4.2)
Thus, we showed that F is proportional to the measured intensity I by a constant factor

.

4.2.1.3 Intensity Distribution
In general, the SERS electromagnetic enhancement factor F(r) can be calculated from the
knowledge of the Raman tensor of the probe molecule, its adsorption geometry, the scattering
geometry and the energy of the vibration mode [157]. For simplicity, it is sufficient to
approximate F(r) here in a more general form, such that:
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(4.3)
where Elocal is the local electromagnetic field; and E0 is the incident field magnitude. Based on
Equation (4.3) and a theoretical framework describing enhancement factor distribution around a
single SERS hotspot [134], the probability density function p(F) that a probe molecule at a
random position experiences a given enhancement F was derived as:
(4.4)
which is a so-called long-tail distribution similar to the Pareto distribution. Since F is
proportional to the measured intensity I for the same event (Equation (4.2)), an analytical
expression analogous to Equation (4.4) can be developed for the intensity distribution d(I)
associated with the single hotspot model corresponding to a truncated Pareto distribution (TPD).
It is truncated, since the distribution does not extend to I → ∞, but has a maximum value at Imax
corresponding to the largest experimentally obtained intensity value in the sample. Therefore, we
can approximate the intensity distribution by a TPD with four parameters: k, A, Imax and Imin,
which provides a very accurate description for the large intensity regime.
(4.5)
where k is a parameter, which determines how fast the enhancement decreases when moving
away from the hotspot; A is an indicator of how probable it is for a molecule to be located close
to the hotspot; and Imax, Imin are the maximum, minimum intensities of the hotspots respectively
and can be viewed as the global “strength” extremes of the hotspot. The intensity distribution
function, d(I) has the property that d(I) → 0 as I → ∞, which gives rise to the power rate
convergence in the long-tail of the TPD.
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4.2.1.4 Statistics of SERS Signals
The intensity distribution model developed in Section 4.2.1.3 only focused on describing
a single hotspot so far. This approach is relevant to many experimental situations, in particular
for the hotspot mapping of the leaning nanopillars. Even though the SERS signals originate from
many HSs per scattering volume on the substrate, the single hotspot model is still useful since
the total signal intensity to a first approximation can be taken as the sum of signals from
independent hotspots by the superposition principle.
Specifically, when the nanopillars are functionalized with aptamers, upon liquid
evaporation, the pillars lean on each other forming highly enhancing hotspots, modeled as dimers
of metallic spheres. When the TVP is introduced, the analyte binds to the aptamers randomly
distributed on the pillar heads. When vasopressin is trapped by an aptamer close enough to a
hotspot, the TAMRA SERS signal is highly enhanced. (Note that in theory the highest
enhancement experienced by a Raman probe occurs exactly between the two spheres.) Because
of the random nature of Au-thiol bonding between aptamers and Au-coated pillar heads and TVP
binding to aptamers, statistically, only a few TAMRA molecules will be positioned in the most
desired location for enhancement, i.e., closest to the hotspot, at a time in the scattering volume.
Thus, the majority of SERS signal will be derived from these particular molecules, which is also
in accordance with the theoretical prediction that 98% of the SERS signal originates from only
2% of the (randomly) adsorbed molecules [138].
From the above formulated statistical arguments, in the theoretical domain, this particular
problem deals with statistically equivalent observation of SERS signals collected on identical
dimers of metallic spheres. In the case of vasopressin detection using the leaning nanopillars
approach, we experimentally measure the SERS signal from TAMRA probes deposited on the
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Au-coated pillar heads. Here in the experimental domain, statistics is the process of measuring at
a large number of different positions in the sample and evaluating the histogram of intensities.
These two approaches are analogous to each other and is the basis for correlating SERS signal
intensity to analyte concentration in this analytical biomolecular quantification method.
4.2.2 Experimental Protocol
The nanopillar SERS substrate was functionalized with aptamer sequences, then the TVP
samples were prepared as described in Chapter 3 (see Materials and Methods). TVP samples in
the concentration range of 1 pM to 100 pM were used. Next, the aptamer functionalized
substrates were incubated with the TVP samples for 1 hr at 37 °C in a thermal cycler (Eppendorf
AG, Germany) to provide optimal conditions for the aptamer-vasopressin binding. Then, the
substrates were transferred into vasopressin buffer solutions and kept at 37 °C for 15 min to
remove unbound molecules. Lastly, the substrates were rinsed several times with deionized water
to prevent salt aggregation on the dried substrates.
4.2.3 SERS Hotspot Mapping
SERS measurements were performed under the 632.8 nm excitation line of a He−Ne laser
on an inVia Raman microscope (Renishaw, UK) in a standard backscattering configuration. The
Raman signal was collected through a confocal pinhole of 25 μm diameter by using 0.75 NA dry
objective of 50× magnification (Leica Microsystems, Germany). A computer controlled XY
translation stage was used to acquire a total of 10,087 SERS spectra within the scan area of 130
× 76 μm divided into an acquisition grid by 1 μm step size in both dimensions. All spectra in this
work were obtained with an exposure time of 1 sec and at 0.3 mW laser power before the
objective. The SERS intensity maps of the selected diagnostic TAMRA vibration mode (1370
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cm-1) were derived using the signal to baseline map generation algorithm of the WiRE 3.2
software (Renishaw, UK) for the spectral range of 1350-1390 cm-1.
4.2.4 Determination of Minimal Raman Mapping Area
The unpaired-sample Student's t-test (STT) was utilized to determine the minimum
substrate area required to unambiguously distinguish between treatment and control samples.
SERS intensity mappings were considered independent from each other for both treatment and
control samples. Based on these measurements, two sets of square areas (corresponding to
treatment and control) were sampled randomly at a time, starting from 1 pixel up to 35 pixels as
square area side lengths with 1 pixel increments. According to this sampling algorithm, we
calculated the p-values of the STT for unpaired samples evaluating different sizes of substrates.
This sampling was repeated 1,000 times. Finally, the mean p-value of STT versus side length of
square mapping area (in pixels) was plotted, with error bars displaying one standard deviation
based on three independent mapping experiments.
4.2.5 Repeatability of SERS Mapping Experiments
Coefficient of variation (CV) analysis was used to determine the minimum (or optimal)
area to minimize variation between Raman mapping experiments probing TVP SERS signals.
For both lowest and largest concentrations, 1 pM and 100 pM respectively, various square areas
within the SERS substrate were sampled randomly at a time, starting from 1 pixel up to 35 pixels
as square area side lengths with 1 pixel increments, for three independent mapping experiments
respectively. SERS intensity integrals were calculated for each of the three square areas obtained
this way, then the coefficient of variation (cv), defined as:
(4.6)
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where σ is the standard deviation; and μ is the mean of the collected SERS intensities inside of
the probed square substrate area, was computed comparing mapping-to-mapping variability
under the same substrate functionalization conditions. This sampling was repeated 1,000 times.
Finally, the CV values versus side length of square mapping area (in pixels) was plotted on a
two-dimensional (2D) scatter plot, in which, at each side length parameter tick mark, all (1,000)
CV values are displayed.

4.3

Results

4.3.1 SERS Intensity Distribution
To experimentally determine the SERS intensity distribution of the diagnostic TAMRA
peak 1370 cm-1 for the purpose of vasopressin quantification, we collected about 10,000 Raman
spectra for the various analyte concentrations in the picomolar regime using point-by-point
mapping (according to the acquisition algorithm described in Section 4.2.3). A typical SERS
intensity distribution map for the diagnostic peak can be represented as a 2D matrix (or heatmap)
rendering intensity values at each 1 µm2 mapping coordinate (Figure 4.1). As can be seen in
Figure 4.1, the higher the TVP concentration, the more and brighter the pixels are, which
effectively correspond to the SERS hotspots produced by the electromagnetic interactions
between the nanopillar heads and TAMRA tag.
4.3.2 Histogram of Intensity Distributions
To represent the SERS intensity distribution in another way, one can generate an intensity
histogram rendering a large number of SERS events of randomly distributed molecules, in which
the smallest and largest value on the x axis corresponds to the minimum and maximum of the top
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Figure 4.1: Spectroscopic Raman mapping of SERS intensity distribution. Intensity map of diagnostic
TAMRA peak 1370 cm

-1

in a single mapping experiment for 100 pM (top), 10 pM (middle) and 1 pM
2

(bottom) TAMRA-labeled vasopressin quantification. A substrate area about 130 × 80 μm is shown,
3

along with an intensity scale bar with a maximum intensity value of 4.00 × 10 counts.
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Figure 4.2: Histogram of SERS intensity distribution for the top (A) 5%, (B) 10%, (C) 20% and (D) 100%
-1

of HSs of peak 1370 cm of TAMRA-vasopressin at 100 pM concentration. Intensity histograms fit power
2

fit functions (solid red line). R values are also shown. Note, the different y-axis scales in each histogram.

X% of all SERS signals measured during the Raman mappings (see Appendix A1 for the
algorithm). At specific TVP concentrations for the diagnostic peak 1370 cm-1 such histograms
were constructed for the top 5%, 10%, 20% and 100% of measured SERS signals (Figure 4.2AD), and was fitted with a Pareto function in the general form:

. As can be observed

from the plots, in all cases, as the number of SERS signals used in the histograms from the
intensity distribution increases the coefficient of determination value (R2) for the Pareto fit
improves greatly. This functional relationship is demonstrated in Figure 4.3 for the full range of
hotspot percentages, which plateau approximately at the top 20% cutoff value (R2 ≈ 1.00, X =
20%). At this inflection point (Figure 4.2C), the collective SERS intensities reflect a highly
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skewed or long-tailed TPD distribution similar to that described by Equation (4.5). Then, the R2
values moderately decrease until the full range of SERS intensities are utilized (X = 100%)
(Figure 4.3). This observation is consistent with the general Pareto principle and experimental
SM SERS intensity distributions studies [14], thus this threshold was chosen in further analysis
for the development of our bioquantification method.

2

Figure 4.3: Coefficient of determination (R ) of power (Pareto) fit for the SERS intensity distribution as a
function of percentage (%) of hotspots evaluated in the fitting of peak 1370 cm

-1

of TAMRA-labeled

vasopressin (TVP) at 100 pM (blue curve), 10 pM (red curve) and 1 pM (green curve) concentrations.
2

Note, that the R values follow a similar trend for all TVP concentrations and plateau at about 20%, which
is predicted by the theoretical Pareto principle. Error bars represent standard deviations for three
independent mapping measurements. Figure 4.2 represent four slices from this figure.
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4.3.3 Stem Plot of Intensity Distributions
As an alternative representation emphasizing the discrete statistical nature of SERS
intensity distributions featured in Section 4.3.1-2 in an accumulative way, one can draw a
vertical line at each SERS intensity value (x-axis) to mark off its occurrences collected during
Raman mapping. In this way, one can easily determine the hotspot density of the heatmap
identifying distribution trends and outliers. Similarly, as for the histogram representation, here
we created stemplots of the top 5%, 10% and 20% of measured SERS signals for the diagnostic
TAMRA peak 1370 cm-1. We have observed that as the number of SERS signals from the
intensity distribution increases (< X%), the number of higher SERS intensities increase as well,
which is designated by the accumulation of intensity marks to the right along the x-axis. A
similar trend can be observed when comparing the same peak for varying TVP concentrations
when holding X% as a constant (Figure 4.4), demonstrating the concentration dependence of
SERS signals as previously shown in Section 4.3.1 using heatmaps.
4.3.4 Long-Tail Pareto Distribution
The constructed SERS intensity histograms, containing the top 20% of HSs, were fitted
with a power function (Figure 4.5) from which the following values were obtained for the with
coefficient of determination values greater than 0.90 for the diagnostic TAMRA peak 1370 cm-1
at the three different concentration levels in the picomolar regime (Table 4.1). Since the
experimentally obtained SERS intensity distribution fits the predicted long-tailed TPD
distribution quiet well, we believe that the analytical model – based on single HS theory
developed in Equation (4.3-5) – is suitable to describe the SERS enhancement mechanism of
leaning nanopillars for TVP detection. By arbitrarily defining α=1+k, we can now rewrite
Equation (4.5) for a given TVP concentration (C) as:
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Figure 4.4: Stem plots of SERS intensity distribution for the top 20% of hotspots of diagnostic TAMRA
-1

peak 1370 cm at 100 pM, 10 pM and 1 pM TAMRA-labeled vasopressin concentrations.

Figure 4.5: Histogram representation of SERS intensity distribution for the top 20% of HSs at different
concentrations of TAMRA-labeled vasopressin (TVP). Histograms are displayed in overlaid configuration
-1

for the diagnostic TAMRA peak 1370 cm corresponding to various analyte concentrations. Green, red
and blue distributions represent the 100 pM, 10 pM and 1 pM TVP concentrations. All fit with a power
function in the general form:

and the colors of the curve fits match those of the concentrations.
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Table 4.1: Coefficient of determination of power fit for the diagnostic TAMRA 1370 cm SERS intensity
distribution. Each entry is the average of three independent measurements.

Concentration (pM)

Coefficient of Determination (R2)

100

0.9270

101

0.9562

102

0.9003

(4.7)
where the subscript indicates that parameters α and A can possible depend on the analyte
concentration. Even though A is assumed to be an intrinsic characteristic of the SERS substrate,
the leaning nanopillars could potentially lump together in various three-dimensional (3D)
configurations under different concentrations, thus changing the probability for a Raman probe
(TAMRA) to be located close to a hotspot. We observed that between the experimentally
obtained fitting parameters: α, A, Imax, Imin and the analyte concentration there is a logarithmic
relationship with an averaged R2 > 0.95 (α), R2 > 0.99 (A), R2 > 0.98 (Imax) and R2 > 0.92 (Imin)
values respectively (Figure 4.6A-D).
4.3.5 Fitting Functions
The SERS substrate in our situation can be considered as a collection of spatially
separated single hotspots. The distribution of corresponding SERS intensities to a first
approximation can be obtained by summing their respective intensities. Now, since both α and A
are a logarithmic function of the analyte concentration, we have general forms:
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Figure 4.6: Logarithmic behavior of SERS intensity distribution fitting parameters. (A) Power fit exponent
(α) and (B) hotspot-closeness parameter (A) of the SERS intensity distribution as a function of analyte
-1

concentration for the diagnostic TAMRA peak 1370 cm . Similar curves are generated for parameters:
(C) Imax and (D) Imin as well. Note the semi-log plots. The error bars represent standard deviations on three
different samples for the same TVP concentration.

(4.8)

(4.9)
where b, d, g and h are constants whose values are determined by the logarithmic fitting shown
in Figure 4.6A-B and used to tabulate the parameters in Table 4.2. Then we can express the
SERS intensity distribution analytically as a function of concentration by substituting Equation
(4.8-9) into (4.7) as:
(4.10)
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Table 4.2: Power fit exponent (α), hotspot-closeness parameter (A), signal maximum (Imax) and signal
minimum (Imin) of the SERS intensity distribution of various analyte concentrations in the picomolar regime
-1

for the diagnostic TAMRA peak 1370 cm .

Concentration (pM)

102

101

100

A

5.7244e+09

6.9896e+11

1.7156e+12

k

1.2933

2.0187

2.2350

α

2.2933

3.0187

3.2350

Imax

4.1550e+04

3.5370e+04

2.3710e+04

Imin

4.9875e+03

2.0253e+03

1.6108e+03

4.3.6 Intensity Integrals
The integral of the intensity distribution between the intensity minimum (Imin) and
maximum (Imax) values gives the sum of all intensities (Isum) in a particular mapping experiment.
(Note, that Imin and Imax are defined as the lowest and highest experimentally determined HS
intensity values in mapping experiments for all concentrations, i.e., the global minimum and
maximum.) Now, this integral can be expressed as a function of analyte concentration (C) such
that:
,

(4.11)

or
(4.12)
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By substituting Equation (4.8) and (4.9) into Equation (4.12), we finally gain an analytical
expression for the total intensity as a function of TAMRA-labeled vasopressin concentration:

(4.13)
It is interesting to note, that in Equation (4.13) the constant limits of integration may be
substituted with their function counterparts as shown in Figure 4.6C-D, since Imax and Imin are
also logarithmic functions of the analyte concentration. For simplicity, we will proceed here with
the constant limits of integration associated with our bioquantification model; but this
observation may be investigated in future work using a more rigorous framework.
Figure 4.7 shows the total intensity obtained experimentally for various analyte
concentrations for the diagnostic TAMRA peak 1370 cm-1 (solid black line) along with their
respective logarithmic fit (solid red line). The high R2 value (> 0.95) demonstrates a strong
logarithmic relationship. When comparing this curve to the theoretical fits based on the
analytical expression for the intensity integral (Equation (4.13)) – using the global intensity
extremes (dotted black line) or the mean of global extremes (dashed black line) respectively – we
observe them to be relatively close as shown in Figure 4.7. This result proves that the long-tail
(Pareto-like) intensity distribution model developed for a single hotspot (Equation (4.6)) can
predict experimental situations for the TVP quantification using the biofunctionalized nanopillars
as SERS substrates. The model fits the experimental data well in the tested picomolar
concentration regimes and calls for further experiments to evaluate its feasibility in the ultralow
(femotmolar) analyte concentrations.
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Figure 4.7: Comparison of intensity integrals of experimental and theoretical fit for the diagnostic TAMRA
-1

peak 1370 cm as a function of TAMRA-labeled vasopressin concentration. The experimental curve (solid
2

black line) fits a logarithmic function (solid red line) with R = 0.95. Theoretical fits using the global
intensity maxima/minima values (dotted black line) and the mean of global extremes (dashed black line)
as limits of integration in the analytical expression for the intensity integral defined by Equation (4.13).

4.3.7 Methods for Minimum Area Determination
Furthermore, in order to optimize the bioassay, we determined the statistically significant
minimum mapping area required to unambiguously distinguish between treatment and control
samples for bioquantification. Essentially the question we wish to answer is: "At what
probability determined by the unpaired t-test can we distinguish signal from background?" Thus,
the p-values from the STT for independent samples (or unpaired t-test) were calculated
comparing a collection of SERS signals measured on two substrates treated with 1 nM TVP
samples, each functionalized with vasopressin-specific aptamers (experiment) and with
immunoglobulin E (IgE)-specific aptamers (control) respectively (as described in Materials and
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Methods). Figure 4.8 indicates, that when using the STT test, in which the diagnostic TAMRA
peak 1370 cm-1 is investigated, a total of 400 pixels – equivalent to a 20 µm × 20 μm SERS
substrate area – are required to reach the p-value threshold (p = 0.05). This value can be
considered as an inflection point, since as the mapping area increases from this point on, the pvalue of STT converges to a fixed saturation level (p = 0.01).

Figure 4.8: Minimum mapping area determination using the unpaired Student’s t-test (STT). The p-values
of the STT test as a function of square area side length (pixel = 1 um) of SERS mapping areas collected
from heatmaps comparing vasopressin-specific aptamer (treatment) and IgE-specific aptamer (control)
2

functionalized substrates at 1 nM TVP concentration. Sampling of about 400 μm area is sufficient
enough to discriminate between treatment and control samples with high statistical significance (p = 0.05,
red horizontal line). The error bars represent 2 standard deviations of the average p-value of 1,000
random samplings for three different SERS substrates.
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4.3.8 Determination of Measurement Repeatability
In order to minimize the variability in measurements for individual substrates with the
same functionalization/treatment conditions, coefficient of variation (CV) analysis was used to
determine the optimal mapping area (see Materials and Methods). This statistical method
determines the extent of variability in relation to the mean of the population, i.e., it is a
normalized measure of the dispersion in the intensity distribution obtained from the Raman
mapping experiments. Nanopillar substrates functionalized with vasopressin-specific aptamers
and treated with 1 nM TVP were sampled using the CV algorithm, computing the mapping-tomapping variability under the same substrate functionalization conditions. The 2D scatter plots
in Figure 4.9 indicate that the CV exponentially decays as the mapping area increases when the
diagnostic TAMRA peak 1370 cm-1 is investigated. A total of 100 pixels – equivalent to a 10 µm
× 10 μm SERS substrate area – are required to reach a variability threshold of 1% for both 1 pM
and 100 pM TVL concentrations (Figure 4.9A-B). Thus, the CV analysis verified that the
measurements from the different substrates were not statistically different, using at least square
mapping areas of ~100 μm2 in the picomolar concentration regime, demonstrating the robustness
of experimental repeatability of the mapping technique and providing an optimal area threshold
to minimize variability between experiments.
4.3.9 Number of Measured Molecules
This quantitative method denoted above provides information about the assembly of
SERS signals in a collective way, but does not detail the number of molecules per SERS
enhancement event, which might be a critical parameter for SM studies. Addressing this issue,
we approximated the leaning nanopillar heads as spheroids and the pillar columns as cylinders
based on high resolution SEM images with dimensions shown in Figure 4.10. Semi-axes a (= b)
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and c are 75 nm and 120 nm respectively, while the column radius (d/2) was measured to be
about 40 nm. Now, the surface area of the elongated spheroid (S) was calculated using the
formula:

Figure 4.9: Determination of optimal Raman mapping area to minimize variation between measurements.
Coefficient of variability values versus side length of square mapping area (in pixels) exponentially decays
for both (A) 100 pM (blue) and (A) 1 pM (green) TVL concentrations. Optimal mapping area is estimated
to be 100 to minimize experimental variability (vertical red lines) below the 1% CV threshold. All sampled
CV values are displayed.
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(4.14)
with p ≈ 1.6075, which is a standard parameter utilized for nearly spherical ellipsoids. Then, the
total area of a single nanopillar (Apill) was calculated by subtracting the pillar cross-section (Ac)
from the ellipsoid area:
(4.14)
Given the calculated nanopillar density,

[158], we estimated the total number of

nanopillars on the 5 × 5 mm chip (Npill), which was used in all Raman mapping measurements, to
be:

. Then, using these approximations, the total active gold area of

Figure 4.10: Geometrical approximation of a leaning nanopillar. The pillar head can be modeled as a
spheroid with semi-axes a, b (a=b in our case) and c; while the pillar shaft can be approximated as a
column with a circular cross-section characterized by diameter, d. The cross-sectional area of the pillar
shaft is denoted by Ac.
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the nanopillars (Atot) – assuming that gold is only deposited on the spheroid and not on the pillar
– over the entire chip was calculated to be:

Now, by considering

the maximum packing density of thiol-DNA bonds (1012/cm-2), the number of adsorbed aptamers
(Napt) on this surface was estimated to be:

. Then, using the Langmuir

Isotherm, we calculated the total number of vasopressin molecules bound by aptamers on the
nanopillar surfaces:

, where c is the TVP concentration and κ is the

dissociation constant (1.17 nM ~ 1 nM) (Table 4.3). Thus, with this geometrical approximation
of leaning nanopillars and the Langmuir binding relations pertaining to the vasopressin-aptamer
interaction, we estimated less than ~20 molecules per cluster at 1 pM TVP concentration (the
lowest we tested with our mapping algorithm so far) would be probed by a single SERS
measurement. This estimate suggests the possibility of SM detection of biomolecules, just one
order of magnitude away, using this statistical SERS quantification method.

Table 4.3: Number of TAMRA-labeled vasopressin (TVP) molecules on the SERS biosensor. Summary of
approximating calculations estimating the total number of TVP molecules adsorbed on the SERS
substrate surface and the total number of TVP molecules probed in the Raman detection volume.

Concentration

Total number of absorbed

Number of molecules per cluster

(pM)

molecules (#)

(1/µm2)

100

3.96×1010

1585

10

4.32×109

172

1

4.35×108

17
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4.4

Conclusions
In this chapter, we have developed a novel statistical method for quantifying trace

amounts of biomolecules (TAMRA-labeled vasopressin in particular) by SERS using a rigorous
mathematical derivation. This method was built upon a theoretical framework dealing with the
enhancement factor distribution around a single surface-enhanced Raman scattering hotspot and
its relation to SM detection. We demonstrated that the experimentally obtained SERS hotspot
data fits the analytical predictions quite well in the picomolar concentration regimes studies here.
We hypothesize that this quantification framework could be generalized for planar SERS
substrates, in which the nanostructured SERS features can be approximated as a closely spaced
electromagnetic dimer problem. We determined the statistically significant minimum mapping
area required to unambiguously distinguish between treatment and control samples for
bioquantification; and proved that our approach is robust in terms of experimental repeatability.
Finally, we also demonstrated the potential for SM detection by estimating the number of analyte
molecules probed in the Raman scattering volume in each laser excitation using the Langmuir
Isotherm. This opens up an exciting opportunity for future work focusing on the optimization of
SERS substrates, surface functionalization methods and data acquisition strategies for potential
SM SERS studies, such as SERS-SBS demonstrated in Chapter 2.
4.4.1 Universality of Analytical Quantification Method
The analytical model developed in this chapter was based on the assumption that a
leaning nanopillar can be geometrically approximated as a sphere attached to a column, where
the sphere represents the Au coated head of the nanopillar, while the column represents the Si
shaft which leans upon wetting and evaporation. Furthermore, hotspots (HSs) were believed to
be formed at junctions of two metallic particles. In our case the spherical tips act as HSs, which
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give rise to large SERS enhancement when analyte is trapped between them. In order to study
the statistics of SERS signal intensity distribution, first we found the distribution itself in a
situation in which only a single HS was present. Therefore, we adopted a model system based on
two closely spaced spherical metallic particles [134], which represents our leaning nanopillars.
Potential limitations may be that the model only focuses on the distribution of SERS intensities
on the metallic surface, assuming a monolayer of molecules adsorbed on the surface. Thus, it
ignores the contribution of additional layers of molecules, and neglects the chemical and
resonance component of SERS enhancement. Furthermore, it assumes the absence of gold
coating on the pillars, which could provide and additional non-HS adsorptive area.
In summary, since the analytical model developed here is based on a closely spaced
sphere theory, if any substrate in consideration can be approximated in this way, the method
would work just as well. On the other hand, if we used colloidal solutions or planar SERS
substrates with more complicated geometries (which cannot be approximated as dimer
problems), then the theoretical framework would potentially need to be adjusted to consider
some additional parameters as well.
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Chapter 5.

Surface-Enhanced Raman Spectroscopy to

Monitor Copper-Free Click Chemistry for Biomolecular
Conjugation
In this chapter, we describe a novel application of the previously developed surfaceenhanced Raman spectroscopy (SERS) mapping technique in Chapter 3, monitoring conjugation
of small molecules by the well-known click reaction between an alkyne and azido moiety on the
partner molecules. Since these universal Raman reporter groups are specific for click reactions,
this method may facilitate a broad range of applications for monitoring the conjugation
efficiency of molecules in diverse areas such as bioconjugation, material science or drug
discovery. The monitoring principle is based on loss of the Raman signal with non-Raman active
triazole formation in the reaction as a function of time. Additionally, as an attractive advantage
of this technique, no significant background signal is expected during the measurements, since
these signals reside in a Raman silent region of 2000-2300 cm-1, where DNA and protein do not
have signals.

5.1

Introduction
The term click chemistry was first used by Kolb et al., who initially described the goal to

develop a set of modular building blocks, such as azide and alkyne, to generate novel structures
by covalently attach two chemically dissimilar molecules [159]. Inspired by nature, these
reactions focus on carbon-heteroatom bond formation, but unlike nature, these reactions are
irreversible. There are two main characteristics of click chemistry, which makes them extremely
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attractive for assembling biomolecules, compounds for preclinical and clinical applications.
First, they are bioorthogonal, i.e., they do not interfere with native biochemical processes.
Secondly, the reactions proceed usually in water under mild nontoxic conditions at room
temperature. For example, the copper-catalyzed Huisgen cycloaddition, azide-alkyne [3+2]
dipolar cycloaddition, Staudinger ligation and azide-phosphine ligation each possess these
unique qualities.
The Huisgen 1,3-dipolar cycloaddition is one of the most popular click reactions, which
fuses an alkyne and azide moiety promoting the formation of a variety of five-membered
heterocycles, such as the chemically stable triazole. This type of reaction is unique in that the
small azide group does not occur in naturally existing compounds, completely inert with
biomolecules, thus only reacts with a limited set of conjugation partners. In addition, this
reaction is carried out under mild conditions providing high yield, great selectivity as well as
specificity. However, Huisgen cycloaddition proceeds slowly in the absence of a copper catalyst,
rendering this reaction generally unsuitable for most applications for biomaterials due to the
toxicity of the metal. Fortunately, Codelli et al. improved the original method by employing
highly strained cyclic alkynes that readily and selectively react with azides [160, 161]. He
demonstrated that the reaction rate of this new copper-free click reaction is comparable to the its
Cu(I)-catalyzed counterpart, in which the azide moiety reacts with terminal alkynes [161, 162]
validating the potential of this strategy to be used in biomedical applications.
For this reason, click chemistry has found growing applications in diverse areas such as
drug discovery [163] in medicinal chemistry, bioconjugation [164] in proteomics and nucleic
research, as well as radiochemistry [165] involving selective radiolabeling of biomolecules in
cells and living organisms for imaging and therapy. Since click chemistry provides a powerful,
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attractive alternative to a diverse set of conjugation and assembly technologies, development of
universal strategies to monitor its efficiency are an essential utility for future applications.

5.2

Materials and Methods

5.2.1 Materials
In the click reactions for bioconjugation, Cy3-labeled dibenzylcyclooctyne (DBCO-Cy3,
MW = 983.18) obtained from Click Chemistry Tools (Scottsdale, AZ) was used as one of the
precursors, while the other precursor, 2'-deoxythymidine-5'-[6-(4-azidobutanamido)hexyl]
hexaphosphate (dT6P-N3, MW = 917.37), was synthesized in-house and used as received from
our chemistry lab (Shiv Kumar, Mintu Porel). In the matrix-assisted laser desorption/ionizationtime of flight mass spectrometry (MALDI-TOF MS) measurements, matrix solution was
prepared by dissolving 35 mg 3-hydroxypicolinic acid (3-HPA, MW = 139.11) with 6 mg
tribasic ammonium citrate (MW = 243.22, ≥97% titration) in 800 µL of 50% acetonitrile (ACN)
in deionized H2O. DMSO (dimethyl sulfoxide), DMF (dimethylformamide), PBS (phosphate
buffered saline, 1x) and TWEEN® 20 used in dilution series or buffer preparation and
solubilization of membrane proteins, were purchased from Sigma-Aldrich (St. Louis, MO).
5.2.2 Small Molecule Conjugation by Copper-Free Click Reaction
5.2.2.1 Preparation of DBCO-Cy3-dT6P-N3 Conjugate
First, a 5 mM stock solution of DBCO-Cy3 in DMSO was prepared according to a
commercial protocol. Similarly, we prepared 15 mM stock solution of in-house synthesized
dT6P-N3 in deionized H2O. These starting materials were diluted to a 0.5 mM for small-molecule
click chemistry, which was verified using ultraviolet (UV) absorption by NanoDrop (Thermo
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Fisher Scientific, Waltham, MA) spectrophotometry (DBCO-Cy3: Abs = 553 nm, ε = 151000
M-1cm-1; dT6P-N3: Abs = 260 nm, ε = 8600 M-1cm-1). Next, 10 µL of 0.5 mM DBCO-Cy3 and
10 µL of 0.5 mM dT6P-N3 were mixed in a 1:1 ratio to a total of 20 µL to carry out the copperfree click reaction. The reaction mixture was continuously shaken for 1 hr in an Eppendorf tube
and 1 µL aliquots were removed for MALDI-TOF MS and surface-enhanced Raman
spectroscopy (SERS) measurements at various time points (t = 1, 8, 60 min).
5.2.2.2 MALDI-TOF Mass Spectroscopy Verification
Samples from the time series (1 µL aliquots) were dissolved in 9 µL of deionized H2O
and immediately stored in a freezer at -20 °C to stop further conjugation. ZipTip® (Millipore,
Billerica, MA) purification was performed on these diluted samples to remove salt residues, after
which they were dried for 30 min in a benchtop vacuum concentrator (Labconco, Kansas City,
MO). Dried samples were diluted in 1 µL deionized H2O and mixed with 1 µL matrix to plate
for MALDI-TOF spectroscopy. All samples were measured immediately after crystallization and
a set of N spectra (in this work, typically N = 10) was acquired at randomly selected regions on
the sample spot. Data are presented as background removed averages of such a data set.
5.2.3 Raman Mapping Measurement
For SERS measurement, a 1 µL aliquot from the click reaction time series were dissolved
in deionized H2O to obtain a total volume of 50 µL. Immediately after, a gold nanopillar
substrate (see Materials and Methods in Chapter 3 for fabrication details) with square area of 9
mm2 was incubated in this ~100 µM solution for 4 hrs and actively dried using a fan for 1 hour.
An inVia Raman microscope (Renishaw, UK) was used in a standard backscattering
configuration under the 632.8 nm excitation line of a He−Ne laser. Signal was collected a
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through a slit opening of 50 μm diameter and 1800 l/mm grating by using a 0.75 NA dry
objective of 50× magnification (Leica Microsystems, Germany). All spectra in this work were
obtained with an exposure time of 1 sec and at 0.3 mW laser power before the objective. For the
characteristic azido (N3) and distributed alkyne (DBCO) peaks (2120 cm-1 and 2185 cm-1)
intensity heatmaps were generated using the signal to baseline map generation algorithm of the
WiRE 3.2 software (Renishaw, UK) for spectral ranges of 2110-2130 cm-1 and 2175-2195 cm-1
respectively. Finally, for each map, we generated histograms rendering the top 20% of hotspots,
determined their intensity integrals and represented them as barplots along with the azido control
peaks. For each concentration point, the top 1, 20 and 100% of spectra were averaged using a
custom MATLAB (MathWorks, Natick, MA) script (see next section and Appendix A2 for the
algorithm) for each mapping experiment.
5.2.4 Spectral Averaging Algorithm
For spectral averaging, a set of MATLAB scripts were written to process the large
number of datasets (900 spectra per mapping point) in an automated fashion (see Appendix A2
for all files). First, a set of M raw Raman mapping files (in this work, M = 3 corresponding to the
sampling time points) were converted to text data – containing spectral information for each
point-by-point measurement – using the batch file converter algorithm of the WiRE 3.2 software.
Then, based on these text files as inputs, a set of M individual spectral files (1021 spectral points
each) were generated, which were indexed according to their location in the two-dimensional
(2D) mapping grid. For each individual Raman spectrum, the baseline-removed spectrum was
generated utilizing a non-quadratic cost-function prediction. Subsequently, the maximum
intensity values for all baseline-removed spectra were found in a range of signal interest, and
corresponding intensity matrices (with indices of XY mapping steps) were created. Secondly,

112
based on this set of M signal intensity matrices as inputs, a data structure array was built
containing unique measurement information addressed to each mapping point in the experiment
(such as maximum SERS signal or XY coordinates). This data structure was ranked in
descending order according to the maximum SERS signal determined by the algorithm discussed
in the previous paragraph. Finally, the top p% of spectral files are averaged, determined by an
input parameter (here p = 20%).

5.3

Results

5.3.1 Principle of SERS Detection
In the proof of principle, small-molecule click reactions for bioconjugation, DBCO-Cy3
and dT6P-N3 molecules were used as precursors. The DBCO group reacts with an azido to
produce a chemically stable triazole (Figure 5.1), which is also denoted as the Cu(I)-free or
strain-promoted click reaction. This bioorthogonal reaction possesses extreme selectivity and
biocompatibility, such that the complimentary reagents can form covalent bonds within richly
functionalized biological systems. Figure 5.2 illustrates the basic principle of click chemistry
monitoring via SERS for biomolecular conjugation. High density gold coated nanopillars are
vertically oriented and separated by 50-100 nm interpillar gaps. Aliquots from copper-free click
reactions sampled at various time points are introduced containing unreacted DBCO and azido
containing precursors separated by 50-100 nm interpillar gaps. Aliquots from copper-free click
reactions sampled at various time points are introduced containing unreacted DBCO and azido
containing precursors (DBCO-Cy3 and dT6P-N3 in our case) and conjugation product (Cy3[triazole]-dT6P). After liquid evaporation, due to surface tension the nanopillars lean towards
each other. Raman active molecules surface-adsorbed within the leaning region (< 10 nm)
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Figure 5.1: Small molecule conjugation via copper-free click reaction. DBCO-Cy3 and dT6P-N3
molecules were used to produce the Cy3-dT6P conjugate. The DBCO group reacts with an azide to
produce a chemically stable triazole moiety.

exhibits a strong SERS enhancement effect due to the highly localized plasmonic field around
the contact region. By monitoring the Raman active DBCO and N3 moieties of the precursor
molecules, one should obtain an exponential signal decay associated with triazole formation,
providing the opportunity to probing the bioconjugation efficiency of these types of click
reactions. Additionally, these signals reside in a general Raman silent region for biomolecules
(2000-2300 cm-1), thus no significant background signal expected during the measurements.
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Figure 5.2: Schematics of the SERS quantification method to monitor click chemistry for biomolecular
conjugation. (a) Aliquots from copper-free click reactions are introduced containing unreacted DBCO-Cy3
(red) and dT6P-N3 (blue) precursors and conjugation product (green). (b) Molecules will be surface
adsorbed in a random fashion during incubation; some of these molecules will be residing on the gold
pillar heads as well by chance. (c) After liquid evaporation, the nanopillars lean towards each other
because of surface tension possibly encapsulating molecules labeled with Raman active moieties
(DBCO, N3). Hotspot entrapped molecules are enhanced and their characteristic Raman signal is
collected via point-by-point mapping.

115
5.3.2 SERS to Monitor Click Chemistry for Biomolecular Conjugation
5.3.2.1 Calibration Curves and Characteristic Peaks
We first investigated the ability to use Raman mapping to quantify DBCO-Cy3 and
dT6P-N3 precursor molecules on the same gold nanopillar substrates used in Chapter 3. Around
1,000 spectra from areas of three independent substrates were collected using point-by-point
Raman mapping (see Materials and Methods for instrumentation) at 10 µM, 100 nM, 1 nM and
10 pM concentrations for both DBCO-Cy3 (in DMSO) and dT6P-N3 (in deionized H2O)
respectively. Characteristic SERS peak intensities (Figure 5.3) of the DBCO group due to C≡C
stretching vibration (~2185 cm-1) and the N3 moiety due to the asymmetric stretching vibration
of N=N=N (~2120 cm-1) were extracted independently and their intensity integral was generated
based on the top 20% of collected SERS spectra in each mapping experiment. Figure 5.4 shows
the experimentally obtained intensity integrals of hotspots for both diagnostic peaks (DBCO –
red, N3 – blue) as a function of concentration along with their respected power fit (dotted lines)
with the high coefficient of determination (R2) values (R2 > 0.84) indicating a strong power
relationship. It is notable that intensity integral values corresponding to the N3 moiety are about 8
times larger than the ones for the DBCO moiety, i.e., the Raman probes in consideration have
different “strengths”. These may be utilized as calibration curves to estimate unknown
concentrations of these precursors during click chemistry, i.e., the biomolecular conjugation
efficiency.
5.3.2.2 Repeatability of SERS Measurement
In order to determine the repeatability of SERS mapping measurements for individual
substrates with the same treatment conditions, 0.5 mM DBCO-Cy3 and 0.5 mM dT6P-N3 were
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Figure 5.3: Characteristic SERS peaks for DBCO-Cy3 and dT6P-N3 precursors during mapping
experiments.

Figure 5.4: Experimental hotspot intensity integral plots for precursors (A) DBCO-Cy3 and (B) dT6P-N3
as a function of analyte concentration on a semi-log scale (solid lines). The error bars represent 2
standard deviations on three different samples for the same concentration. The curves fit power functions
2

(dotted lines) with high R values shown in the insets. Note the different intensity scales for each plot.
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mixed in a 1:1 ratio to carry out the copper-free click reaction. Immediately after mixing, a 5 µL
aliquots were taken out of the reaction mixture and each was diluted in about 50 µL deionized
H2O to serve as initial time points (t = 0 min) for SERS measurements. At this point, we do not
expect the reaction to form Raman inactive triazole, thus SERS signals are expected to be
contributed from the precursors only. Gold nanopillar substrates were reacted with these samples
after which Raman mapping experiments were carried out, collecting 900 spectra (30 µm × 30
µm) for each measurement (see Materials and Methods). From each of the generated maps,
intensity integrals were calculated based on the top 20% of collected SERS spectra for both
DBCO and N3-labeled precursors (as shown in Figure 5.5). The mean and standard deviations of
intensity integrals for DBCO-Cy3 and N3-dT6P were:

Figure 5.5: SERS intensity integral bar plots for click reaction precursors (DBCO-Cy3 – red and dT6P-N3
– blue) at initial time for five independent experiments. The high repeatability confirms the robustness of
the mapping approach.
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verifying that the measurements from the different substrates were not statistically different and
confirming the reproducibility of the experimental mapping technique. Using the calibration
curves from Section 5.3.2.1, we estimated the unreacted DBCO-Cy3 and dT6P-N3 precursors to
be in the picomolar concentration range (using a conservative 2σ error) (Figure 5.6), i.e., this is
the approximate concentration level of randomly adsorbed molecules deposited on the SERS
substrate surfaces during incubation (clearly less than 0.5 mM starting material). The averaged
peak intensities for various hotspot percentages (Figure 5.7A) and concentrations (for the
DBCO-labeled precursor) (Figure 5.7B) were also computed (see Materials and Methods for
spectral averaging algorithm), demonstrating that only a small fraction of highly enhanced

Figure 5.6: Calibration curves estimating the adsorbed DBCO-Cy3 and dT6P-N3 precursors at the start of
the copper-free click reactions (solid lines). Both surface adsorbed precursor SERS signals (dotted lines)
correspond to an approximate picomolar concentration regime. Same calibration curves (power fits) as in
Figure 5.4 zoomed into the predicted concentration range.
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Figure 5.7: The averaged peak intensities for DBCO-Cy3 and dT6P-N3 precursors in the repeatability
experiments. (A) Various hotspot percentages (1% - black, 20% - brown, 100% - yellow) are shown,
indicating an averaged signal intensity drop with increasing experimental data points. (B) SERS signal
decrease as a function of DBCO-labeled precursor concentration.

signals contribute to the total intensity – consistent with the Pareto principle [137, 138] as
observed in Chapter 3 (Section 3.3.4). In summary, we demonstrated that both alkyne and azido
SERS signals are repeatable with small chip-to-chip error.
5.3.2.3 SERS Validation of Small Molecule Bioconjugation
In order to monitor click chemistry for biomolecular conjugation, two small molecules
(1) DBCO-Cy3 (an azide-reactive dye often used for chemical labeling) and (2) dT6P-N3 were
mixed in a 1:1 ratio to carry out copper-free click reactions (described in Materials and
Methods). This mixture was continuously shaken at room temperature, while aliquots were taken
out at various time points (t = 1, 8, 60 min) for SERS and MALDI-TOF measurements –
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monitoring the start-, mid- and endpoint of the reaction. Immediately after the sample was
withdrawn, each aliquot was further diluted to stop the triazole formation. Then, a gold
nanopillar substrate was incubated in this solution for the DBCO- and N3-labeled precursor
molecules to be adsorbed to the gold pillar surfaces. After complete drying, Raman mapping
experiments were carried out on these treated substrates, in which about 1,000 spectra were
collected for each measurement (see Materials and Methods for instrumentation).
Intensities of the characteristic DBCO and N3 vibrational peaks (2185 cm-1 and 2120
cm-1) were extracted independently and their Raman heatmaps were generated rendering a
collection of intensity values corresponding to mapping points (pixel = 1 µm × 1 µm) on the
substrate for various time points in the click chemistry reaction (Figures 5.8A-B). Our
experimental results showed that the longer the click reaction was allowed to proceed (t → 1 hr),
the less abundant and dimmer hotspots were detected for the precursor labels (appearing at 2185
cm-1 and 2120 cm-1 in the Raman spectrum). We computed histograms of these intensity maps,
in which the smallest and largest value on the x axis corresponds to the hotspot minima and
maxima of the Raman maps (Figures 5.8C-D). These histograms follow a highly skewed or
long-tailed truncated Pareto distribution (TPD) as expected based on other work. These statistical
representations indicated that as the DBCO reacts with the azide group to form a triazole, their
Raman (or SERS) signal decays with respect to time, thus monitoring conjugation efficiency of
these small molecules. Also, because DBCO and azide moieties are absent from tissues from
higher animals, one would expect minimal amount of unwanted reactions. Figure 5.9 shows the
experimentally obtained intensity integrals of hotspots for both characteristic precursor peaks
(black lines) along with their respected power fit (orange lines). The high coefficient of
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Figure 5.8: Raman mapping of SERS intensity distribution monitoring click reactions. (a,b) Intensity
heatmaps of DBCO and N3 vibrational peaks 2185 cm

-1

1

(left) and 2120 cm- (right) in a time series of

mapping experiments for monitoring small molecule (DBCO-Cy3 and dT6P-N3) conjugation efficiency. A
substrate area of about 30 μm × 30 μm is shown in each case, along with the same intensity scale bar (in
arbitrary units) for both precursor peaks. The Raman map pixel size is 1 µm × 1 µm. (c,d) Histogram
representation of SERS intensity distributions of hotspots at different time points during the click reaction.
-1

Three histograms are displayed in overlaid configuration for both (c) 2185 cm (DBCO) and (c) 2120 cm

-1

(N3) corresponding to various sampling times (t = 1, 8, 60 min).

Figure 5.9: Experimental hotspot intensity integral plots monitoring click reactions for the diagnostic
-1

-1

precursor (DBCO-Cy3 and dT6P-N3) peaks, (a) 2185 cm and (b) 2120 cm , as a function of time on a
semi-log scale (solid black curves). The error bars represent 2 standard deviations on three different
samples for the same treatment. Both curves fit power functions (solid orange lines).

determination (R2) values (> 0.95) demonstrate a strong power relationship of decaying SERS
intensity integrals as a function of time. This correlation was depicted (using a different
graphical representation) with bar plots as well (Figure 5.10A), and their corresponding
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Figure 5.10: SERS signal decay during small molecule click reactions. (A) Experimental bar plots for the
diagnostic precursor (DBCO-Cy3 and dT6P-N3) peaks, (a) 2185 cm

-1

-1

and (b) 2120 cm , for three time

points during the conjugation reactions (t = 1, 8, 60 min). The error bars represent 2 standard deviations
on three different samples for the same treatment. (B) Averaged peak intensities for the two participating
precursors in the same click reactions. Various time points (1 min - blue, 8 min - green, 60 min - red) are
shown, indicating an averaged signal intensity drop with increasing reaction time.

averaged peak intensities were also computed (see Materials and Methods for spectral averaging
algorithm) (Figure 5.10B). There was a characteristic SERS signal decay for both DBCO and N3
peaks (2185 cm-1 and 2120 cm-1), which was already shown quantitatively for the same
experiments (see Figure 5.8). Experiments were performed three times at each time point.
5.3.2.4 MALDI-TOF Verification of Precursors and Product
Simultaneously with the SERS measurements, the click conjugation reactions were also
subject to MALDI-TOF mass spectrometric verification (see Materials and Methods for details),
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at the three different sampling times from the same reaction mixture. Since MALDI-TOF MS is
not a good quantitative method (at least when compared to SERS), we present mass spectra only
at the start- and endpoints (corresponding to t = 1 and 60 min respectively) to qualitatively
confirm reaction status.
At the beginning of the click reaction, the presence of both precursor molecules, DBCOCy3 and dT6P-N3, were confirmed with MALDI-TOF MS by observing their expected mass
peaks (experimental: 984.10 Da, calculated: 981.16 Da; experimental: 933.70 Da, calculated:
932.38 Da) respectively (Figure 5.11A). The conjugation product peak is absent in the mass
spectrum, which indicates that after only 1 min minimal or no click reaction has taken place. At
the end of the bioconjugation reaction, the emergence of the conjugation product (experimental:
1988.33 Da, calculated: 1988.33 Da) and the 10-fold reduction (by intensity count) of the
precursor peaks verified that the click reaction proceeded almost to completion with an estimated
~90% yield (Figure 5.11B). These qualitative MS results, combined with the quantitative SERS
intensity measurements, strongly suggest that the kinetics of the click chemistry reaction may be
monitored with surface-enhanced Raman spectroscopy by probing the signal decay of DBCO
and azido containing precursors as a function of reaction time.

5.4

Conclusions and Discussion
A simple and versatile surface-enhanced Raman spectroscopy based quantitative method

has been developed for the evaluation of catalyst-free click reaction efficiency for small
molecule conjugation. Because the DBCO and N3 groups are specific in the Cu(I)-free click
reactions, as a universal strategy, this method may facilitate a broad range of applications for
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Figure 5.11: MALDI-TOF mass spectrometric (MS) verification of small molecule click reaction. (A) At the
beginning of the conjugation (t = 1 min), the precursors (DBCO-Cy3, MW = 981.16 – red triangle; dT6PN3, MW = 932.38 – blue rectangle; 0.5 mM each) are both present in the mass spectrum and the click
conjugation product, with a theoretically predicted mass value of 1913.55 Da is absent. (B) At the end of
the bioconjugation (t = 60 min), the mass of click product (green circle) is dominant in the spectrum, while
the amount of precursors clearly decreased – indicated by the 10-fold intensity drop of percent intensity
signal. Salt (Na) impurities are also noted.

monitoring the conjugation efficiency of molecules in diverse areas such as bioconjugation,
material science or drug discovery. This principle is based on their Raman (or SERS) signal
decays with respect to time caused by non-Raman active and stable triazole formation.
Additionally, these signals reside in a Raman silent region of 2000-2300 cm-1, where DNA and
protein do not have signals, thus no significant background signal is expected during the
measurements.
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Part II

Dynamical Analysis of Molecular Motors Involved

in DNA Processing
One of the principal tools in the theoretical study of biological molecules is the method of
molecular dynamics simulations (MD). This computational method calculates the time
dependent behavior of a molecular system. MD simulations have provided detailed information
on the fluctuations and conformational changes of proteins and nucleic acids. These methods are
now routinely used to investigate the structure, dynamics and thermodynamics of biological
molecules and their complexes. In this part, a brief study is presented investigating DNA
processing molecular motor (e.g., helicase) functions at the atomistic level. This may potentially
serve as a model system leading towards the analysis of DNA polymerase, a complex molecular
motor involved in the DNA incorporation event, which can be defined as the single unit in the
sequencing event.
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Chapter 6.

Mechanism of Flexibility Control for ATP

Access of Hepatitis C Virus Nonstructural 3 Helicase
Hepatitis C virus (HCV) NS3 helicase couples adenosine triphosphate (ATP) binding and
hydrolysis to polynucleotide unwinding. Understanding the regulatory mechanism of ATP
binding will facilitate targeting of the ATP binding site for potential therapeutic development for
hepatitis C. T324, an amino acid residue connecting domains 1 and 2 of NS3 helicase, has been
suggested as part of a flexible hinge for opening of the ATP binding cleft, although the detailed
mechanism remains largely unclear. We used computational simulation to examine the
mutational effect of T324 on the dynamics of the ATP binding site. A mutant model, T324A, of
the NS3 helicase apo structure was created and energy minimized. Molecular dynamics
simulation was conducted for both wild-type and the T324A mutant apo structures to examine
their differences. For the mutant structure, histogram analysis of pairwise distances between
residues in domains 1 and 2 (E291-Q460, K210-R464 and R467-T212) showed that separation
between the two domains was reduced by ~10% and the standard deviation by ~33%. Root mean
square fluctuation (RMSF) analysis demonstrated that residues in close proximity to residue 324
have at least 30% RMSF value reductions in the mutant structure. Solvent RMSF analysis
showed that more water molecules are trapped near D290 and H293 in domain 1 to form an
extensive interaction network constraining cleft opening. We also demonstrated that the T324A
mutation established a new atomic interaction with V331, revealing that an atomic interaction
cascade from T324 to residues in domains 1 and 2 controls the flexibility of the ATP binding
cleft. The work presented in this chapter has been published [166].
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6.1

Introduction
Hepatitis C virus (HCV) is the major causative agent of parentally transmitted non-A and

non-B hepatitis [54] causing chronic hepatitis, liver cirrhosis and hepatocellular carcinoma [54,
55]. About 3% of the population worldwide is infected by HCV and currently no protective
vaccine is available. Recent research efforts have targeted the replicative enzymes of HCV as
potential and important therapeutic targets [167]. A variety of ATP binding inhibitors are under
development to block HCV replication, including ones which have already been used as
successful therapeutic agents for chronic myeloid leukemia and other serious diseases [168].
Even though these findings suggest feasible strategies for developing specific inhibitors to block
the action of this critical drug target, an accurate description of protein flexibility and its
influence on ATP recognition is unavailable. In the past decade, many advances have been made
in incorporating protein flexibility in drug discovery, taking multiple conformational states for
ligand binding into consideration [169-174]. Therefore, more effective research efforts are
urgently needed to understand the ensembles of HCV protein structures underlying global and
local flexibility.
The HCV genome encodes a large poly-protein called nonstructural protein 3 (NS3),
which is responsible for viral replication. NS3 is classified as a superfamily-2 (SF2) helicase,
which has polynucleotide triggered dNTPase activity and can unwind both RNA and DNA in the
3'-5' direction [50]. It is composed of three domains. Domains 1 and 2 have conserved RecA-like
motifs able to sandwich ATP [175], while the polynucleotide resides orthogonally in a groove
between domain 3 and domains 1 and 2 [176]. ATP can form an extensive hydrogen bond
network [177], and its binding to the catalytic site and its hydrolysis cycle are tightly coupled to
the polynucleotide’s translocation and affinity. The mechanisms of this coupling have been
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proposed and examined [178, 179], although the atomic details of how the ATPase cycle can
regulate the conformational changes remain unclear.
Kinetic studies demonstrated that ATP binding results in an almost 100% decrease in the
association rate constant for the enzyme and nucleic acid [180]. Several crystal structures of NS3
helicases showed that the helicase domain was complexed with single-stranded DNA [52]. Based
on these protein structures, a model was proposed detailing the molecular mechanism of singlestranded polynucleotide translocation. These findings revealed that ATP binding induced closure
between RecA-like domains 1 and 2, which resulted in an associated unidirectional movement of
the bound polynucleotide relative to the protein. This model was supported by an inchworm
mechanism proposed subsequently for HCV NS3 helicase, which extended the previous
hypothesis with an additional mechanism responsible for duplex unwinding tightly coupled to
the DNA translocation process [51]. A comparative structural study [181] between HCV NS3
helicase and Rep helicase, an SF1 family member, demonstrated the importance of motif III
(322-326), which contains amino acid residue T324, in the indirect transduction of allotropic
effects of nucleotide binding and hydrolysis upon DNA binding.
To gain a better understanding of the underlying atomic details of this model, ATPase
activities of a series of helicase mutants were measured in the presence of poly(U) to simulate
the ATP hydrolysis of HCV NS3 [182]. Enzymatic activity was measured kinetically by varying
the concentration of the ATP substrate. Compared to the wild-type protein all mutants showed a
reduced level of ATPase activity [182]. One of the two mutated threonine residues was T324,
which is thought to act as a hinge connecting domains 1 and 2 of the ATP binding cleft (Figure
6.1). When substituting alanine for T324 or T322, ATPase activity was dramatically reduced to
30% and 16% compared to the wild-type protein respectively. These results revealed the
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importance of hinge residue T324 of motif III in ATPase activity regulation due to its vital role in
modulating the opening and closing of the ATP binding cleft between the two domains. Thus, the
detailed understanding of the opening/closing of domains 1 and 2 associated with the ATP
binding mechanism on the atomic level provides a promising approach for new therapeutic
options, targeting the ATP binding site for potential hepatitis C treatment.

Figure 6.1: The ATP binding pocket of HCV NS3 helicase. Residues from motifs I, II, III, V, and VI are
shown to interact with different parts of ATP. T324 near motif III is located in the loop connecting domains
1 and 2 and regarded as a hinge residue. ATP is located in the cleft between domains 1 and 2
represented as CPK and color coded according to elements. The hotspot residues involved in ATP
coordination and active-site rearrangement for catalysis are represented as licorice and labeled with
single-letter codes, residue numbers and motif codes.
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Recently a set of crystal structures of NS3 helicase were obtained [53], in which ATP
mimics (ADP · BeF3 and ADP · AlF4-) were captured in the ground and transition states. The
results indicated that NS3 domains 1 and 2 close in the presence of ADP · AlF4-, which binds in a
pocket, formed by motifs I, II, III, V and VI (Figure 6.1). These findings suggest that residues
including D290, E291, Q460, T212 and K210, which reside prominently in the interdomain cleft,
play a critical role in active-site rearrangement to stabilize the ATP moiety for catalysis [53].
These interdomain residues were examined by in vitro kinetic experiments of mutant NS3
helicases [182], and the results revealed that K210 in the Walker A nucleotide binding motif and
D290, E291 in the Walker B motif were crucial to ATPase activity, while Q460 acted as a
gatekeeper playing an essential role influencing the microenvironment modulating enzymatic
activities in that region. It was also shown that T212 plays a role in stabilizing the ATP
interaction for catalysis based on conformational snapshots of NS3 helicase [53].
Previous correlation analysis carried out in the Liao laboratory [179], in which individual
residues are perturbed in order to compute how that change affects the global fluctuation of a
subset of spatially distant residues based on an elastic network model, showed that the hotspot
residues of NS3 helicase responsible for ATP binding do not only cover the immediate cleft
vicinity, but span an extensive atomic network, which could even reach the polynucleotide
binding site. These hotspot residues are postulated to be involved in the interaction network
controlling the ATP coordination and active-site rearrangement for catalysis and can potentially
be affected by the T324A mutation. Due to change in the microenvironment surrounding the
hinge, a downward projecting atomic cascade can affect the opening and closing of the ATP
binding cleft between domains 1 and 2.
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Gu et al. demonstrated that water molecules – among other residues located in both
domains 1 and 2 of the ATP-binding cleft – were actively involved with ATP coordination and
active-site rearrangement for catalysis [53]. It was shown that α and β-phosphate groups were
coordinated by two spatially restricted water molecules along with motif I main-chain nitrogens
(G207 to T212) and side chain atoms (K210 and T212). Furthermore, the γ-phosphate groups
were coordinated by three positively charged side chains (K210, R464 and R467) and watermediated interactions. Finally, the metal ion essential for ATP catalysis located in the octahedral
opening of the ATP-binding cleft was coordinated by two water molecules and some motif I/II
residues (S211 and E291). Thus, by analyzing the atomic interaction changes, involving the
spatially restricted water molecules and the hinge residues, one could describe the atomic details
of the flexibility modulation of the ATP binding cleft.
Molecular dynamics (MD) simulations have been successfully used for analyzing the
dynamic behavior of biomolecular structures [183-187]. Since the rational design of possible
inhibitors requires a precise understanding of the mechanochemical behavior of their target
structures, the MD simulation along with the experimental mutagenesis results might shed light
into key regions which can be targeted for developing antiviral drugs.
For example, a previous MD study (paired with stochastic-dynamics descriptions) of
DNA translocation of PcrA helicase demonstrated that ATP hydrolysis couples to conformational
changes of the motor protein [188]. Their results also revealed that an "arginine finger" residue is
essential for stabilizing the reaction intermediate for ATP hydrolysis, thereby providing a means
of coupling this to large scale protein conformational changes. Additionally, mutational studies
on NS3 helicase showed that if the highly conserved “arginine finger” residues, such as R461,
R462, R464 and R467 in motif VI, are mutated, the polynucleotide unwinding and ATPase
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activities are severely impaired [189-191]. The combination of in silico and mutational study
results would provide a perspective of residue interactions in hotspot regions during nucleic acid
binding and ATPase activity of NS3.
Up to now, no dynamic analysis has been reported evaluating the effects of hinge residue
T324 involved in ATP active site coordination of NS3, and its tight coupling to nucleic acid
binding. In this chapter we investigate the behavior of the ATP active site microenvironment,
using molecular dynamics simulations, starting from a set of protein structures. Our MD
simulation study focusing on the T324 residue mutation reveals that this residue plays a critical
role in the atomic coordination of flexibility control of domains 1 and 2 of the ATP binding cleft
through a series of cleft residues. The interaction of these residues with residue 324 dictates the
entropic degrees of freedom of the ATP binding cleft.

6.2

Materials and Methods

6.2.1 Molecular Dynamics Simulation
Two HCV NS3 helicase structures (PDB: 3KQH and 3KQL) and two computationally
mutated structures were used for MD simulation (Table 6.1). 3KQH is a structure in its apo state
while 3KQL is a structure with ATP mimic (ADP · AlF4-) bound. The two mutant structures were
created by replacing T324 of 3KQH and 3KQL with A324. Both of these structures were
computationally mutated using Swiss-PdbViewer [192] and energy minimized with GROMACS,
which allowed browsing of a rotamer library in order to change amino acid side chains.
Molecular dynamics simulations were carried out with GROMACS [193] using the
AMBER-99 force field [194] in the Ewald-Berendsen type isobaric–isothermic thermodynamic
ensemble at 1 ATM and 300 K. Each structure was neutralized and embedded in a periodic box
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containing SPC 3-point water model [195] molecules (Table 6.1). Then the energy minimization
procedure was carried out using the steepest descent integration algorithm. After energy
minimization, a 5000-step position restricted MD simulation was carried out keeping the
complex and ions fixed using Fast Particle-Mesh Ewald (PME) summation for electrostatics.
PME parameters were chosen with grid dimension of 1.2 Å, interpolation order of 4 and a 10 Å
direct space cut off value to further equilibrate the protein structures. For each construct, 3 × 20
ns MD simulations (three different seeds) were carried out with constraints applied on all bonds
using the leap-frog algorithm [196] for the integration of the equations of motion with a time step
of 2 fs. Details of the four systems studied including total number of atoms (whole system vs.
structure only), solvent molecules and number of counter ions (Na+, Cl-) used to neutralize each
system are given in Table 6.1.

Table 6.1: Atomic and molecular details of the four HCV NS3 helicase systems studied. HCV NS3
helicase structures designated as 3KQH-T324A and 3KQL-T324A correspond to the T324A mutation of
the two wild-type structures respectively.

Crystallographic systems

3KQH

3KQL

3KQH-T324A

3KQL-T324A

Total number of atoms in system

39,078

35,709

39,068

35,699

6705

6759

6701

6755

H2O

10,764

9625

10,762

9624

Na+

46

42

44

40

Cl-

35

31

35

31

Total number of atoms in NS3 structure
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6.2.2 Root Mean Square Deviation Analysis
For each case, root mean square positional deviations (RMSD) from the crystallographic
structure of all backbone atoms were calculated by least-square fitting according to the equation:

(6.1)

where M is the total mass of the structure (sum of all atomic masses in the molecule); N is the
total number of residues in NS3 helicase (436); mi is the mass of atom i; ri(t) is the position of
atom i at time t and t0 is the reference time for the structure or the initial time at the start of the
simulation (t=0).
6.2.3 Pairwise Distance Analysis of Hotspot Residues
For all structures, the minimum distance was calculated between a hotspot residue group
in domain 1 (E291, D290 and T212) and another selected residue group in domain 2 (Q460,
R464 and R467) of the ATP binding cleft, such that the distance could shed light onto the
dynamic behavior of that particular region. The minimal distance between any pair of atoms
from the respective groups was determined for both the wild-type and T324A mutant apo
structures. Three such residue pairs, namely Q460-E291, R464-D290 and R467-T212, were
selected based on results of “fluctuation-based correlation analysis” performed by Zheng [179],
which probes the dynamic behavior of the top, middle and bottom regions of the ATP binding
cleft respectively. For every such hotspot residue, individual atomic groups were created
containing three randomly selected backbone atoms belonging to each residue in the pair.
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6.2.4 Identification of Trapped Water Molecules
To understand the interaction cascade due to water molecules around the hinge region for
both wild-type (PDB: 3KQH) and its mutant apo constructs, we performed an additional 3 × 500
ps simulations (three different seeds) after the original 20 ns MD run. We used the time after the
20 ns simulation instead of directly analyzing the data from the first 20 ns because we wanted to
make sure that the transient effects from the original structure for the localization of water
molecules were subsided after 20 ns. The average root mean squared fluctuation (RMSF) was
calculated over time per solvent molecule. Then all water molecules were ordered with
increasing RMSF values and 30 of those with the lowest RMSF values were identified. The
hydrogen bonds between all possible donors (D) and acceptors (A) for these water molecules and
residues within hydrogen bonding distances were computed and analyzed using GROMACS.
Hydrogen bonds were determined based on geometrical cutoff criteria for the angle (30°) A-D-H
and the distance (3.5 Å) H-A.
6.2.5 Solvent Accessible Area Analysis
For both wild-type (PDB: 3KQH) and its mutant apo constructs, GROMACS was utilized
to calculate the average solvent accessible surface area (SAS) over time per residue. Then a
custom MATLAB script was used to calculate the normalized SAS difference between the same
residues of the wild-type and mutant protein structures with:
(6.2)
where NSD is the normalized SAS deviation of each residue for wild-type vs. mutant proteins; S1
is the SAS value (in nm/S2/N) for residue x in the wild-type structure and S2 is the SAS value (in
nm/S2/N) for the same residue in the mutant structure respectively. We selected the top 10%
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residues with the largest positive SAS deviation averaged over three different seeds to identify
the locations with increased water access upon the hinge residue mutation.
6.2.6 Root Mean Square Fluctuation Analysis
For both wild-type (PDB: 3KQH) and its mutant apo constructs, the RMSF or the
averaged standard deviation of atomic positions in the trajectory was calculated for each residue
according to equation:
(6.3)

where T is the total number of frames (or time steps) during the MD simulation; rt is the averaged
standard deviation of atomic positions in the trajectory of a particular residue at time step t and μ
is the mean RMSF value for the same residue. Then a custom MATLAB script was used to
calculate the normalized RMSF difference between the same residues of the wild-type and
mutant protein structures using equation:
(6.4)
where NRD is the normalized RMSF deviation of each residue for wild-type vs. mutant
structures; R1 is the RMSF value (in nm) for residue x in the wild-type structure and R2 is the
RMSF value (in nm) for the same residue in the mutant structure. We selected the top 10%
residues with the greatest positive RMSF deviation averaged over three different seeds,
representing residues of the most significant decrease in protein flexibility upon mutation.
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6.3

Results and Discussion

6.3.1 Choosing Hinge Residue T324 for Study
We started the study with the intent of elucidating the detailed atomistic mechanism of
ATP binding and hydrolysis to polynucleotide unwinding coupling. Based on an experimental
mutagenesis study [182] and X-ray crystal structures [53] of NS3 helicase, three critical residues
(T324, V432 and Q460) were identified, which were potentially major players in the
microenvironment rearrangement involved in ATP binding and strand-separation mechanisms.
The main conclusions from these studies were:


T324: T324A mutation drastically reduced ATPase activity, which resulted most
likely from its special hinge location and its role in modulating the opening and
closing of the ATP binding cleft.



V432: Two key hydrophobic interactions between the nucleic acid bases and residues
W501 and V432 are involved in the strand-separation mechanism.



Q460: DNA splitting functionality is tightly coupled with the ATPase binding and
hydrolysis. Q460 is a key residue in the active-site rearrangement for catalysis.

Two wild type HCV NS3 helicase structures (PDB: 3KQH and 3KQL) and two
computationally mutated structures were used for MD simulation similarly to the 20 ns
simulation presented in this chapter. In both structures hydrophobic residue V432, Q460 and
T324 were computationally mutated to alanine giving eight distinct structures – including the
two wild-type configurations – for MD simulation (Table 6.2).

140
Table 6.2: HCV NS3 helicase systems studied in the preliminary MD simulations to identify residues vital
in the mechanism of ATP binding and hydrolysis coupled to polynucleotide unwinding. A total of eight
systems were evaluated with single mutations introduced in key residues involved in strand-separation.

Wild-type

3KQH

3KQL

V432A

3KQH-A432

3KQL-A432

Q460A

3KQH-A460

3KQL-A460

T324A

3KQH-A324

3KQL-A324

For each construct, 2 × 1 ns pilot MD simulations (two different seeds) were carried out
using GROMACS with the same parameters as in the 20 ns simulation. For all eight simulations,
the minimum distance was calculated between a hotspot residue group and another strategically
selected group of interest, such that the distance data could shed light on the dynamic behavior of
that particular region (Table 6.3).
For all eight cases, the mean and standard deviation of residue pair distances were
calculated using histogram analysis. The most interesting finding was related to hinge residue
mutation T324A. In the ATP bound helicase structure the minimal distance between D290-R467
drastically decreased, which implies that domain 1 and 2 are more compacted when ATP is
present (Figure 6.2). T324A mutation did not show a significant difference in the ATP-bound
cases, but when no ATP was introduced to the structures it greatly influenced the regional
stability of domain 1 and 2 with a two-fold increase in rigidity maintaining a characteristic
separation of about 20 Å (Figure 6.3). Thus, we choose T324A mutation of the unbound ATP
structure (3KQH) as the target of our analysis, since this showed the most promising dynamic
change related to the atomistic mechanism of ATP binding and hydrolysis.
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Table 6.3: Details of minimum distance measurements performed in the preliminary MD simulations,
along with the known dynamic functions of hotspot residues evaluated.

Distance measurement
Hotspot
residue

Dynamic function
START

V432

Q460

T324

three backbone
atoms of residue
V432

END
first three atoms of NA
chain (DA5) closest to
V432

probes structural transition to
propel helicase motion

three backbone atoms of
residue E291

probes the top pocket of ATP
binding groove 3D structural
dynamics

oxygen atom of ATP
closest to Q460 (O2B)

probes hotspot residue and ATP
interaction

three backbone atoms of
R467

probes hinge modulation

three backbone
atoms of residue
Q460

three backbone
atoms of residue
D290

6.3.2 ATP Binding Cleft Flexibility of HCV NS3 Helicase
Molecular dynamics (MD) simulation was conducted for two wild-type HCV NS3
helicase structures with and without ATP and two computationally mutated NS3 structures
(T324A) with and without ATP. Structural relaxation was monitored by analyzing the time
evolution of the root mean square deviation (RMSD) of the frames with respect to the initial
structure. In all four cases the RMSD showed convergence of the simulation within 20 ns
(Figure 6.4). The structures remain faithful to their starting configuration although an average
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Figure 6.2: Minimum distance histograms of T324A residue mutation with D290-R467. (A) Minimum
distance frequency of wild-type HCV NS3 structure with bound ATP. (B) Minimum distance frequency of
mutant HCV NS3 structure with bound ATP. Note that there is a small difference between population
mean and very similar standard deviation values for each case.

Figure 6.3: Minimum distance histograms of T324A residue mutation with D290-R467. (A) Minimum
distance frequency of wild-type HCV NS3 structure without bound ATP. (B) Minimum distance frequency
of mutant HCV NS3 structure without bound ATP. Note drastic difference in standard deviation of (A) and
(B), but steady value for population mean.
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Figure 6.4: Time evolution of RMSD of the coordinates of the HCV NS3 helicase structures with respect
to initial structures. RMSD over the 20 ns MD simulations for wild-type structures with (A) and without (B)
bound ATP; and for T324A mutant structures with (C) and without (D) bound ATP. RMSD for all
structures converged over simulation time, reaching an average deviation of 1.5 Å.

RMSD calculated over all backbone atoms reached about 1.5 Å. This means that the initial
crystal structure was well maintained during the time steps, thus providing proof of good quality
of the MD simulations. Figure 6.4 demonstrates that for all structures, the RMSD remained
stable around an average value of 1.5 Å over a considerable time period (10 ns) of the later part
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of the trajectory. For this reason, 20 ns simulation length is believed to be a sufficient time period
to sample the large scale domain dynamics caused by the T324A hinge residue mutation.
Based on the hotspot residues we identified earlier [179] and the locations of these
residues in the ATP binding cleft, we selected pairs from residue sub-groups located in domains 1
and 2 (Q460-E291, R464-D290 and R467-T212) to probe relative motion of these two domains
(Figure 6.5). Pairwise distance analysis of these residues showed a change in flexibility of the
ATP binding cleft after T324A mutation. For example, D290 of domain 1 and R464 of domain 2,
which probes the dynamic behavior of the middle portion of the ATP binding cleft, showed that
HCV NS3 structures without bound ATP have a significant distance of separation between them
in the range of 15-24 Å. Both wild-type and mutant structures demonstrated high fluctuation
amplitudes, implying that the RecA-like domains 1 and 2 form a relatively dynamic active site
when ATP is absent (Figure 6.5B). Histogram analysis of this residue pair showed that the mean
of the minimum distance was reduced by 10%, while the standard deviation decreased by over
27% on average when comparing the wild-type and T324A mutant structures (Figure 6.5C).
Similar results were reported when probing the distances between other domain 1 and 2 hotspot
residue pairs. Thus, when the hinge residue T324 is mutated to alanine and ATP is not present,
the mutation made domains 1 and 2 more rigid restricting flexibility of that region.
When comparing the wild-type and mutant helicase structures with bound ATP for this
hotspot residue pair, we observed that the fluctuation amplitude in the range of 15-18 Å was
moderate compared to the structures without ATP. Both cases demonstrate a stable trend over
time; the wild-type structure is especially stable around an approximate mean value of 16 Å. The
distances are smaller than those when ATP is absent, indicating that domains 1 and 2 are more
compacted when ATP is present. The wild-type and T324A mutant helicase constructs without
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ATP were further examined to understand the mutational effects on atomic interactions in the
binding cleft.

Figure 6.5: The effects of T324A mutation of NS3 helicase on ATP binding cleft width and fluctuation. (A)
Hotspot residue locations in the interdomain region of the ATP binding cleft for pairwise distance
calculations. Hotspot residue pair Q460-E291 monitors the distance at the top, R464-D290 in the middle
and R467-T212 at the bottom section of the two domains. (B) Trajectories of minimum distances between
hotspot residues R464 and D290 for the wild-type structure (red) and the T324A mutant structure (blue).
(C) Histograms of minimum distance trajectories in (B). There is a 10% reduction of the mean, and ~27%
decrease in the standard deviation for mutant (blue) relative to wild- type (red) structures.
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6.3.3 Trapped Water Molecules in Mutant Structure
To understand the interaction network due to water molecules around the hinge region,
we analyzed the dynamics of water molecules for a 500 ps MD simulation after the original 20
ns MD run. The root mean square fluctuation (RMSF) of each water molecule was calculated to
identify a set of water molecules with the smallest RMSF values, i.e., the water molecules
spatially restrained to a particular location. Comparing trapped water molecules of wild-type and
mutant NS3 helicase apo structures for all three seeds, two water molecules (W1 and W2) were
localized close to the hinge residue of A324 in the mutant structure, but absent in the wild-type
counterpart in all cases (Figure 6.6). Since W1 and W2 were localized close to the hinge for all
seeds, this method provides high reproducibility for pinpointing trapped water molecules. We
identified a group of five residues (Figure 6.6B) in the vicinity of these trapped water molecules
(within 3 Å distance), which could be possible interaction members in the atomic network of
domain 1 and 2 flexibility modulation. These residues included S483 and G484 located in the
kinked region behind the hinge; D454 and V456 residing in the top groove of α-helix of domain
2 and the gate keeper residue H293 at the bottom of interdomain cleft (Table 6.4). We
determined that both H293 in domain 1 and D454 in the α-helix of domain 2 containing the
arginine finger form two hydrogen bonds (H-bonds) with W1 and W2 (Table 6.5), while W1 and
W2 are also hydrogen bonded to each other forming a D454 – W1 – W2 – H293 “hand-cuff”
(Figure 6.6C). Similarly to a previous MD study using water bridge analysis [197], we have
found all of these H-bonds to be statistically significant based on the total hydrogen bond
residence time (1.423 and 1.758 Å) corresponding to W1 and W2 (Table 6.5), demonstrating
that this polar “hand-cuff” effect could possibly play a role in preventing the flexible movement
of the ATP binding cleft between domains 1 and 2 with the hinge residue mutation.
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Figure 6.6: Recruitment of two stable water molecules close to residue 324 due to the T324A mutation
of NS3 helicase. Comparison of the structure around residue 324 for wild-type (A) and T324A mutant (B)
illustrates newly trapped water molecules W1 and W2 for the mutant structure. These water molecules
form possible atomic interaction partners, including residues S483 (orange), G484 (green), H293 (cyan),
D454 (yellow) and V456 (magenta). (C) Interactions with the water molecules potentially decreasing the
flexibility of the ATP binding cleft. The newly trapped water molecules W1 and W2 potentially interact
with H293 in domain 1 and D454 in domain 2 to reduce the flexibility of the ATP binding cleft.

Table 6.4: Key residues contributing to the flexibility modulation of the ATP binding cleft categorized by
interaction properties.

Properties / Analyses

Subset of Residues

Atomic network of “hand-cuff”

293, 454, 456, 483, 484

SAS increase

290-293, 321-328, 482-484

RMSF decrease

290-293, 323-328, 454-460, 462-467, 482-484

Atomic interaction in the hinge region

203, 331

SAS = solvent accessible area; RMSF = root mean square deviation
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Table 6.5: Hydrogen bond formation and residence time analysis in the “water bridge”. H-bonds with
duration less than 1 ps were not counted.

Atom from
D454

Atom from
H293

Atom from
W1

Atom from
W2

Total Time
(ps)

Number of
Events

OD1

-

HW1

-

478.3

47

OD2

-

-

HW2

265.1

46

-

HB1

OW

-

125.5

58

-

HB2

-

OW

127.9

34

-

-

OW

HW1

51.6

24

Atom types: OD = carboxyl oxygen; HB = main chain hydrogen; OW = oxygen from water molecule; HW = hydrogen from water
molecule

6.3.4 Solvent Accessible Area Differences Close to Hinge Residue
In addition to identifying trapped water molecules, we have also examined solvent
accessible surface (SAS) area and determined the locations with large changes in SAS upon
mutation of the hinge residue. The SAS analysis showed that there is an obvious atomic
rearrangement (Figure 6.7) of the microenvironment surrounding hinge residue T324 after
mutation with respect to water accessibility. By averaging over three different seeds, we found
three groups of residues close to the hinge residue with large SAS changes: (1) residues close to
the Walker B motif, including D290, E291, C292, and H293 (~26% SAS increase); (2) residues
in the immediate neighborhood of the hinge residue 324, from A321 to S328 (~20% SAS
increase); and (3) a kinked region in domain 2 facing the hinge, including P482, S483, and G484
(Table 6.4).
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Figure 6.7: Regions of SAS increase in the hinge residue vicinity, including the ATP coordination region
(290-293, pink), the hinge region of the ATP binding cleft (321-328, violet) and the kinked region behind
the hinge (482-484, magenta).

The T324A mutation opens up a new three-dimensional (3D) pocket formed by a
tetrahedron with residue vertexes H293, T324, S483 and D454 where drastic SAS increase
occurs and the two new water molecules (W1 and W2) localize. Our results show not only that
the 3D structural opening helped to recruit these solvent molecules, but also that the surrounding
residues with drastic SAS increase were responsible for their atomic positioning into this waterpocket. We also found that the SAS increase of H293 and S483 directly influence the
establishment of the hydrogen bonds formed between these residues with polar side-chains and
the trapped water molecules (W1 and W2) supporting our model of water molecule interactions
bridging the two domains. It is highly possible that the SAS increase of P326, G327, S328 and
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P482 indirectly promote water molecule positioning by opening up more solvent accessible
surface in this newly formed water-pocket.
6.3.5 Large Normalized Root Mean Square Fluctuation in Mutant Structure
In addition to identifying regions of drastic SAS increase, we have also examined the root
mean square fluctuation (RMSF) of each residue and determined the locations with significant
changes in RMSF after mutating the hinge residue. In the RMSF analysis, we observed that there
was an atomic rearrangement (Figure 6.8) of the microenvironment causing a flexibility
decrease in regions of the protein surrounding the hinge residue after T324A mutation. By
averaging over three different seeds, we found five groups of residues close to the hinge residue
with large RMSF decrease: (1) residues in the immediate neighborhood of hinge residue 324,
from A323 to S328 (~42% RMSF decrease, t-test p-value < 0.01); (2) a kinked region in domain
2 facing the hinge, including P482, S483, and G484 (~40% RMSF decrease, p < 0.01); (3) a
residue cluster, from D454 to Q460, which connects the hinge to the α-helix of domain 2 (~30%
RMSF decrease, p = 0.012); (4) the α-helix of domain 2, which forms the left-hand region of the
ATP binding cleft, including R464 and R467 (~26% decrease, p = 0.213); and (5) residues close
to the Walker B motif, including D290, E291, C292, and H293 (~35% RMSF decrease, p < 0.01)
(Table 6.4).
Complementary to the earlier SAS analysis, which identified the residues in the hinge
vicinity with increased SAS after the T324A mutation, the RMSF analysis further probed the
dynamic nature of the mechanochemical modulation of domain 1 and 2 flexibility of the ATP
binding cleft. According to the elastic network model developed by Zheng et al. [179], this
“deformation analysis” identified the hinge region as a domain of high flexibility, which is also
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Figure 6.8: Regions of reduced RMSF close to the hinge residue, including the immediate neighborhood
of the hinge (323-328, blue), the kinked region behind the hinge residue (482-484, green), the hinge to αhelix connector (454-460, magenta), the α-helix of domain 2 (462-467, cyan) and the residues close to
the Walker B motif (290-293, yellow).

consistent with previous studies suggesting that domain 2 undergoes rigid-body movements
relative to domain 1 and 3 of the NS3 helicase [52]. Here we found that when T324 is mutated to
A, there is a drastic RMSF decrease in the hinge vicinity (38%) indicating that this flexibility is
lost. Furthermore, the RMSF of the gatekeeper residue H293 dramatically drops by 46% relative
to the wild-type apo structure, which is consistent with the proposed water molecule interaction
in which H293 forms a direct hydrogen bond with one of the trapped water molecules (W2). It is
possible that this hydrogen bond restricts the atomic fluctuation of H293 (and its neighborhood
projecting down to D290, E291) by 35%, as they form the right-hand pillar of the multi-atomic
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bridge connecting the gatekeeper region with the top section of the α-helix of domain 2 of the
ATP binding cleft (Figure 6.6C). Out results also indicate that residue group 454-457, which
forms the upper portion of the α-helix of domain 2, undergoes about 20% RMSF reduction,
containing some of the strategically selected hotspot residues in the previously performed
pairwise distance analysis. The result also support our model for water molecule interactions in
the polar “hand-cuff”, since when the other trapped water molecule (W1) establishes a possible
hydrogen bond with residue D454, the D454 – W1 – W2 – H293 bridge restricts the flexibility of
the ATP binding cleft by a long range atomic cascade originating at the hinge mutation site. It is
interesting to note that the ~25% SAS increase in the immediate vicinity of T324 and H293
described in the “Solvent Accessible Area Differences” section further explains the model
developed here, since the two proposed residue pillars connecting to W1 and W2 may open up
more area for water accessibility.
6.3.6 Atomic Interactions in Hinge Region
To demonstrate that T324A mutation directly affected other residues in its immediate
vicinity by forming chemical bonds or molecular interactions with particular atoms of the hinge,
we defined a group of residues in the proximate neighborhood of the hinge within 3.25 Å
comparing the neighboring residues of the wild-type and T324A mutant NS3 helicase apo
structures.
By comparing three different seeds, we found two new residues unique to the T324A
mutation in this group, namely residues H203 and V331 (Table 6.4), which were not present in
the wild-type structure. To decide which one of the two is the best candidate to establish a direct
atomic interaction with the hinge, we measured minimum distances for residue pairs 324-H203
and 324-V331 (Figure 6.9) based on whole amino acid molecules. We found that residue V331
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Figure 6.9: The hydrophobic interaction between A324 and V331 in the T324A mutant structure of NS3
helicase. This interaction was absent in the wild-type structure. The hydrophobic interaction potentially
resulted in the structural rearrangement of residues in domain 2 (including S483 and D454 shown in the
figure) to reduce the flexibility of the protein domains forming the ATP binding cleft.

demonstrated a more drastic decrease in the minimum distance measurements, i.e., it is the
closest to the hinge (on average) compared to residue H203. When we next assessed the
minimum distance between all atoms of residue 324 and all atoms of residue V331, our results
indicated that it reduces from about 5 Å to 2.5 Å, which is close enough to form an atomic
interaction between these two residues (Figure 6.10).
Next we zoomed down to the atomic level to identify the unique pair of participating
atoms, where the true minimum distance occurred. Our results demonstrated that a particular
atom pair of a hydrophobic interaction (A324:HB3 – V331:HG12) was the pair having the
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Figure 6.10: The effects of T324A mutation on atomic interactions in the hinge region. (A) Trajectories of
minimum distances between residues T324 and V331 for the wild-type (red) and the T324A mutant
structure (blue). The distances between residues 324-V331 decreased from about 5 Å to 2.5 Å,
suggesting V331 as the best interaction candidate of the two new ones appearing in the proximate
neighborhood of the hinge after the mutation of T324. (B) Histograms of minimum distance trajectories in
(A).

Figure 6.11: Possible hydrogen group interactions in the hinge region upon T324A mutation. (A)
Trajectories of minimum distances between hydrogen groups of T324 and V331 for the wild-type (black)
and the T324A mutant structure (green). (B) Histograms of minimum distance trajectories in (A).
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minimum distance through most of the trajectory for the mutant structure (Figure 6.11). So, we
not only demonstrated the minimum distance decrease from 5 Å to 2.5 Å between these two
newly identified interaction partners, but also pinpointed the exact atomic interaction
connections of A324 and V331, which only appeared with the hinge mutation. Based on these
findings residue V331 may contribute to the flexibility modulation of the ATP binding cleft by
directly interacting with the hinge.

6.4

Conclusions
In this chapter we have investigated the dynamic mechanism of HCV NS3 helicase ATP

binding cleft flexibility modulation. In our histogram analysis of pairwise distances between
residues in domains 1 and 2, we showed a drastically reduced standard deviation of separation
between the two domains in the mutant structure. This indicates that mutation of the hinge
residue T324 to A triggers a flexibility decrease of the ATP binding cleft. We showed that two
new water molecules were recruited in the hinge vicinity, which directly interact with residues
H293 and D454 via hydrogen bonds. We further hypothesized that these two residues and the
trapped water molecules form an atomic bridge connecting the hinge region to the α-helix of
domain 2, and thus restrict the flexibility of the ATP binding cleft by a “hand-cuffing” effect. Our
analysis identified a small set of residues, including residues H293 and S483, with significantly
increased SAS when the hinge residue was mutated. We also found a set of residue groups with
large RMSF decrease, in the immediate neighborhood of the hinge including A323 to S328;
residues such as S483, which probably coordinate the immobilization of the two new water
molecules; residues involved in the atomic connection between the hinge and the α-helix of
domain 2; the left-hand arm of ATP binding cleft, including the arginine finger R467; and
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residues close to the Walker B motif, including residue H293. Both our SAS and RMSF results
supported our water interaction model of a multi-atomic bridge, thus providing a better
understanding of the underlying molecular mechanism of the ATP binding cleft flexibility
modulation. Finally, we pinpointed a direct atomic interaction between hinge residue A324 and
V331, providing suggestions for future experiments to decipher the atomic interaction cascade of
flexibility control of the ATP binding cleft.
The dynamic flexibility change of the ATP binding cleft can possibly be explained by the
following water molecule interactions. When T324 is mutated to A, it loses an OH group. This
3D structural change around the hinge residue may open up more space and allow the
immobilization of two water molecules (W1 and W2) into a newly formed pocket, which is in
close proximity to T324. During this atomic rearrangement, the gate keeper residue H293 may
establish a hydrogen bond (1.70 Å) with W2, while D454 – located at the top region of the same
α-helix on which the domain 2 hotspot residues of the ATP binding cleft reside – can also form a
hydrogen bond (1.65 Å) with W1. Furthermore, W1 and W2 are also connected by a possible
hydrogen bond (1.71 Å) completing an atomic bridge (Figure 6.6) containing 4 molecules (D454
– W1 – W2 – H293) linking the hinge region to the α-helix of domain 2, which is part of the
highly conserved arginine finger critical for catalysis. We propose that this intricate atomic
cascade causes a “hand-cuffing” polar effect, such that the dynamic nature of the hinge
mechanism becomes more rigid, restricting flexibility of domains 1 and 2 for opening and
closing of the ATP binding cleft.
Even though residue S483 is not close enough (2.49 Å) to form a direct hydrogen bond
with W2, we hypothesize that it can guide the two water molecules into the newly formed
trapping pocket by polar-polar interaction of its side chain. It is also interesting to note that
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nonpolar residues G484, A455 and V456 do not possess a dipole moment, because such
molecules are insoluble in water. These hydrophobic residues do not form hydrogen bonds with
water molecules (W1 and W2), but can force them into a rigid cage of hydrogen-bonded
residues. Water molecules are normally in constant motion, and the formation of such cages
restricts their motion. The synergistic effect of these polar (“hand-cuff”) and nonpolar (“watercage”) atomic interactions may be responsible for water molecule immobilization close to the
hinge region.
This proposed water molecule interaction was supported by the results of our RMSF
analysis, since we observed a drastic 57% RMSF drop of residue S483 with an averaged 40%
decrease in the residue cluster that is claimed to be responsible for the 3D guidance of water
molecules into this pocket. Our results indicate that the polar-polar interaction between W1 and
S483 restricts the atomic fluctuation of this residue, which also influences the RMSF of the
neighboring residues P482 and G484 as shown in a previous section. Similarly, we found a
significant 30% and 16% RMSF decrease of residues G327 and S328 respectively, with an
averaged 33% decrease in the residue group that may be responsible for the atomic
rearrangement to form the water trapping pocket. P326 is a member of this group and may
indirectly promote water molecule positioning by opening up more solvent accessible surface. Its
RMSF decrease clearly demonstrated that this nonpolar region can form one of the sides of the
rigid water box.
In a previous study [198] that examined functions of conserved helicase motifs and their
mechanistic role in ATP-dependent duplex oligonucleotide separation, it was shown that residues
within Walker B motifs of SF-2 helicases, residue H293 in particular for HCV, interact with the
conserved glutamine of motif VI in domain 2. It was also pointed out that significant
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conformational rearrangement is required for the participating arginine residues to ligate ATP,
which is only plausible because of the high interdomain flexibility of the protein. Our RMSF
analysis is consistent with this observation, since the α-helix of domain 2 involved in the
coupling of ATPase to helicase undergoes a drastic 33% RMSF decrease. This domain contains
one of the strategically selected hotspot residues in our pairwise distance analysis, namely
residue Q460 with 35% RMSF drop compared to the wild-type NS3 helicase apo structure.
Furthermore, the α-helix of domain 2, which forms the left-hand region of the ATP binding cleft
and contains R464 and R467 hotspot residues used in the pairwise distance analysis, undergoes a
significant 25% RMSF decrease. The average distance between the mutated hinge residue A324
and the spatially distant residues (R458, S459, Q460, R464 and R467) was found to be in the
range of 10-17 Å with a mean distance of 13.37 Å. These results indicate that the T324A
mutation did not only influence the immediate neighborhood of the hinge by new water
recruitment, but other spatially distant residues were also affected, demonstrating a long-range
coupling mechanism that can transmit signals between distant sites resulting in the blocking of
ATPase activity by restricting interdomain flexibility.
Consistent with our previous SAS and RMSF analysis, we found that residue V331
establishes a possible hydrophobic interaction with A324, and thus forms a loop containing
residue cluster 325-328 (Figure 6.9). We propose a mechanism in which residue A324 grabs
onto V331 and pulls that protein region close to the hinge after mutation, thus promoting a
regional flexibility decrease which is reflected by the 30% and 16% RMSF reductions of
residues G327 and S328 respectively, with an averaged 33% decrease in the residue group that
orchestrates the water trapping pocket formation. This atomic linkage can be further explained
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by the RMSF reduction in the residue group which possibly forms one of the sides of the
hydrophobic water box caging W1 and W2 into the newly formed pocket.
This analysis predicts a long-range atomic network effecting residues located in domain 1
of the ATP binding cleft, which have not been explored with computational studies thus far. This
provides targets for future MD simulations to evaluate the changes in this microenvironment.
Also, our hypothesis that residue A324 grabs onto V331 and pulls that protein region close to the
hinge after mutation, opens up further possibilities for domain 2 and residue V331 to interact.
We suspect that the RMSF decrease of residues 454-457 is not only due to the water bridge, but
also the atomic interaction between domain 2 and V331. This hypothesis calls for future
evaluation to elucidate the exact relationship between ATPase activity decrease and 3D structural
changes.
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Chapter 7.

7.1

Conclusions

Thesis Summary
DNA sequencing is a fundamental tool in biological and medical research. DNA

molecules contain the heritable genetic information in all living organisms and encode all the
proteins in our body. Therefore, determination of DNA sequence is useful in basic biological
research, evolutionary biology, as well as the applied biological fields, such as diagnostic or
forensic research. High-throughput DNA sequencing is essential for personalized medicine. To
achieve this dream, the price of genome sequencing should be dramatically decreased to a level
that most people can afford. Despite the refinements of Sanger sequencing, the current genome
sequencing cost remains formidable. Therefore, revolutionary advances in DNA sequencing
technology are demanded.
To overcome the limitations of the current sequencing technologies, a variety of new
DNA sequencing methods have been investigated with the aim of eventually realizing the goal of
the “$1,000 Genome”, including sequencing by synthesis (SBS). In this thesis, we have built
upon current state-of-the-art sequencing technologies, such as (1) SBS or (2) MALDI-TOF MS
sequencing (genotyping) to develop novel proof-of-principle technologies for high-throughput
DNA sequencing; applied these technologies in real life diagnostic applications; and briefly
studied DNA processing protein (e.g., helicase) functions at the atomistic level. The following is
a summary of the resulting work presented herein:
1) In Chapter 2, as an alternative to fluorescence-based sequencing by synthesis
(SBS), the possibility of using Raman spectroscopic signals as tags for SBS has
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been tested. It was demonstrated that the azido moiety, which has a Raman
scattering peak at ~2125 cm-1, where there are no DNA or protein peaks, displays
surface-enhanced Raman scattering (SERS). Using the azidomethyl group to
block the 3’-OH in the four nucleotides, a complete 4-step SBS reaction was
demonstrated in which each polymerase extension and cleavage was monitored by
Raman spectroscopy. Because the natural nucleotides were restored after each
incorporation and cleavage cycle, the growing DNA strand bears no modifications
which would impede further polymerase reactions. Thus, with further
improvements in surface enhancement for this moiety, and polymerase attachment
to the SERS substrate, this could provide an attractive alternative to fluorescencebased SBS.
2) SERS-based quantitative biosensing has been demonstrated on aptamer
functionalized nanopillars utilizing a large-area Raman mapping technique. In
Chapter 3 of this thesis, ultra-sensitive and specific detection of TAMRA-labeled
vasopressin (TVP) molecules was achieved at picomolar levels by collecting
highly enhanced SERS signals emanating from nanojunctions formed between the
leaning nanopillars and functionalizing surfaces with target-specific aptamers. We
showed highly reproducible concentration-dependent SERS responses in the
picomolar concentration regime by integrating signal intensities over the scanning
area. Our Raman mapping approach significantly improved

statistical

reproducibility and accounts for spot-to-spot variation in conventional SERS
quantification.
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3) In Chapter 4, an analytical model to predict experimental hotspot intensity
distribution on the aptamer functionalized nanopillar substrates for biomolecular
quantification was successfully developed. It was demonstrated that the
formulated model agrees with the experimental data particularly well in the low
concentration regimes. Potentially, this statistical model may be generally used
for biomolecular quantification on any SERS substrates with planar geometries, in
which the hotspots can be approximated as the electromagnetic enhancement
fields generated by closely spaced dimers. The potential for single molecule
detection was also shown by estimating the number of TVP molecules probed by
SERS during biomolecular quantification, thus opening up an exciting new
chapter in the field of SERS quantification.
4) In Chapter 5 of this thesis, a versatile validation method was demonstrated to
monitor copper-free click reaction efficiency for small molecule conjugation. The
monitoring principle is based on loss of the Raman signals of alkyne and azido
moieties on the partnering molecules caused by non-Raman active triazole
formation as a function of time. Since these universal Raman reporter groups are
specific for click reactions, this method may facilitate a broad range of
applications for monitoring the conjugation efficiency of molecules in diverse
areas such as bioconjugation, material science or drug discovery.
5) In Chapter 6, molecular motor (e.g., helicase) functions were investigated at the
atomistic level using molecular dynamic (MD) simulation. MD simulations were
utilized to examine the mutational effect of the hinge residue T324 connecting
domains 1 and 2 of NS3 helicase, which couples ATP binding and hydrolysis to
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polynucleotide unwinding, on the dynamics of the ATP binding site. We showed
a drastically reduced standard deviation of separation between the two domains in
the mutant structure. This indicates that mutation of the hinge residue T324 to A
triggers a flexibility decrease of the ATP binding cleft. It was also demonstrated
that trapped water molecules form an atomic bridge connecting the hinge region
to domain 2, and thus restrict the flexibility of the ATP binding cleft by a “handcuffing” effect. This may serve as a model system leading towards the analysis of
DNA polymerase, a complex molecular motor involved in the DNA incorporation
event, which can be defined as the critical unit in most sequencing systems.
Using microfluidic integration a new DNA sequencing system may be envisioned (see
Section 7.2.3 for more details), which would contain an on-chip real time SERS detection
platform described in Chapter 3. In particular, DNA polymerase could be attached to the
nanopillar SERS substrate (with available conjugation chemistries) and the SBS reaction would
be continuously carried out as demonstrated in Chapter 2 or with 4 different Raman-tagged
nucleotide reversible terminators as originally proposed. The advantage of directly attaching the
polymerase to the SERS substrate is that (in theory) the incorporation event would be always in
the electromagnetic enhancement field while the DNA slides along the active site. The read
length is potentially "unlimited", since the Raman tag on the incorporating nucleotide would be
always enhanced, providing an attractive and novel technology for DNA sequencing.

7.2

Future Work and Outlook
The major contributions detailed in this dissertation with respect to SERS-based (1) DNA

sequencing, (2) biomolecular trace detection, (3) analytical data quantification and (4)
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bioconjugation verification; and (5) dynamic analysis of DNA processing molecular motors were
predominantly proof-of-principle in nature and should serve as great basis for various other
investigations in more applied directions.
7.2.1 Label-Free Vasopressin Detection
Extending the work presented in Chapter 3, one such direction may deal with the
implementation of label-free vasopressin (VP) detection. Theoretically, VP does not have to be
labeled with a Raman tag to be detected with SERS. Since it is a polypeptide containing nine
amino acids (AA) (Figure 7.1A), namely Cys-Tyr-Phe-Gln-Asn-Cys-Pro-Arg-Gly, it contains
chemical bonds which could potentially give rise to vibrational modes to be used as diagnostics
fingerprints for VP detection. Most of the nine AAs contain C=O and NH groups, while two of
them – Tyr and Phe (Figure 7.1B-C) – are aromatic AAs. Tyr contains a phenol group, Phe an
aromatic ring. The C=O stretching is in the 1700-1900 cm-1 region (outside of the TAMRA peak
region), while the NH vibrational mode is in the 1510-1650 cm-1 region [199]. According to
Socrates et al. [200], the aromatic C=C stretching can be found in the region of 1450-1600 cm-1,
thus we should expect this signal emanating from Tyr and Phe AAs as well. In summary, the
region of 1450-1650 cm-1 is highly Raman active and both NH2 and aromatic vibrational modes
are present. Figure 7.2 shows a plot comparing Raman signals of 10 µM of thiophenol
(green) drop-coated on the SERS substrate decorated with leaning nanopillars, as well as Raman
signal corresponding to a substrate treated with 10 µM TVP after aptamer functionalization
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Figure 7.1: Chemical structure of naturally occurring vasopressin (VP), key amino acids and thiophenol.
(A) VP is composed of 9 amino acids, which are labeled according to their 3-letter name convention.
Chemical structures of (B) Tyr and (B) Phe, two potential AAs containing fingerprint information due to
aromatic ring vibrations. (D) Chemical structure of thiophenol, a popular Raman probe used for its distinct
Raman peak at approximately 1550 cm-1 in many proof-of-principle demonstrations.

(blue) and a substrate coated with aptamers only (red). It is clear from the results that the
aromatic C=C bond vibration of thiophenol (Figure 7.1D) is in the range of 1525-1570 cm-1 in
agreement with Socrates et al. [200], and that the aptamers do not produce signal in this region
which are to baseline measurements.
Therefore, since thiophenol, Tyr and Phe all contain an aromatic ring in which the C=C
bond may give rise to a distinct peak at about 1570 cm-1, the utilization of direct labeling with a
Raman tag such as TAMRA is not necessary for unique signal discrimination. This might
suggest a new set of experiments in the future performing label-free vasopressin measurements.
In particular, one may try to:
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Figure 7.2: Plot comparing Raman signals of 10 µM of thiophenol (green) drop-coated on the SERS
substrate decorated with leaning nanopillars, as well as Raman signal corresponding to a substrate
treated with 10 µM TAMRA-labeled vasopressin (TVP) after aptamer functionalization (blue) and a
substrate coated with aptamers only (red).

a) Immerse the SERS substrate in vasopressin containing solution of various
concentrations, during which surface adsorption would take place. Then Raman mapping
would be performed according to the DAQ algorithm detailed in Section 3.2.5. Finally,
similarly to the biomolecular quantification method used in Section 3.3.5 the distinct
vasopressin signal (~1570 cm-1) could be utilized to determine VP concentration on the
nanopillar SERS substrate.
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b) Perform similar experiments as demonstrated in Chapter 3, but without TAMRA label,
i.e., use naturally occurring (TAMRA-free) vasopressin to bind specifically to the
aptamers.
Since Tyr and Phe are the only aromatic C=C bond containing AAs, they have to be
relatively close to the leaning nanopillars, i.e., they have to be in the vicinity of the hotspot. This
is not guaranteed, since vasopressin is fairly flexible as most proteins. Also, the hotspot will be
closest to the DNA aptamer and not to the vasopressin, so precise positioning is critical. This
may be potentially resolved with precise nanofabrication and functionalization techniques
detailed in Section 7.2.2 or with an increased Raman mapping area, thus building up more SERS
observations to improve statistical significance.
7.2.2 Raman Tagged and Label-Free Protein Detection
Similarly to the method demonstrated in Chapter 3, this technique can potentially be used
for protein detection as well, by indirectly labeling the biomarker with a Raman tag providing a
SERS signature, such as TAMRA. Various crosslinking strategies to conjugate the Raman
reporter with proteins (antibodies, peptides) are readily available, but only a small number of
protein functional groups (Y) comprise selectable targets for practical conjugation methods:
primary amines (–NH2), carboxyls (–COOH), sulfhydryls (–SH) and carbonyls (–CHO). A
number of chemical reactive groups (X) have been characterized and used to target these kinds
of functional groups, which can be potentially used for crosslinking (Table 7.1).
However, indirect detection has some drawbacks such as extending the duration of the
protocol and having limited conjugation possibilities. Once the protein is labeled with a Raman
tag, our current aptamer based system may be extended for quantitative protein detection as well,
with the limitation that the aptamer-protein complex must be known beforehand. As another
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Table 7.1: Possible crosslinker reactive groups for protein to Raman tag conjugation.

Reactivity Class (Y)

Chemical Group (X)

Activated Crosslink (Z)

Carboxyl-to-amine reactive groups

Carbodiimide (e.g., EDC) Amide bond
NHS ester

Amide bond

Imidoester

Amidine bond

Maleimide

Thioether bond

Haloacetyl

Thioether bond

Pyridyldisulfide

Disulfide bond

Aldehyde-reactive groups, i.e., oxidized

Hydrazide

Hydrazone bond

sugars (carbonyls)

Alkoxyamine

Oxime bond

Amine-reactive groups

Sulfhydryl-reactive groups

label-free alternative, the proteins generally could also be attached via covalent or ionic bonds
(e.g., azido-alkyne, amino-NHS ester, amino-carboxyl, and biotin-avidin) to the SERS surface
eliminating the need for their aptamer counterparts. Then, our large-area mapping technique
detailed in Chapter 3 in combination with consistent hotspot generation – provided by the
leaning nanopillars – may be used to increase the statistical likelihood of detecting the diagnostic
SERS signal emanating from the protein in the close vicinity of the nanojunctions.
Although an enormous amount of effort has been exerted to use SERS for label-free
biomolecular detection, in general SERS detection of label-free protein molecules is challenging
[201-203]. SERS detection of proteins suffers from poor signal reproducibility and sensitivity
loss due to their flexible structure, shape and size, which determines their interaction with the
noble metal surface [204-206]. Since it has already been shown that the nanopillar substrate
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produces highly reproducible SERS signals, we may utilize our demonstrated technique to detect
proteins without an external label by taking advantage of the intrinsic fingerprints of proteins.
Therefore, protein quantification would not be limited by our detection technique and nanopillar
substrate. It would however be highly dependent upon the inherent protein signals collected
during the Raman mapping experiments. Thus, by increasing the mapping area, one may capture
a SERS signal with a higher probability, if the protein is placed in a geometry that increases the
likelihood that at least one and perhaps a few of its characteristic chemical groups will have an
appropriate orientation to best take advantage of SERS. This issue can potentially be addressed
in a separate research effort, in which one evaluates the mapping area requirements using the
characteristic SERS fingerprint information of unlabeled proteins.
7.2.3 DNA Sequencing by Synthesis Using SERS Substrates Decorated with Gold-Coated
Nanopillars
7.2.3.1 Optimized SERS Sequencing
We have previously synthesized a set of 3’-O-azidomethyl derivatives modified to
produce Raman signals (3’-O-N3-NRTs) at ~2125 cm-1 where DNA and protein have no
interfering peaks. Using these nucleotides, we have demonstrated a complete 4-step sequencing
by synthesis (SBS) reaction, in which each polymerase extension and cleavage reaction was
monitored by SERS mapping of the substrate area using reporter nucleotides bearing an
azidomethyl moiety (Chapter 2). The azido linkage was easily and completely cleaved by
incubation with tris-(2-carboxyethyl)phosphine (TCEP) under aqueous conditions, leaving the
DNA intact. In addition, the cleavage reaction completely destroyed the N3 group, leading to no
background Raman signal. After this cleavage, there were no chemical remnants of the blocking
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group; this is important as accumulation of even small modifications on each nucleotide can
affect the curvature and other structural properties of the growing DNA chain, potentially
interfering with subsequent nucleotide incorporation, leading to earlier termination and shorter
sequence reads than would otherwise be obtained. We have also developed a novel approach of
SERS-based biosensing for quantitative detection of biomolecules (Chapter 3). The method
utilized functionalized nanopillar SERS substrates coupled with a large area SERS mapping
technique. The results demonstrated a direct path towards substrate optimization for signal
enhancement, pointing towards the possibility of single molecule detection.
In this section, we describe a potential plan to design a nanodevice, which combines the
SERS-SBS technology (Chapter 2) with the SERS substrate and bio-quantification method
(Chapter 3) into one functional unit. The system would consist of DNA-functionalized, gold
coated silicon nanopillars for SERS-SBS and be designed for the picomolar concentration
regime. First, we would characterize the SERS spectra of the current set of 3’-O-N3-NRTs,
adsorbed on the nanopillar SERS surfaces developed in Chapter 3, before and after cleavage of
the N3 group. Secondly, we would conduct single-base extension reactions in solution, after
which the extended and thiol-modified DNA chains will be attached to the gold nanopillars via
Au-thiol linkages, followed by characterization of their SERS spectra. Thirdly, we would
develop a surface functionalization protocol for the nanopillar SERS substrates specially
designed for detecting the Raman tag-containing nucleotides used in these studies. Finally, we
would conduct SBS on surface-immobilized DNA templates using the 3’-O-N3-NRTs with
detection by Raman spectroscopy. In all cases, we would utilize surface-enhanced signals,
enabled by the gold nanopillar SERS substrates used in Chapter 3, to achieve high-sensitivity or
even single molecule (SM) detection.
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7.2.3.2 SERS Detection of Raman-Tagged Nucleotides for SBS
Various methods of surface-enhanced Raman scattering can increase signals by up to 14
orders of magnitude [207-209]. Motivated by these observations, we would first obtain SERS
readings for each of the four available 3’-O-N3-NRTs before and after TCEP cleavage of the N3
group using the leaning nanopillar SERS substrate in addition to the commercial system used in
Chapter 2 as a control. Nucleotides will be captured on the surfaces utilized in Chapter 3 to
enhance the signals and measured by Raman spectroscopy following procedures described in
Chapter 3. All four molecules should display a strong band at ~2125 cm-1. In contrast, dNTPs
used as controls should have no signal at this wavenumber.
7.2.3.3 Solution-Based SBS with SERS Detection
After testing the nucleotides themselves, we would conduct single-base extension
reactions in solution, allowing specific incorporation of each of the four nucleotides, after which
the extended and thiolated DNA chains will be attached to gold nanopillar SERS substrates
under non-denaturing conditions for SERS recording. In the same way, NRT-extended molecules
treated with TCEP would be attached to the surfaces via Au-thiol linkages and their signal
measured by SERS using the same procedure as described in Section 7.2.3.2. In principle, this is
a similar approach to the solution-based assays we carried out for testing our nucleotides using a
commercial SERS substrate in Chapter 2 of this thesis, but with the advantage of increased
sensitivity due to the covalent attachment of the product to the SERS surface.
7.2.3.4 SERS Substrate Functionalization
We have developed significant expertise combining advanced nanofabrication with
selective biomolecular surface functionalization to create functional surfaces approaching single
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molecule level (Chapters 3-4). In this potential research, we would utilize the SERS substrate
decorated with gold nanopillars forming < 10 nm gap sizes to create electromagnetic
enhancement sites (hotspots) for signal magnification. The high-density nanopillars were formed
using a reactive ion etching (RIE) method without any lithographic steps as described in a
previous publication [109]. We would selectively functionalize this surface in the vicinity of
these nanogaps to control the primer concentration and thus the number of SBS reactions within
each hotspot. This scheme is shown in Figure 7.3. A previously established functionalization
strategy would be utilized (Chapter 3). In brief, in order to optimize the thiolated DNA template
positioning on the nanopillars, the gold surface would be back-filled with 6-mercapto-1-hexanol
(MCH) molecules immediately after primer immobilization. Because MCH forms a wellorganized self-assembled monolayer (SAM), it prevents nonspecific adsorption of non-target
molecules by blocking access to the gold surfaces [204, 210, 211]. This layer could also improve
the DNA sequencing efficiency, since it prevents the immobilized DNA templates from
collapsing and adhering to the substrate surfaces.
7.2.3.5 Conducting Surface-Bound SBS Reactions with SERS Detection
In the next phase, we would covalently attach synthetic templates and PCR products to
the gold nanopillar SERS substrates, hybridize primers and conduct single-base extension (SBE)
reactions with each of the four 3’-O-N3-NRTs, adding them one by one. The overall scheme is
shown in Figure 7.4. In this way, we would measure the incorporation specificity by virtue of
the Raman signal. After cleavage and re-recording of the Raman spectrum, we would conduct a
second and third cycle of SBS. Templates will be designed as in the past to include 2 of each
base in a row, as a way of checking that the NRTs are completely terminating the reactions. In
this approach, we would use thiol-modified DNA template to be attached to the gold surfaces via
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Figure 7.3: Principle of SERS-SBS Detection Method. (a) Highly packed gold coated nanopillars are
structured on a silicon wafer. Initially, pillars are vertically oriented and are spaced by 50-100 nm gaps.
(b) DNA templates are immobilized on the nanopillars (via Au-thiol covalent bonding), then the DNA
sequencing reagents – sequence specific primer, polymerase and nucleotide reversible terminator (NRT)
– are introduced. (c) The incorporation complex trapped within the leaning region exhibit a strong Raman
enhancement effect due to the highly localized plasmonic field around the contact zone. When the
Raman-tagged NRT is being incorporated by the DNA polymerase bound by an immobilized template
within a hotspot as shown in the right panel, the N3 SERS signal is highly enhanced, demonstrating an
incorporation event. Then, the blocking group and Raman tag is cleaved with TCEP. At this point, one
may initiate the next cycle and the whole incorporation-detection scheme can be repeated.
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Au-thiol linkages. We would utilize the functionalization chemistry proposed in Section 7.2.3.4
to attach DNA to the SERS surfaces.

Figure 7.4: Overall scheme for SERS-SBS with 3’-O-azidomethyl dNTPs. Surface-attached templates are
-1

extended with NRTs, added one at a time. If there is incorporation, a Raman signal (~2125 cm ) due to
the N3 group will be detected. After cleavage of the blocking group with TCEP, the next cycle is initiated.
Because the NRTs force the reactions to pause after each cycle, the lengths of homopolymers are
determined with precision.

7.2.3.6 Expected Findings, Complications and Alternatives
Our expectation is that a strong Raman signal will be obtained with SERS for individual
NRTs, NRTs that are part of DNA chains, and in surface-bound SBS reactions with these NRTs.
Of course, because the same band will be obtained for each of these molecules, it will be

175
necessary to add the nucleotides one by one. Since we are familiar with all required protocols
(Raman detection, signal analysis, SBE/SBS reactions and SERS substrate functionalization) in
the realization of this proposed nanodevice significant complications are not expected. Thus, this
development effort may be carried out in the post doctoral research phase.
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Appendix

A.1

MATLAB Scripts for Post-Processing
In this appendix, all scripts are included (in alphabetical order) relevant to SERS intensity

heatmap, histogram and intensity integral generation used in the Chapter 3, 4 and 5 raw data
analysis. Short description of each program can be found in their respective headings. Published
with MATLAB® R2013a.

%-------------------------------------------------------------------------% Author: Mirko Palla.
% Date: August 5, 2013.
%
% For: Click reaction quantification by Raman spectroscopy for small molecule
% conjugation at the Ju Lab - Chemical Engineering Department, Columbia
% University.
%
% Purpose: This program receives a set of Raman measurement maps in the
% form of intensity matrices, then generates a 2D heatmap, a histogram
% of intensity distribution and intensity integrals for the top p% hotspots
% for all maps.
%
% This software may be used, modified, and distributed freely, but this
% header may not be modified and must appear at the top of this file.
%-------------------------------------------------------------------------function raman_automator_matrix(hm, hi, ii)
fprintf('\n');
disp('--> Raman automator matrix start');
% Start timer.
tic;
% Get current working directory.
CWD = pwd;
% Set default number formatting.
format short;
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% Get current working directory.
cwd = pwd;
% Execute heatmap automation.
if hm == 1
% Change to heatmap direcory.
cd([cwd, '/heatmap']);
% Get all datasets in directory.
d = dir('*.txt');
file_names = {d.name};
% Determine the number of files to evaluate.
l = length(file_names);
% Iterate through all datasets and create 2D heatmaps of intensity
% distribution for each concentration at each mapping area.
for i=1:l
% Get file name of mapping experiment.
map = char(file_names(i));
% Display heatmap processing status.
disp(['--> Processing heatmap matrix: ', map]);
% Create 2D heatmap of hotspot intensities.
raman_heatmap_matrix(map);
end
% Move image files into their appropiate directory.
raman_move_files();
end
% Execute histogram automation.
if hi == 1
% Change to histogram direcory.
cd([cwd, '/histogram']);
% Get all datasets in directory.
d = dir('*.txt');
file_names = {d.name};
% Determine the number of files to evaluate.
l = length(file_names);
% Top percentage value holder array.
p = [20];
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% Define histogram extrema containers.
x_max = []; y_max = [];
% Iterate through all datasets and create histograms of intensity
% distribution for each concentration at each mapping area.
i = 1;
for n=1:l
% Get file name of mapping experiment.
map = char(file_names(n));
for m=1:length(p)
% Calculate extremes for individual histograms.
[x_max(i) y_max(i)] = raman_histogram_extremes(map, (p(m)));
i = i + 1;
end
end
limits = [max(x_max) max(y_max)];
% Iterate through all datasets and create histograms of intensity
% distribution for each concentration at each mapping area.
for j=1:l
% Get file name of mapping experiment.
map = char(file_names(j));
% Display histogram processing status.
disp(['--> Processing histogram matrix: ', map]);
for k=1:length(p)
% Create histogram of top p% of hotspot intensities.
raman_histogram_matrix(map, (p(k)), limits);
end
end
% Move image files into their appropiate directory.
raman_move_files();
end
% Execute intensity integral automation.
if ii == 1
% Change to heatmap direcory.
cd([cwd, '/intensity']);
% Top percentage value holder array.
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p = [20];
% Outlyer percentage value holder array.
o = [0 1 5 10];
for k=1:length(p)
for m=1:length(o)
% Calculate intensity integral of top p% of hotspots and
%remove o% of the hotspot oputliers.
raman_intensity_sum_power(3, 3, p(k), o(m), 0);
end
end
% Move image files into their appropiate directory.
raman_move_files();
end
disp('--> Raman automator matrix end');
fprintf('\n');
% Navigate to default directory.
cd(CWD);
% Stop timer.
toc;
fprintf('\n');

%-------------------------------------------------------------------------% Author: Mirko Palla.
% Date: August 5, 2013.
%
% For: Click reaction quantification by Raman spectroscopy for small molecule
% conjugation at the Ju Lab - Chemical Engineering Department, Columbia
% University.
%
% Purpose: This program receives a Raman measurement map in the form of an
% intensity matrix, then creates the histogram of intensity distribution
% of the top p% and returns the x and y-axis extremes.
%
% This software may be used, modified, and distributed freely, but this
% header may not be modified and must appear at the top of this file.
%-------------------------------------------------------------------------function [x_max, y_max] = raman_histogram_extremes(file_name, p)
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% Set default number formatting.
format short;
% Get intensity values from intensity matrix data file.
M = load(file_name);
% Determine dimensions of intensity matrix.
[r, c] = size(M);
% Collect all intensity entries from matrix into an array, I.
I = reshape(M, 1, r*c);
% Sort intensity values in descending order.
D = sort(I, 'descend');
% Remove non-positive intensity values from intensity array.
m = 1;
for n=1:length(D)
if(D(n) > 0)
R(m) = D(n);
m = m + 1; % update internal counter.
end
end
% Select top p% of intensity values to display.
maxima = floor(p*length(R)/100);
T = R(1:maxima);
% Create histogram of intensity distribution using 100 bins.
hist(T, 100);
% Get extremes of all histograms for scaling purposes.
h = gca;
x_max = get(h, 'XLim'); x_max = x_max(2);
y_max = get(h, 'YLim'); y_max = y_max(2);
close;

%-------------------------------------------------------------------------% Author: Mirko Palla.
% Date: October 1, 2013.
%
% For: Click reaction quantification by Raman spectroscopy for small molecule
% conjugation at the Ju Lab - Chemical Engineering Department, Columbia
% University.
%
% Purpose: This program receives a Raman measurement map in the form of an
% intensity matrix, then creates the histogram of intensity distribution
% of the top p%.

200
%
% This software may be used, modified, and distributed freely, but this
% header may not be modified and must appear at the top of this file.
%-------------------------------------------------------------------------function raman_histogram_matrix(file_name, p, limits)
% Set default number formatting.
format short;
% Get intensity values from intensity matrix data file.
M = load(file_name);
% Determine dimensions of intensity matrix.
[r, c] = size(M);
% Collect all intensity entries from matrix into an array, I.
I = reshape(M, 1, r*c);
% Sort intensity values in descending order.
D = sort(I, 'descend');
% Remove non-positive intensity values from intensity array.
m = 1;
for n=1:length(D)
if(D(n) > 0)
R(m) = D(n);
m = m + 1; % update internal counter.
end
end
% Select top p% of intensity values to display.
maxima = floor(p*length(R)/100);
T = R(1:maxima);
T'
% Create histogram of intensity distribution using 100 bins.
hist(T, 100);
title('Hotspot Intensity Distribution in Heatmap')
axis([0 3e4 0 450]);
% Fit histogram with power law and display functional relationship.
%showfit('power; lin', 'fitcolor', 'red');
% Save histogram in *.bmp and *.fig file formats.
[pathstr, name, ext] = fileparts(file_name);
f = strcat(name, '_hi_', num2str(p), '%');
print ('-dbmp', [f, '.bmp']);
saveas(gcf, [f, '.fig']);
close;
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% Display some statistics on hotspots.
fprintf('\n');
disp(['--> Total number of measurements: ', num2str(length(D))]);
disp(['--> Total number of hotspots: ', num2str(length(R))]);
disp(['--> Top ', num2str(p), '% of hotspots: ', num2str(length(T))]);
disp(['--> File ', f, ' was created!']);
fprintf('\n');

%-------------------------------------------------------------------------% Author: Mirko Palla.
% Date: September 12, 2013.
%
% For: Click reaction quantification by Raman spectroscopy for small molecule
% conjugation at the Ju Lab - Chemical Engineering Department, Columbia
% University.
%
% Purpose: This program receives a set of Raman measurement maps in the
% form of an intensity matrix, then returns the sum of intensity values
% along with standard error for each concentration.
%
% ARGUMENTS:
%
%
- rows := number of experiment types (such as concentration series)
%
- cols := number of repeated experiments of the same kind (for error bar)
%
- p := top p% of intensity values used in the integration
%
- q := q% of intensity values to be removed as upper and lower extremes
%
- type := 0 or 1, for hotspot or SERS intensity integration
%
%
- 0 := assemble excludes negative values and zero from the total
%
number of measurement, so various mapping experiments could
%
integrate a different number of intensity values
%
%
- 1 := essentially all SERS measurements included in the assemble,
%
so every mapping experiment integrates the same number of
%
intensity values
%
% DEFINITIONS:
%
%
- hotspot := defined as positive signal-to-baseline intensity value only
%
% This software may be used, modified, and distributed freely, but this
% header may not be modified and must appear at the top of this file.
%-------------------------------------------------------------------------function raman_intensity_sum_power(rows, cols, p, q, type)
disp('--> Raman intensity sum power start');
fprintf('\n');
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% Set default number formatting.
format short;
% Get all datasets in current working directory.
d = dir('*.txt');
file_names = {d.name};
% Determine the number of files to evaluate.
l = length(file_names);
% Initialize max/min intensity value (holder) arrays.
M_max = [];
M_min = [];
% Initialize matrix to hold sum of intensity values for all mappings.
H = zeros(rows, cols);
% Initialize concentration (holder) array. Needs to be predefined by user.
% Units are in pM.
C = [1 8 60];
% Initialize row index.
o = 1;
% Iterate through all datasets and calculate sum of intensities for each
% concentration.
for i=1:l
% Get intensity values from intensity matrix data file.
M = load(char(file_names(i)));
% Display heatmap processing status.
disp(['--> Processing matrix: ', char(file_names(i)), ' - [hs, er]% = [', num2str(p), ', ',
num2str(q), ']%']);
fprintf('\n');
% Determine dimensions of intensity matrix.
[r, c] = size(M);
% Initialize arrays for holding statistical data.
D=[];
R=[];
Q=[];
T=[];
% Collect all intensity entries from matrix into an array, I.
I = reshape(M, 1, r*c);
% Sort intensity values in descending order.
D = sort(I, 'descend');
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% Remove non-positive intensity values from intensity array.
if(type == 0)
m = 1;
for n=1:length(D)
if(D(n) > 0)
R(m) = D(n);
m = m + 1; % update internal counter.
end
end
% Use all intensity values in the integration.
else
R = D;
end
% Calculate the extrema interval to be removed from upper and lower
% bounds.
if(q == 0)
Q = R;
else
extrema = floor(q*length(R)/100);
Q = R(extrema:(length(R) - extrema));
end
% Select top p% of intensity values to display from extrema-removed
% intensity value set, Q.
maxima = floor(p*length(Q)/100);
T = Q(1:maxima);
% Determine maximum and minimum intensity values in the measurement
% set.
I_max = max(T);
I_min = min(T);
% Add these elements into max/min holder.
M_max = [M_max I_max];
M_min = [M_min I_min];
% Calculate sum of intensities.
s = sum(T);
% Display some statistics on hotspots.
disp(['--> Total number of measurements: ', num2str(length(D))]);
disp(['--> Total number of hotspots: ', num2str(length(R))]);
if(q == 0)
disp(['-->
else
disp(['-->
disp(['-->
disp(['-->

Top ', num2str(p), '% of hotspots: ', num2str(length(T))]);
Extrema interval to be removed: ', num2str(extrema)]);
Total number of extrema-removed hotspots: ', num2str(length(Q))]);
Top ', num2str(p), '% of extrema-removed hotspots: ', num2str(length(T))]);
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end
fprintf('\n');
% Determine column index.
v = mod(i, cols);
% Update to correct column index when modulus is zero.
if(v == 0)
v = cols;
end
% Update matrix to hold sum of intensity values.
H(o,v) = s;
% If maximum column number is reached, reset row number to 1.
if(v == cols)
o = o + 1;
end
end
% Determine global max/min intensity values over all measurement sets.
F_max = max(M_max);
F_min = min(M_min);
% Average sum of intensities per concentartion basis.
A = mean(H, 2);
% Determine standard deviation of mean of sum of intensities.
S = std(H, 0, 2);
% Determine standard error of sum of intensities.
E = S;
A
E
% Plot 1: sum of intensities vs. concentration.
figure(1)
errorbar(C, A, E, '-ko', 'LineWidth', 3.0,...
'MarkerEdgeColor', 'k',...
'MarkerFaceColor', 'k',...
'MarkerSize', 20);
% Show the vertical errorbar line in log y scale plot when the data error
% is larger than data itself (external M-file).
errorbarlogx;
% Choose right x-range depending on required data points to display.
%xlim([1E1 1E7]);
xlabel('Concentration (pM)', 'fontsize', 30);
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ylabel('Sum of Intensity (cnt)', 'fontsize', 30);
set(gca, 'FontSize', 24);
h = legend('I_SUM vs. CC', 2);
set(h,'Interpreter','none');
t = ['I_{SUM} vs. CC: ', '[hs, er]% = [', num2str(p), ', ', num2str(q), ']%'];
title(t, 'fontsize', 30, 'fontweight', 'b');
% Fit histogram with power law and display functional relationship.
f = ezfit(C, A, 'power; lin');
showfit(f);
% Save histogram in *.bmp and *.fig file formats.
[pathstr, name, ext] = fileparts(char(file_names(i)));
na = strsplit(name, '_');
fn = strcat('I_vs_cc_', char(na(2)), '_hs-', num2str(p), '%_er-', num2str(q), '%');
print('-dbmp', [fn, '.bmp']);
saveas(gcf, [fn, '.fig']);
close;
% Display some statistics on hotspots.
disp(['--> Global intensity maximum: ', num2str(F_max)]);
disp(['--> Global intensity minimum: ', num2str(F_min)]);
fprintf('\n');
disp('--> Raman intensity sum power end');
fprintf('\n');

%-------------------------------------------------------------------------% Author: Mirko Palla.
% Date: July 8, 2013.
%
% For: Click reaction quantification by Raman spectroscopy for small molecule
% conjugation at the Ju Lab - Chemical Engineering Department, Columbia
% University.
%
% Purpose: This program receives an N-dimensional array (Y) containing N
% set of data points, here intensity values (cnt) - and draws the corres% ponding barplot.
%
% This software may be used, modified, and distributed freely, but this
% header may not be modified and must appear at the top of this file.
%-------------------------------------------------------------------------function barplot(Y)
fprintf('\n');
disp('--> Raman barplot start');
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% Set default number formatting.
format short;
% Generate barplot for N-dimensional matrix, Y.
bar(Y); % Y = [4.65e+06 3.96e+06; 3.75e+06 3.71e+06; 4.99e+06 2.94e+06; 7.58e+05 8.99e+05];
% Color edges according to alkyne (red) and azido (blue) standards.
hArray = bar(Y);
set(hArray(1), 'LineWidth', 2, 'EdgeColor', 'red');
set(hArray(2), 'LineWidth', 2, 'EdgeColor', 'blue');
% Set visual display.
colormap summer;
grid on;
%xlabel('Concentration (pM)', 'fontsize', 30);
ylabel('Intensity Integral (cnt)', 'fontsize', 30);
set(gca, 'FontSize', 20);
%set(gca,'XTickLabel',[1e0 1e2 1e4 1e6])
h = legend('alkyne', 'azido', 1);
set(h,'Interpreter','none');
% Display the element-wise ratio between the two (if N=2) data sets.
%R = Y(:,1)./Y(:,2)
disp('--> Raman barplot end');
fprintf('\n');
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A.2

MATLAB Scripts for Spectral Averaging
In this appendix, all scripts are included (in alphabetical order) relevant to data analysis

of click reaction quantification by Raman spectroscopy for small molecule conjugation method
development (Chapter 5). Short description of each program can be found in their respective
headings. Published with MATLAB® R2013a.

%-------------------------------------------------------------------------% Author: Mirko Palla.
% Date: September 25, 2013.
%
% For: Click reaction quantification by Raman spectroscopy for small molecule
% conjugation at the Ju Lab - Chemical Engineering Department, Columbia
% University.
%
% Purpose: This program receives a set of N Raman measurement maps in the
% form WiRE text data (output of 'Batch File Converter'), then:
%
%
(1) generates N folders containing individual spectral files indexed
%
according to their location in the rectangular grid ('raw');
%
%
(2) computes the estimation of the baseline in each individual spectral
%
file signal using a non-quadratic cost-function and generates N
%
folders containing these baseline-removed spectra ('blc');
%
%
(3) finds the maximum intensity value in all baseline-removed spectra
%
in a range of signal interest and finally creates N matrix files of
%
these intensity values (according to the mapping ideces)
%
% This software may be used, modified, and distributed freely, but this
% header may not be modified and must appear at the top of this file.
%-------------------------------------------------------------------------function raman_process_automator(x_steps, y_steps, resolution,...
UL_s, WS_s, UL_p, WS_p,...
sn, bl, pf, no)
fprintf('\n');
disp('--> Raman process automator start');
% Start timer.
tic;
% Get current working directory.
CWD = pwd;
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% Add script folder to search path.
addpath([CWD, '/processing']);
%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%
%
%
%
AZIDO-ALKYNE SIGNAL PROCESSING
%
%
%
%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%
% Change to signal direcory.
cd([CWD, '/processing/azido-alkyne']);
% Execute 'snake' file processing.
if sn == 1
raman_snake(x_steps, y_steps, resolution);
end
% Execute baseline correction algorithm.
if bl == 1
raman_baseline();
end
% Execute peak finding algorithm.
if pf == 1
raman_peak_finder(UL_s, WS_s, 'S')
end
%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%
%
%
%
PLASMON-PHONON SIGNAL PROCESSING
%
%
%
%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%
% Change to signal direcory.
cd([CWD, '/processing/plasmon-phonon']);
% Execute 'snake' file processing.
if sn == 1
raman_snake(x_steps, y_steps, resolution);
end
% Execute baseline correction algorithm.
if bl == 1
raman_baseline();
end
% Execute peak finding algorithm.
if pf == 1
raman_peak_finder(UL_p, WS_p, 'P')
end

209
%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%
%
%
%
NORMALIZATION
%
%
%
%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%
if no == 1
% Define output directory.
D = [CWD, '/processing/normalization'];
% Move files to appropiate directories.
if exist(D, 'dir') == 0
mkdir(D);
end
% Copy intensity matrix files from source directories for both azido% alkyne ('aa') and plasmon-phonon ('pp') data.
cd(D);
copyfile([CWD, '/processing/azido-alkyne', '/S*'], D);
copyfile([CWD, '/processing/plasmon-phonon', '/P*'], D);
% Perform batch nomalization on 'aa' and 'pp' matrices.
raman_batch_normalizer();
% Delete intermediate matrix files.
delete('*matrix*');
end
% Navigate to default directory.
cd(CWD);
% Stop timer.
toc;
fprintf('\n');
disp('--> Raman process automator end');
fprintf('\n');

%-------------------------------------------------------------------------% Author: Mirko Palla.
% Date: September 30, 2013.
%
% For: Click reaction quantification by Raman spectroscopy for small molecule
% conjugation at the Ju Lab - Chemical Engineering Department, Columbia
% University.
%
% Purpose: This program receives a set of N Raman measurement maps in the
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% form normalized/unnormalized signal and plasmon-phonon intensity matrices,
% then:
%
%
(1) builds a data structure array containing measurement information for
%
each mapping point in the experiment (matrix entry);
%
%
(2) sorts this array according to any field of a structure, such as:
%
%
- S.index_i := x-coordinate in the intensity matrix
%
- S.index_j := y-coordinate in the intensity matrix
%
- S.coordinate := 2D coordinate of the matrix entry
%
- S.signal_max := maximum SERS signal determined by a previous
%
processing algorithm
%
- S.signal_max_norm := same as above, but nomalized by
%
plasmon-phonon signal
%
- S.plasmon_p_signal := plasmon-phonon (internal standard)
%
signal of measurement
%
%
(3) collects these spectral files according to 2D indeces and averages
%
them then plots the correlation on a XY graph.
%
% ARGUMENTS:
%
%
- N := number of measurement files
%
- so := sort strucure array by (1) SERS signal intensity [SM], (2)
%
normalized SERS signal intensity [NM] or by (3) plasmon-phonon
%
signal intensity [PP].
%
%
- p := top p% of intensity values used in the spectral averaging
%
- q := q% of intensity values to be removed as upper and lower extremes
%
- type := 0 or 1, for hotspot or SERS intensity spectral averaging
%
%
- 0 := assemble excludes negative values and zero from the total
%
number of measurement, so various mapping experiments could
%
average a different number of spectral files
%
%
- 1 := essentially all SERS measurements included in the assemble,
%
so every mapping experiment averages the same number of
%
spectral files
%
% This software may be used, modified, and distributed freely, but this
% header may not be modified and must appear at the top of this file.
%-------------------------------------------------------------------------function raman_spectral_ave(N, so, p, q, type)
fprintf('\n');
disp('--> Raman spectral averager start');
fprintf('\n');
% Start timer.
tic;
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% Set data containing directory.
DAT = 'C:\Documents and Settings\Mirko Palla\Desktop\data';
% Get current working directory.
CWD = pwd;
% Add script folder to search path.
addpath([CWD, '/peaks']);
% Initialize structure array holder array.
SA = {};
%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%
%
%
%
UNNORMALIZED PROCESSING
%
%
%
%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%
% Change to unnormalized signal direcory.
cd([DAT, '\matrix\azido\unnormalized\histogram']);
% Get all datasets in this directory.
d = dir('*.txt');
file_names = {d.name};
% Iterate through all datasets and build data structure array for each
% mapping experiment.
for i = 1:N
% Get intensity values from intensity matrix data file.
M = load(char(file_names(i)));
% Get dimensions of this matrix.
[y, x] = size(M);
% Display heatmap processing status.
disp(['--> Processing matrix: ', char(file_names(i))]);
% Initialize spectral file counter.
o = 1;
% Create an empty (0-by-0) structure with no fields.
S = struct([]);
% Build structure for the x*y (961) mapping entries.
for j = 1:x
for k = 1:y
S(o).index_x = j;
S(o).index_y = k;
S(o).coordinate = [num2str(j), '-', num2str(k)];
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S(o).signal_max = M(k, j);
o = o + 1;

% update file counter

end
end
% Add these structure into the structure array holder array.
SA(i) = {S};
end
fprintf('\n');
%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%
%
%
%
NORMALIZED PROCESSING
%
%
%
%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%
% Change to normalized signal direcory.
cd([DAT, '\matrix\alkyne\normalized\histogram']);
% Get all datasets in this directory.
d = dir('*.txt');
file_names = {d.name};
% Iterate through all datasets and build data structure array for each
% mapping experiment.
for i = 1:N
% Get intensity values from intensity matrix data file.
B = load(char(file_names(i)));
% Get dimensions of this matrix.
[y, x] = size(B);
% Display heatmap processing status.
disp(['--> Processing matrix: ', char(file_names(i))]);
% Initialize spectral file counter.
o = 1;
% Recall the structure array holder array previously used.
S = cell2mat(SA(i));
% Build structure for the x*y (961) mapping entries.
for j=1:x
for k=1:y
S(o).signal_max_norm = B(j, k);
o = o + 1; % update file counter
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end
end
% Update these structure into the structure array holder array.
SA(i) = {S};
end
fprintf('\n');
%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%
%
%
%
PLASMON-PHONON PROCESSING
%
%
%
%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%
% Change to plasmon-phonon signal direcory.
cd([DAT, '\matrix\plasmon-phonon']);
% Get all datasets in this directory.
d = dir('*.txt');
file_names = {d.name};
% Iterate through all datasets and build data structure array for each
% mapping experiment.
for i = 1:N
% Get intensity values from intensity matrix data file.
V = load(char(file_names(i)));
% Get dimensions of this matrix.
[y, x] = size(V);
% Display heatmap processing status.
disp(['--> Processing matrix: ', char(file_names(i))]);
% Initialize spectral file counter.
o = 1;
% Recall the structure array holder array previously used.
S = cell2mat(SA(i));
% Build structure for the x*y (961) mapping entries.
for j=1:x
for k=1:y
S(o).plasmon_signal = V(j, k);
o = o + 1; % update file counter
end
end
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% Update these structure into the structure array holder array.
SA(i) = {S};
end
fprintf('\n');
%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%
%
%
%
SORTING BY ANY FIELD
%
%
%
%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%
% Initialize sorted structure array holder array.
SS = {};
% Iterate through all individual spectral folders.
for k = 1:N
% Retrieve unsorted structure array from holder.
S = cell2mat(SA(k));
% Sort specra by (unnormalized) maximum SERS intensity.
if so == 'SM'
[t z] = sort([S.signal_max], 'descend');
end
% Sort specra by normalized maximum SERS intensity.
if so == 'NM'
[t z] = sort([S.signal_max_norm], 'descend');
end
% Sort specra by plasmon-phonon peak intensity.
if so == 'PP'
[t z] = sort([S.plasmon_signal], 'descend');
end
% Update these structure into the structure array holder array.
SS(k) = {S(z)};
end
%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%
%
%
%
PRINT STRUCTURE INTO FILE (BEFORE)
%
%
%
%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%
% Navigate to default directory.
cd(CWD);
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for ff = 1:N
% Retrieve sorted structure array from holder and print to file.
O = cell2mat(SS(ff));
struct2csv(O, ['sort_raw_', num2str(ff), '.txt']);
end
%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%
%
%
%
ADJUST NUMBER OF TOTAL SPECTRA
%
%
%
%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%
% Use SERS intensity based analysis by default, i.e., type 1.
TT = SS;
% Iterate through all individual spectral folders using hotspot based
% analysis, i.e., type 0.
if(type == 0)
for kk = 1:N
% Retrieve sorted structure array from holder.
T = cell2mat(SS(kk));
% Sort specra by (unnormalized) maximum SERS intensity.
if(strcmp(so, 'SM'))
nz = sum([T.signal_max] == 0); % determine the number of zero entries
end
% Sort specra by normalized maximum SERS intensity.
if(strcmp(so, 'NM'))
nz = sum([T.signal_max_norm]== 0); % determine the number of zero entries
end
% Sort specra by plasmon-phonon peak intensity.
if(strcmp(so, 'PP'))
nz = sum([T.plasmon_signal] == 0); % determine the number of zero entries
end
% Adjust the length of structure array by removing zero containing elements.
U = T(1:length(T)-nz);
% Update these structure into the structure array holder array.
TT(kk) = {U};
end
end
%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%
%
%
%
RETRIEVE LIST OF FILE INDICES
%
%
%
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%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%
for ee = 1:N
% Navigate to default directory.
cd(CWD);
% Retrieve sorted structure array from holder and print to file.
E = cell2mat(TT(ee));
if(type == 0)
struct2csv(E, ['sort_adj_', num2str(ee), '.txt']);
data = load(['sort_adj_', num2str(ee), '.txt']);
else
data = load(['sort_raw_', num2str(ee), '.txt']);
end
% Initialize arrays for holding index pointing to spectral file.
I={};
Q=[];
F=[];
% Retrieve indices pointing to spectral files.
ix = data(:, 2) ;
iy = data(:, 3);
for uu = 1:length(ix)
I(uu) = {[num2str(ix(uu)), '-', num2str(iy(uu))]};
end
% Calculate the extrema interval to be removed from upper and lower
% bounds.
if(q == 0)
Q = I;
else
extrema = floor(q*length(I)/100);
Q = I(extrema:(length(I) - extrema));
end
% Select top p% of intensity values to display from extrema-removed
% intensity value set, Q.
maxima = floor(p*length(Q)/100);
F = Q(1:maxima);
%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%
%
%
%
AVERAGE SELECTED SPECTRA
%
%
%
%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%
% Display folder processing status.
disp(['--> Processing: /blc_', num2str(ee), ' folder']);
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% Average these files using a pre-defined function.
if(strcmp(so, 'SM') || strcmp(so, 'NM'))
% Define the directory, where the individual spectral folders reside.
SDI = [DAT, '\individual_files\azido'];
else
% Define the directory, where the individual spectral folders reside.
SDI = [DAT, '\individual_files\plasmon-phonon'];
end
% Change to directory where the raw spectral files reside.
cd([SDI, ['/blc_', num2str(ee)]]);
% Copy all marked files into averaging directory.
a = [SDI, ['/ave_', num2str(ee)]];
% Move files to appropiate directories.
if exist(a, 'dir') == 0
mkdir(a);
end
for P = 1:length(F)
fn = [char(F(P)) '_spectra-B.txt'];
copyfile(fn, a);
end
% Change to averaging direcory.
cd(a);
% Average these files using a pre-defined function.
if(strcmp(so, 'SM') || strcmp(so, 'NM'))
raman_averager([1570 2550]);
else
raman_averager([150 1370]);
end
end
% Navigate to default directory.
cd(CWD);
% Stop timer.
toc;
fprintf('\n');
disp('--> Raman spectral averager end');
fprintf('\n');
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%-------------------------------------------------------------------------% Author: Mirko Palla.
% Date: September 30, 2013.
%
% For: Click reaction quantification by Raman spectroscopy for small molecule
% conjugation at the Ju Lab - Chemical Engineering Department, Columbia
% University.
%
% Purpose: This program receives a set of N Raman measurement maps in the
% form normalized/unnormalized signal and plasmon-phonon intensity matrices,
% then:
%
%
(1) builds a data structure array containing measurement information for
%
each mapping point in the experiment (matrix entry);
%
%
(2) sorts this array according to any field of a structure, such as:
%
%
- S.index_i := x-coordinate in the intensity matrix
%
- S.index_j := y-coordinate in the intensity matrix
%
- S.coordinate := 2D coordinate of the matrix entry
%
- S.signal_max := maximum SERS signal determined by a previous
%
processing algorithm
%
- S.signal_max_norm := same as above, but nomalized by
%
plasmon-phonon signal
%
- S.plasmon_p_signal := plasmon-phonon (internal standard)
%
signal of measurement
%
%
(3) collects these spectral files according to 2D indeces and averages
%
them then plots the correlation on a XY graph.
%
% ARGUMENTS:
%
%
- N := number of measurement files
%
- so := sort strucure array by (1) SERS signal intensity [SM], (2)
%
normalized SERS signal intensity [NM] or by (3) plasmon-phonon
%
signal intensity [PP].
%
%
- p := top p% of intensity values used in the spectral averaging
%
- q := q% of intensity values to be removed as upper and lower extremes
%
- type := 0 or 1, for hotspot or SERS intensity spectral averaging
%
%
- 0 := assemble excludes negative values and zero from the total
%
number of measurement, so various mapping experiments could
%
average a different number of spectral files
%
%
- 1 := essentially all SERS measurements included in the assemble,
%
so every mapping experiment averages the same number of
%
spectral files
%
% This software may be used, modified, and distributed freely, but this
% header may not be modified and must appear at the top of this file.
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%-------------------------------------------------------------------------function raman_spectral_ave(N, so, p, q, type)
fprintf('\n');
disp('--> Raman spectral averager start');
fprintf('\n');
% Start timer.
tic;
% Set data containing directory.
DAT = 'C:\Documents and Settings\Mirko Palla\Desktop\data';
% Get current working directory.
CWD = pwd;
% Add script folder to search path.
addpath([CWD, '/peaks']);
% Initialize structure array holder array.
SA = {};
%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%
%
%
%
UNNORMALIZED PROCESSING
%
%
%
%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%
% Change to unnormalized signal direcory.
cd([DAT, '\matrix\azido\unnormalized\histogram']);
% Get all datasets in this directory.
d = dir('*.txt');
file_names = {d.name};
% Iterate through all datasets and build data structure array for each
% mapping experiment.
for i = 1:N
% Get intensity values from intensity matrix data file.
M = load(char(file_names(i)));
% Get dimensions of this matrix.
[y, x] = size(M);
% Display heatmap processing status.
disp(['--> Processing matrix: ', char(file_names(i))]);
% Initialize spectral file counter.
o = 1;
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% Create an empty (0-by-0) structure with no fields.
S = struct([]);
% Build structure for the x*y (961) mapping entries.
for j = 1:x
for k = 1:y
S(o).index_x = j;
S(o).index_y = k;
S(o).coordinate = [num2str(j), '-', num2str(k)];
S(o).signal_max = M(k, j);
o = o + 1;

% update file counter

end
end
% Add these structure into the structure array holder array.
SA(i) = {S};
end
fprintf('\n');
%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%
%
%
%
NORMALIZED PROCESSING
%
%
%
%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%
% Change to normalized signal direcory.
cd([DAT, '\matrix\alkyne\normalized\histogram']);
% Get all datasets in this directory.
d = dir('*.txt');
file_names = {d.name};
% Iterate through all datasets and build data structure array for each
% mapping experiment.
for i = 1:N
% Get intensity values from intensity matrix data file.
B = load(char(file_names(i)));
% Get dimensions of this matrix.
[y, x] = size(B);
% Display heatmap processing status.
disp(['--> Processing matrix: ', char(file_names(i))]);
% Initialize spectral file counter.
o = 1;
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% Recall the structure array holder array previously used.
S = cell2mat(SA(i));
% Build structure for the x*y (961) mapping entries.
for j=1:x
for k=1:y
S(o).signal_max_norm = B(j, k);
o = o + 1; % update file counter
end
end
% Update these structure into the structure array holder array.
SA(i) = {S};
end
fprintf('\n');
%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%
%
%
%
PLASMON-PHONON PROCESSING
%
%
%
%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%
% Change to plasmon-phonon signal direcory.
cd([DAT, '\matrix\plasmon-phonon']);
% Get all datasets in this directory.
d = dir('*.txt');
file_names = {d.name};
% Iterate through all datasets and build data structure array for each
% mapping experiment.
for i = 1:N
% Get intensity values from intensity matrix data file.
V = load(char(file_names(i)));
% Get dimensions of this matrix.
[y, x] = size(V);
% Display heatmap processing status.
disp(['--> Processing matrix: ', char(file_names(i))]);
% Initialize spectral file counter.
o = 1;
% Recall the structure array holder array previously used.
S = cell2mat(SA(i));
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% Build structure for the x*y (961) mapping entries.
for j=1:x
for k=1:y
S(o).plasmon_signal = V(j, k);
o = o + 1; % update file counter
end
end
% Update these structure into the structure array holder array.
SA(i) = {S};
end
fprintf('\n');
%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%
%
%
%
SORTING BY ANY FIELD
%
%
%
%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%
% Initialize sorted structure array holder array.
SS = {};
% Iterate through all individual spectral folders.
for k = 1:N
% Retrieve unsorted structure array from holder.
S = cell2mat(SA(k));
% Sort specra by (unnormalized) maximum SERS intensity.
if so == 'SM'
[t z] = sort([S.signal_max], 'descend');
end
% Sort specra by normalized maximum SERS intensity.
if so == 'NM'
[t z] = sort([S.signal_max_norm], 'descend');
end
% Sort specra by plasmon-phonon peak intensity.
if so == 'PP'
[t z] = sort([S.plasmon_signal], 'descend');
end
% Update these structure into the structure array holder array.
SS(k) = {S(z)};
end
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%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%
%
%
%
PRINT STRUCTURE INTO FILE (BEFORE)
%
%
%
%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%
% Navigate to default directory.
cd(CWD);
for ff = 1:N
% Retrieve sorted structure array from holder and print to file.
O = cell2mat(SS(ff));
struct2csv(O, ['sort_raw_', num2str(ff), '.txt']);
end
%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%
%
%
%
ADJUST NUMBER OF TOTAL SPECTRA
%
%
%
%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%
% Use SERS intensity based analysis by default, i.e., type 1.
TT = SS;
% Iterate through all individual spectral folders using hotspot based
% analysis, i.e., type 0.
if(type == 0)
for kk = 1:N
% Retrieve sorted structure array from holder.
T = cell2mat(SS(kk));
% Sort specra by (unnormalized) maximum SERS intensity.
if(strcmp(so, 'SM'))
nz = sum([T.signal_max] == 0); % determine the number of zero entries
end
% Sort specra by normalized maximum SERS intensity.
if(strcmp(so, 'NM'))
nz = sum([T.signal_max_norm]== 0); % determine the number of zero entries
end
% Sort specra by plasmon-phonon peak intensity.
if(strcmp(so, 'PP'))
nz = sum([T.plasmon_signal] == 0); % determine the number of zero entries
end
% Adjust the length of structure array by removing zero containing elements.
U = T(1:length(T)-nz);
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% Update these structure into the structure array holder array.
TT(kk) = {U};
end
end
%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%
%
%
%
RETRIEVE LIST OF FILE INDICES
%
%
%
%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%
for ee = 1:N
% Navigate to default directory.
cd(CWD);
% Retrieve sorted structure array from holder and print to file.
E = cell2mat(TT(ee));
if(type == 0)
struct2csv(E, ['sort_adj_', num2str(ee), '.txt']);
data = load(['sort_adj_', num2str(ee), '.txt']);
else
data = load(['sort_raw_', num2str(ee), '.txt']);
end
% Initialize arrays for holding index pointing to spectral file.
I={};
Q=[];
F=[];
% Retrieve indices pointing to spectral files.
ix = data(:, 2) ;
iy = data(:, 3);
for uu = 1:length(ix)
I(uu) = {[num2str(ix(uu)), '-', num2str(iy(uu))]};
end
% Calculate the extrema interval to be removed from upper and lower
% bounds.
if(q == 0)
Q = I;
else
extrema = floor(q*length(I)/100);
Q = I(extrema:(length(I) - extrema));
end
% Select top p% of intensity values to display from extrema-removed
% intensity value set, Q.
maxima = floor(p*length(Q)/100);
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F = Q(1:maxima);
%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%
%
%
%
AVERAGE SELECTED SPECTRA
%
%
%
%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%
% Display folder processing status.
disp(['--> Processing: /blc_', num2str(ee), ' folder']);
% Average these files using a pre-defined function.
if(strcmp(so, 'SM') || strcmp(so, 'NM'))
% Define the directory, where the individual spectral folders reside.
SDI = [DAT, '\individual_files\azido'];
else
% Define the directory, where the individual spectral folders reside.
SDI = [DAT, '\individual_files\plasmon-phonon'];
end
% Change to directory where the raw spectral files reside.
cd([SDI, ['/blc_', num2str(ee)]]);
% Copy all marked files into averaging directory.
a = [SDI, ['/ave_', num2str(ee)]];
% Move files to appropiate directories.
if exist(a, 'dir') == 0
mkdir(a);
end
for P = 1:length(F)
fn = [char(F(P)) '_spectra-B.txt'];
copyfile(fn, a);
end
% Change to averaging direcory.
cd(a);
% Average these files using a pre-defined function.
if(strcmp(so, 'SM') || strcmp(so, 'NM'))
raman_averager([1570 2550]);
else
raman_averager([150 1370]);
end
end
% Navigate to default directory.
cd(CWD);
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% Stop timer.
toc;
fprintf('\n');
disp('--> Raman spectral averager end');
fprintf('\n');

