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ABSTRACT
Single-molecule studies of nucleic acid dynamics using carbon
nanotube-based field-effect transistors
Nathan Scott Daly

This thesis describes the development and implementation of single-molecule carbon
nanotube-based field-effect transistors (smFETs) for studies of nucleic acid dynamics. Singlemolecule techniques, most notably fluorescence resonance energy transfer (smFRET) and
single-molecule force spectroscopy, have been employed to investigate biomolecular dynamics
due to their ability to directly observe discrete, rare events, as well as to characterize structural
motions in a diverse ensemble. However, these techniques are hampered by difficulties in
measuring millisecond-scale dynamics, such as base pair rearrangements, as well as the
inability to observe unperturbed individual molecules for long times. Alternatively, smFETs allow
observation of the dynamics of charged biomolecules, such as charged amino acids in proteins
or the phosphate groups of nucleic acid backbones, with microsecond temporal resolution.
Structural rearrangements of a single charged molecule on the surface of a single-walled
carbon nanotube (CNT) transistor can lead to measureable fluctuations in conductance through
the CNT. Thus, this technique allows for simultaneous characterization of fast events and, due
to the label-free and minimally-invasive nature of smFET technology, the quantification of how
the frequency of these events change over long time-scales.
A portion of this work describes smFET fabrication, focusing on improvements to the
functionalization method, a critical step to reliably generate individual attachment sites on the
CNT for subsequent single-molecule studies. A new synthetic chemistry approach is performed
in ultraminiaturized, nanofabricated reaction chambers; using lithographically-defined nanowells,
single-point attachments are achieved on hundreds of individual carbon nanotube transistors,
providing robust statistics and unprecedented spatial control in adduct positioning. Each device

acts as a sensor to detect, in real-time and through quantized changes in conductance, singlepoint functionalization of the nanotube, as well as consecutive chemical reactions and
subsequent molecular interactions molecular conformational changes.
In particular, this thesis is focused on studying the dynamics of nucleic acids using smFET
technology. First, the smFET technique presented is verified by studying the thermodynamics
and kinetics of DNA hybridization, the results of which compare favorably both with predicted
values and previous smFET studies using alternative device architectures. Next, the reversible
folding of a single-stranded telomeric DNA sequence known to form a G-quadruplex structure is
studied, revealing the characteristic increased stability of the G-quadruplex structure in the
presence of potassium ions relative to sodium ions. Finally, smFET studies of the dynamics of
the adenine-sensing pbuE riboswitch aptamer found in Bacillus subtilis are discussed. These
results demonstrate how long-lived, ligand-dependent intermediates form at a base-pair level
and suggest that these intermediates have consequences for riboswitch-regulation by adenine
binding to the aptamer. With the increased time resolution of smFET technology, this work has
achieved the first observation of RNA zipping and unzipping at the single-molecule level, as well
as label-free observations of the effects of a three-way junction motif on helix zipping and
unzipping.
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Chapter 1

Introduction
1.1 Single-Molecule Methods
1.1.1 Single-molecule versus ensemble techniques
Since the first single-molecule measurements were made in the 1970s [1], a variety of singlemolecule techniques have been developed to study molecules ranging in size from individual
ions [2] to macromolecular machines such as the ribosome [3]. These techniques can augment
information available from ensemble or bulk methods, where a large number of molecules are
studied simultaneously and a general description of the population is obtained. By observing
one molecule at a time, single-molecule techniques can identify rare subpopulations of a group
of molecules that would otherwise be averaged out by bulk measurements [4]. This averaging
can also affect the ability of ensemble techniques to detect heterogeneity in the dynamics of
molecules over time. By performing a large number of measurements, single-molecule methods
can utilize statistics to build a description of a population of molecules as a whole while
identifying rare states and dynamics that might be invisible to ensemble techniques.
Additionally, a significant disadvantage of ensemble techniques is their tendency to miss
transient molecular changes due to the unsynchronized dynamics of the entire population [5].
Single-molecule techniques, on the other hand, do not require synchronization of molecular
dynamics in order for short-lived intermediates to be detected. While single-molecule methods
each pose a variety of technical challenges and limitations [6] as outlined in the following
subsections, the valuable information that they can provide has propelled their advancement
and increasingly widespread use in the field of biophysics.

1

1.1.2 Fluorescence techniques
Single-molecule fluorescence approaches have become one of the most popular singlemolecule methods for studying the dynamics of biomolecules in part due to the flexibility and
variety of fluorescence-based configurations. These approaches typically involve the
conjugation of one or more fluorophores to a molecule of interest and then the observation of
fluorescence emitted by those fluorophores following excitation with laser light. For instance,
fluorescence correlation spectroscopy (FCS), a single-fluorophore method, has been used to
measure fluctuations in fluorophore intensity that correlate to diffusion of molecules in and out of
a small excitation volume with high temporal resolution [7]. Alternatively, a powerful, multifluorophore technique for monitoring single molecules is Fluorescence Resonance Energy
Transfer (FRET). This method involves a dipole-dipole interaction between two fluorophores
whereby the emission spectrum of one fluorophore, termed the donor, overlaps with the
excitation spectrum of the other fluorophore, termed the acceptor. Excitation of the donor
fluorophore results in energy transfer to and subsequent light emission from the acceptor
fluorophore, the efficiency of which, EFRET, can be described as
𝐸𝐹𝑅𝐸𝑇 =

1
1 + (𝑅/𝑅0 )6

where R is the distance between the donor and acceptor fluorophore and R0 is the fluorophore
pair-specific distance which results in 𝐸𝐹𝑅𝐸𝑇 = 0.5 [8]. Because the FRET efficiency is
dependent on the distance between the two fluorophores, EFRET can be used as a spectroscopic
ruler to estimate the relative position of donor and acceptor [9], [10]. FRET has been
successfully used to monitor both intermolecular interactions [11] and intramolecular dynamics
of biomolecules [12], [13].
Over the past few decades many improvements have been made to existing fluorescencebased methods to alleviate some of the technical challenges they face. The development of
statistical reconstruction algorithms such as photoactivated localization microscopy (PALM) [14]
2

and stochastic optical reconstruction microscopy (STORM) [15] have allowed spatial resolution
of molecules to extend beyond the diffraction limit of hundreds of nanometers, and have been
implemented to elucidate the motion of molecular motors [16], [17] and to track single molecules
in vivo [18]. Alternatives to the standard epifluorescence microscopy setup, such as confocal
microscopy [19] and total internal reflection fluorescence (TIRF) microscopy [20], as well as
advances such as nanofabrication of zero-mode waveguides (ZMWs) [21], reduce the
contribution of background fluorescence, thereby allowing higher concentrations of fluorophorelabeled molecules to be used in solution. Additionally, TIRF microscopy and ZMWs can be
configured to increase throughput by simultaneously imaging large arrays of fluorophores, while
the challenge of missed dynamics due to temporal resolution limitations is being met by
improvements in detector and camera technology [22].
Despite these advancements in fluorescence-based single-molecule techniques, tradeoffs
between all of these factors still exist. For example, for extremely fast dynamics FCS is
preferred over a TIRF microscopy setup, which is limited to 1-10 ms time resolution [6]. While
FCS can allow for measurements as fast as 1 ns, this technique suffers significantly from
throughput limitations as only one fluorophore can be observed at a time. Additional concerns
inherent to fluorescence-based methods, such as perturbations to molecular dynamics from
bulky fluorophore labelling and limits to extended observation time caused by fluorophore
photobleaching [23], are absent from other single-molecule techniques as outlined below.

1.1.3 Force spectroscopies
Force spectroscopies have been developed for single-molecule measurements and provide
a tool for precise position and force measurement and manipulation of biomolecules. Atomic
Force Microscopy (AFM), while generally used for topographical imaging by horizontal scanning
[24], [25], can be configured to move in the vertical plane and to apply force to a biomolecule
tethered between the AFM probe and a surface. AFM has been used to interrogate the strength
of covalent bonds [26] as well as protein unfolding [27] and DNA hybridization [28]. While
3

advances in AFM-based methods have allowed for competitive temporal resolution [29], other
configurations such as optical and magnetic tweezers have gained in popularity due to their
increased temporal resolution and ability to apply smaller forces on biomolecules than AFM [30].
Optical tweezers rely on focusing laser light through a high numerical aperture microscope
objective to create an optical trap that exerts a spring-like restorative force on nearby particles
that move away from the focus of the trap [31]. The stiffness of the trap can be controlled by
laser intensity and particle size, and detection of asymmetry in the laser spot caused by
movement of the particles allows for measurement of both position and force applied on trapped
molecules [30]. By tethering biomolecules to polymer beads, either in a configuration with one
optical tweezer and bead at one end and the other end surface-immobilized or in a configuration
where a biomolecule is tethered at two ends to beads placed in optical traps [30], optical
tweezers have been used to study movement of molecular motors [32], [33] and the folding of
proteins and nucleic acids [34] and has also achieved sub-nanometer resolution [35]. Magnetic
tweezers, conceptually similar to optical tweezers, use magnetic beads to control the position
and applied force on tethered biomolecules. Magnetic tweezers are particularly useful for
rotational control and applying twisting force to molecules of interest, such as in the study of
DNA uncoiling by topoisomerase [36].
As with fluorescence-based techniques, force spectroscopies face tradeoffs between
throughput, temporal resolution, and position and force sensitivity. AFM-based techniques
generally have better spatial resolution than tweezer techniques, though recent advances in
optical tweezer technology has made this method more competitive [35]. Alternatively, tweezer
techniques can apply smaller amounts of force to molecules of interest than AFM, including
rotational force in the case of magnetic tweezers [30]. Optical tweezers have an advantage over
magnetic tweezers in terms of both temporal and spatial resolution, though they cannot be used
for extended observation due to photodamage caused by the high-powered lasers used to
create the optical traps [6]. A significant advancement in optical tweezer-based methods is the
4

integration of holographic technology, which allows for the creation of an array of optical traps to
increase throughput [37]. A particular concern for all force-based techniques is their
invasiveness and the effects of applied force on measured molecular dynamics. For example,
optical tweezers can induce local heating of biomolecules of interest depending on the
wavelength of light used to generate the optical trap [30]. Additionally, it has been discovered
that force-based techniques can induce an entropic energy barrier that is responsible for the
appearance of two-state hopping phenomena widely observed in force-pulling experiments [38].

1.1.4 Field-Effect Transistors
While both fluorescence and force-based single-molecule techniques have proven to be
extremely useful in biophysical studies, the technical limitations of each provide motivation for
the development of complementary single-molecule techniques, such as single-molecule fieldeffect transistor (smFET) technology [39]. As electronic sensors, smFETs create signals through
transduction of molecular motion directly to electron current rather than via photons and/or trap
or probe displacement as is the case with fluorescence and force-based methods [39]. This
direct signal transduction is a contributing factor to the increased temporal resolution of
smFETs, which are capable of sampling rates in the MHz range without decreases in signal or
throughput [40]. As this technique is label-free, and particularly chromophore-free, smFETs
exhibit extended stability for single-molecule observation so long as the molecule itself is not
labile. The inherent wide-bandwidth of this technique allows for characterization of fast events,
as well as quantification of long time-scale dynamic heterogeneity.
As discussed in more detail in Section 1.2.3, structural rearrangements of a charged
molecule near the smFET device can lead to measurable fluctuations in current through the
smFET conductive channel. While FETs can be fabricated using inorganic materials such as
silicon nanowires, the most promising material for smFET applications has been carbon
nanotubes (CNTs), the principles and applications of which are discussed in Section 1.2. To
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date CNT-based smFETs have been utilized to study the dynamics of both nucleic acids [41]–
[43] and proteins [44]–[46] with microsecond temporal resolution.

1.2 Overview of Carbon Nanotubes
Carbon nanotubes (CNTs) are solid-state one-dimensional materials that have found use
across many fields due to their favorable mechanical, electronic, and thermal properties [47].
They have been used as atomic force microscopy probe tips [47], stabilizers in polymer
composites [48], ion channels and nanopores [49], components in transistors and photovoltaics
[50], chemical sensors [51], materials for drug delivery [52], and have even been proposed as
cables in the development of a space elevator [53]. The wide application of CNTs is due in part
to their relatively low cost of production [47], well-defined and atomically-smooth structure, and
ability to change their surface chemistry with relative ease [54].

1.2.1 Properties of carbon nanotubes
Described as sheets of graphene wrapped into cylindrical tubes, CNTs exist in both singlewalled (swCNT) and multi-walled (mwCNT) varieties [55]. While graphene itself is a zero
bandgap semiconductor, CNTs can exhibit either metallic or semiconducting properties
depending on their chirality. CNT chirality is determined by a chiral vector Ch
Ch = na1 + ma2
described by a pair of indices (n, m) denoting the number of unit vectors a1 and a2 contained in
the graphene lattice created by Ch [56]. Nanotubes with (n, m) such that n = m are known as
armchair CNTs, while nanotubes with (n, m) such that n = 0 or m = 0 are known as zigzag CNTs
and all other nanotubes are known as chiral CNTs. All armchair nanotubes are truly metallic in
nature and have zero bandgap, while CNTs with (n, m) such that n – m = 3k where k is a
nonzero integer have an extremely small bandgap and are considered quasi-metallic (Fig. 1.1)
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Figure 1.1. Depiction of chiral vector Ch used to describe a swCNT as a rolled sheet of graphene, where
the pair of indices (n, m) indicates the number of unit vectors a1 and a2 that compose Ch. All purple
hexagons represent metallic or quasi-metallic CNT chiralities, while blue and green hexagons indicate
the existence of a band gap in the electronic band structure of the CNT. Figure adapted from Ref. [57].

[57]. All other CNTs are semiconductors with bandgaps that are inversely proportional to their
diameter [47]. The diameter d of a CNT can be determined from its (n, m) indices as
d=

√3
aCC
π

(m2 + mn + n2)1/2

where aCC is the distance between two carbon atoms in the graphene lattice, or 1.421 Å [56].
While diameters are usually between 0.6 and 3.0 nm for swCNTs and 1.4 to more than 100 nm
for mwCNTs, CNTs have notably high aspect ratios, with lengths typically ranging from microns
to millimeters [47]. Researchers have pushed the limits in both of these dimensions, having
produced swCNTs with the smallest theoretically-possible diameter of 0.4 nm [58] as well as
ultralong CNTs more than half a meter in length [59]. Because both the diameter and the
chirality of a swCNT can greatly affect its mechanical and electronic properties [55], a
considerable amount of research has been aimed at either achieving better synthetic control
over these nanotube properties [60] or developing post-synthesis CNT sorting methods [57].
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1.2.2 Use of carbon nanotubes in electronic devices
Carbon nanotubes have seen use in a wide array of electronic device geometries owing to
their tunable properties based on size and chirality. The one-dimensional nature and crystalline
structure of CNTs makes them ideal molecular wires which could potentially replace traditional
semiconductor materials like silicon [50]. Metallic CNTs have proven to be particularly promising
in thin film transistors, where damage to a single CNT does not impede device performance,
with potential applications in control of organic light-emitting diodes (OLEDs) [61]. Individual
swCNTs, particularly semiconductors, have been used in field-effect transistor architectures due
to their sensitivity to local charge environment [62] and ability to create low-power, high-speed
electronic switches [63]. CNTFETs have been successfully used to detect enzyme-induced pH
changes [64] as well as DNA hybridization [65], though these early applications cannot be
considering single-molecule studies. Additionally, the unique optical properties of CNTs have
been exploited to create optoelectronic biosensors [66]. For the purpose of integrating CNTs
into single-molecule devices, the CNTFET device architecture with single-walled CNTs has
proven to be the most effective as described below.

1.2.3 CNTFET theory
As shown in Figure 1.2, the basic components of a CNT-based FET are a conductive
channel, in this case a CNT, spanning a metallic source and drain electrode with a third
electrode used to gate the system. It is essential to have a barrier between the conductive
channel and gate electrode, either a thin insulating oxide layer in the case of a back gate or
electrolytic solution in the case of a liquid gate, in order for the gate to properly modulate current
flow through the conductive channel [67]. Using gate bias control, the Fermi level of CNTFETs
can be tuned – under positive gate bias CNTFETs behave as n-type materials and conduct
electrons whereas under negative gate bias CNTFETs behave as p-type materials and conduct
holes [63]. This ambipolarity of CNTFETs is particularly useful for logic gate applications [68].
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Figure 1.2. Typical CNTFET setup. A bias is placed across the titanium (Ti) source and drain electrodes
(Vd) which results in current (Id) through the CNT conductive channel. A silicon dioxide layer (SiO2)
separates the conductive channel from the back gate through which a bias (V b) may be applied. In the
setup shown an alternative strategy is to gate the CNTFET using a bias (Vs) in an electrolytic solution.

CNTFET device performance is highly dependent on the interaction between the CNT and the
metal electrodes. The difference in work function between these two materials, determined
primarily by CNT diameter and metal composition, creates an energy barrier known as the
Schottky barrier [69].The choice of electrode metal, in addition to creating Schottky barriers at
both source and drain, can shift CNTFETs to more unipolar behavior, where either electrons or
holes are conducted through the CNT more efficiently [63].
Conductance through swCNTs occurs at the surface, making CNTFETs especially sensitive
to their local charge environment. While high sensitivity to charge fluctuations is ideal for
sensing single molecules of interest, this sensitivity can contribute to the flicker noise inherent to
CNTFETs [70]. For example, conductance fluctuations caused by CNT lattice defects and
unpassivated metal electrodes can dominate the CNTFET signal [71]. In order to maximize the
signal to noise ratio for CNTFETs in a single-molecule configuration, electrodes can be
passivated with polymer resists or metals with native oxide layers like titanium can be used [69].
Additionally, exposure of inherent defects to charge stimuli can be minimized by covering
9

portions of the CNT channel with resist or, alternatively, these defects can be exploited as
attachment sites for a single molecule of interest. In an electrolytically-immersed configuration,
the magnitude of FET conductance fluctuations caused by a biomolecule is modulated by both
the distance between the molecule and the FET [42], [72] as well as the buffer concentration
[73]. This relationship is best described using the concept of an electric double layer to describe
the interface between a charged solid, in this case the CNTFET, and an electrolytic solution
(Fig. 1.3) [74]. In this model, the charge on an electrode induces the formation of a layer of
oppositely-charged ions on the electrode surface, known as the Helmholtz layer. Beyond this
densely-packed layer is a diffuse layer of oppositely-charged ions, which extends a
characteristic distance known as the Debye length. The Debye length, λD can be described as

Figure 1.3. Model of the electric double layer between an electrode (CNTFET) and electrolyte (buffer
solution). In red electrostatic potential is plotted as a function of distance from the electrode. Charges of
opposite sign are shown as green and blue particles.
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𝜀𝑘𝐵 𝑇
λ𝐷 = √
2𝑛𝑧 2 𝑒 2
where ε is electrical permittivity of a liquid, kB is the Boltzmann constant, T is temperature, and n
is the concentration of ions with charge z. Beyond this distance electrostatic effects of the
charged electrode on the ionic solution are negligible and ion concentrations approach that of
the bulk electrolyte. This relationship between the CNTFET and buffer can also be used to
explain the sensitivity of the CNTFET; beyond a certain distance from the CNT surface, charges
of interest become screened by ions in solution and are no longer detectable. As such
temperature, ionic strength and charge are incredibly important tools that can be used to
selectively screen or detect charges in the vicinity of a CNTFET. As described in the following
section, nucleic acids are ideal candidates for CNTFET sensing due to their high charge density
and ability to undergo large-scale structural rearrangements.

1.3 Overview of Nucleic Acids
1.3.1 Structure of nucleic acids
Since the double helix structure of deoxyribonucleic acid (DNA) was famously solved in 1953
[75] and ribonucleic acid (RNA) structures were discovered soon thereafter [76], [77], an
astounding number of structural motifs and regulatory roles have been uncovered for both
nucleic acids. Beyond the typical Watson-Crick base-pairing interactions that both DNA and
RNA use to form double helix structures (Fig. 1.4), each can form more complex structures,
such as hairpins and pseudoknots, that utilize non-canonical nucleotide interactions like
Hoogsteen and wobble base pairs [78]. As DNA is the form in which most genetic information is
stored, many of its higher order structures have a primary goal of compaction and repair, such
as supercoiled plasmids in prokaryotes and Holliday junctions in eukaryotic cells [79]. RNAs
exist in a variety of forms to suit their many roles, such as single-stranded messenger RNAs
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Figure 1.4. Base pairing in (a) DNA and (b) RNA. In each case the phosphate-sugar backbones run
anti-parallel (5’ to 3’ and 3’ to 5’). Hydrogen bonds are shown in blue to denote A-T/U and G-C base
pairs. An additional difference to note is the presence of a 2’ hydroxyl on the sugar of each nucleoside in
RNA. The primary helical form of DNA is Z-form and that for RNA is A-form [78].

(mRNAs), folded transfer RNAs (tRNAs), and complexed with proteins to form molecular
machines such as in the case of ribosomal RNA (rRNA) [80]. The formation of these structures
is generally guided by the hydrophobic nature of nucleotides compared to the charged
phosphate-sugar backbone, as well as by the stability imparted to base pairing by both the
formation of hydrogen bonds between bases as well as π-orbital interactions between stacked
nucleotides [81]. Depending on the role of the nucleic acid sequence, many of the structures
formed exist as transient or metastable states and undergo dynamic fluctuations with regulatory
consequences as outlined below.

1.3.2 Nucleic acid dynamics
While it is convenient to think of DNA and RNA as static structures, in solution they adopt an
ensemble of conformations that can interconvert. The dynamics of these structural
rearrangements can vary in complexity and in duration between picoseconds and hundreds of
seconds. As depicted in the energy landscape of Figure 1.5, many of these conformations are
concerted rather than isolated, forming a hierarchical structure whereby within a globally-altered
configuration, smaller-scale rearrangements can take place [82]. These dynamics can include
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Figure 1.5. Free energy landscape showing the hierarchical nature of nucleic acid structural
rearrangements, ranging from picosecond to second-long dynamics. The top level includes secondary
structure rearrangements, such as dehybridization of a paired region. Within each energy minimum of
the top level is an ensemble of states that include single base-pair melting (left), as well as tertiary
pairing (right). The fastest dynamics, shown in the bottom level, include jittering dynamics of loop
regions and junction regions.
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large changes such as hybridization of two single-stranded DNAs to form a DNA duplex, but can
include subtler, faster dynamics such as zipping and unzipping a single base pair at a time and,
to a further extreme, minor motions of unpaired nucleotides known as jittering dynamics.
Importantly, the energy landscape encompassing these hierarchical dynamics can be altered by
cellular cues, such as a change in pH, temperature, ion strength, or protein or ligand
concentration [83]. It is this sensitivity coupled to highly-organized, dynamic structural
rearrangements that allow nucleic acids to adopt regulatory roles in genetic expression.

1.3.3 Regulatory function of nucleic acids
For many years after their discovery and even after their basic structures were initially
solved, both DNA and mRNA were assumed to simply encode and transfer genetic information
to ribosomes for translation into proteins. It has become apparent over the past few decades
that DNA, and even more so RNA, play regulatory roles in gene expression. For example, while
the initial discovery of the DNA structure known as a G-quadruplex occurred in vitro [84] and for
years this structure was used primarily in applications in materials science [85], more recently
DNA G-quadruplexes have been implicated in biological mechanisms underlying cell aging and
the proliferation of cancer cells, in that their formation is known to inhibit the replication of
chromosomal telomeres [86], [87].
In the case of RNA it has been hypothesized that some of these control elements, such as
the class of RNAs known as riboswitches, may be remnants from a time before proteins existed
to perform regulatory roles [88]. Riboswitches are genetic control elements located within 5’
untranslated region (UTRs) of messenger RNAs (mRNAs) that undergo metabolite-dependent
structural rearrangements so as to regulate mRNA transcription, splicing, translation, or stability
[89], [90]. While they occur in all domains of life, riboswitches have been proposed as antibiotic
drug targets due to their prevalence in bacteria [91]. Because of their relative simplicity and
selectivity, riboswitch motifs have also been utilized in the field of genetic engineering [92], [93].
Additional RNAs that perform important regulatory functions in cells include microRNAs and
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small interfering RNAs (siRNAs), which are responsible for gene silencing in animals and plants
[94]. In order to better understand how both DNA and RNA are involved in genetic control, as
well as to better inform bioengineering and drug development to exploit this control, it is
imperative to understand how these nucleic acids sense environmental cues and undergo
structural rearrangements over a broad range of timescales.

1.4 Dissertation Overview
The purpose of this thesis work is to further development of a relatively new, but promising
single-molecule

biophysical

technique

that

may provide

complementary insight

into

biomolecular dynamics. Chapter 2 of this work describes the general process of generating
CNT-based FETs with a focus on CNT functionalization. While the reactivity of CNTs makes
them amenable to a variety of chemistries, obtaining control over CNT reactivity in order to
reproducibly generate single attachment sites for single-molecule studies has remained a
challenge in the smFET field. Using lithographic techniques, we were able to confine covalent
reaction chemistry to nanowells and prevent overfunctionalization of our devices. Additionally,
this chemistry generates attachment sites that allow for longer single-molecule observation than
those created by noncovalent adsorption of functional groups to CNTs.
The charge sensitivity of CNT-based field-effect transistors makes highly-charged molecules
like nucleic acids ideal for smFET studies. Additionally, the breadth of timescales over which
DNA and RNA dynamics occur make a wide bandwidth technique necessary to fully
characterize fast dynamics as well as their heterogeneity over longer time periods. As such, in
Chapter 3 we study DNA hybridization dynamics as well as structural rearrangements and
cation sensitivity of G-quadruplex DNA. These dynamics occur on the millisecond to second
timescale whereas those investigated in Chapter 4, namely smFET studies of the adeninesensing pbuE riboswitch aptamer, span from hundreds of microseconds to seconds-long.
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Additionally, Chapter 4 addresses heterogeneity observed in these RNA dynamics and
proposes a hierarchically-organized model of aptamer structural rearrangements in response to
adenine sensitivity. Finally Chapter 5 briefly concludes with an outlook on the future of smFET
technology.
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Chapter 2

Generating Single-Molecule Field-Effect
Transistors
2.1 Methods
2.1.1 Carbon nanotube preparation
Since the first observation of carbon nanotubes a quarter of a century ago [95], CNT
generation techniques have expanded to include both physical processes such as arc discharge
[95] and laser ablation [96], as well as gas-phase chemical processes such as high-pressure
catalytic growth from carbon monoxide (HiPco) [97] and chemical vapor deposition (CVD) using
hydrocarbons [98]–[100]. While both the arc discharge and laser ablation methods tend to make
nanotubes with fewer defects, gas-phase methods generate much higher CNT yields and do not
require post-synthesis separation of CNTs from by-products such as amorphous carbon or
fullerenes [101]. Additionally, CVD methods are capable of growing CNTs orders of magnitude
longer than other methods and allow for nanotube growth in situ. This feature has allowed for
control of orientation [98] and position [100] of grown CNTs. While the exact mechanism of CNT
growth using CVD is still being investigated, the process generally involves the formation of
molten metallic nanoparticles on a substrate at extremely high temperatures and flowing gasphase hydrocarbons or alcohols over the substrate [102]. The nanoparticles absorb the
hydrocarbons and begin to extrude a crystalline CNT at the edges of the nanoparticles once a
saturation point has been reached [103]. The choice of substrate, nanoparticle composition, and
hydrocarbon can all affect the CVD growth mechanism and rate, as well as quality of CNTs
produced [104].
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Figure 2.1. Home-built CVD setup. Argon (Ar) and hydrogen (H2) gas flow rates are controlled by flow
meters. Valves are switched to bubble gases through ice-cold ethanol, which acts as the carbon source
for growth. Silicon substrates are placed on a quartz boat inside a quartz tube in a furnace. Gas flow
promotes directional growth of CNTs.

To generate devices, carbon nanotubes were grown via ferritin-based chemical vapor
deposition using a home-built CVD furnace setup (Fig. 2.1). Ferritin is an iron-storage protein
that can contain a controlled number of iron atoms in its core. This allows for the creation of iron
nanoparticles with a narrow size distribution, which in turn can be used as CVD catalysts to
create CNTs with a narrow diameter distribution [105]. A 1:200 aqueous dilution of 10 mg/mL
ferritin cationized from horse spleen in 0.15 M NaCl (Sigma Aldrich) was deposited onto the
edge of on 1x1 cm2 silicon substrates (diced from a wafer of 525 μm degenerately-doped silicon
covered with 285 nm thermally-grown oxide). Prior to use, substrates were sonicated in acetone
for 15 minutes to remove a protective layer of poly(methyl methacrylate) (PMMA) from their
surface, followed by 15 minute sonication in isopropyl alcohol and drying with nitrogen gas.
Substrates were positioned on a quartz boat such that the edge with ferritin was facing the gas
inlet, allowing for the growth of long CNTs in the direction of gas flow. Substrates were annealed
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under flow of argon/hydrogen gas (80 standard cubic centimeters per minute (sccm) total in a
5:1 ratio) for 20 minutes at 750°C to decompose and remove all organics and to create discrete
Fe2O3 nanoparticles. The presence of hydrogen gas promotes the reduction of Fe2O3 to Fe
nanoparticles. Nanotube growth was then initiated by switching valves to bubble the
argon/hydrogen gas mixture (now 50 sccm total in a 9:2 ratio) through ice-cold ethanol, the CVD
carbon source for which our setup is optimized, and over the annealed iron catalyst for 1 hour at
890°C. After switching valves to stop exposure to ethanol, the setup was allowed to cool to
room temperature before substrates were removed.

2.1.2 Carbon nanotube characterization
The CVD method described above can be used to create oriented, straight CNTs up to 1 cm
long and with a diameter distribution centered around 1.5 nm [105]. Scanning Electron
Microscope (SEM) images were collected using a Hitachi S-4700 FE-SEM with 0.8 kV
acceleration voltage and a 5 mm focal distance. Under these conditions CNTs generally scatter
electrons more efficiently than the underlying Si substrate and therefore can be seen as brighter
objects by SEM. As shown in the SEM images in Figure 2.2, CNTs grow densely in the catalyst
deposition region and grow parallel to the direction of gas flow across the entire 1x1 cm2
substrate.
While electron microscopies such as SEM are useful for obtaining images of CNTs, other
methods must be used to characterize the intrinsic properties of individual CNTs. For CNTs
grown on a substrate the preferred characterization methods are atomic force microscopy
(AFM), photoluminescence, and Raman spectroscopy. Using tapping mode AFM the outer
diameter of CNTs can be determined; additionally, conductive tip AFM configurations can be
used to obtain spatially-resolved information about the electronic properties of CNT-based
devices as described elsewhere [41]. In order to make sensitive smFET devices, single-walled
CNTs are required. Thus the most crucial aspect of initial CNT characterization is determination
of the number of walls in a candidate CNT, which cannot be determined explicitly using AFM.
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Figure 2.2. SEM characterization of CVD-grown CNTs. (a) scheme of substrate showing direction of gas
flow and the catalyst deposition region. (b), (c) 30x magnification SEM images near the catalyst region
and at the far edge of the substrate, respectively. (d) 700x magnification SEM image at the center of the
substrate showing CNT spacing and straightness.

Both photoluminescence and Raman spectroscopy are sensitive to CNT diameter and chirality,
though metallic nanotubes cannot be detected by photoluminescence. As such, we have utilized
Raman spectroscopy to reliably characterize individual CNTs by their diameter, wall number,
chirality, conductive properties, and degree of intrinsic defectivity [56].
A Raman signal is created by the interaction of incident monochromatic light with phonons or
molecular vibrations in a material and subsequent inelastic scattering of light. This signal can be
enhanced when the energy of the incident photon is similar in energy to an electronic band gap
in a process known as resonant Raman spectroscopy [106]. The relative shift in the wavelength
of scattered light provides information about characteristic vibrational modes of individual CNTs,
most notably the G-band, the radial breathing mode (RBM), and the disorder-induced D-band
[56]. The G-band, a pair of peaks located around 1590 cm-1 (G+) and 1570 cm-1 (G-), arises from
planar vibrations of the carbon atoms in the CNT, similar to the singular G peak found in 2D
graphene. While the G+ peak of CNTs generally overlap, the frequency and linewidth of the G peak is dependent on both the CNT diameter and its electronic properties. Semiconducting
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nanotubes have sharp G- bands that tend to have higher frequencies than the more broad G bands of metallic nanotubes (Fig. 2.3). The number of G- peaks can be used as an indicator of
the number of walls an individual CNT contains, or could suggest the presence of a CNT
bundle. Because of the intensity of the G+ peak, this Raman-active mode can be used to
pinpoint the position of CNTs within 0.1 µm using a 100x microscope objective on a Raman
confocal microscopy setup (Renishaw inVia with 532 nm and 633 nm lasers).

Figure 2.3. Raman spectrum collected using a 100x objective, 1800 l/mm diffraction grating, and 2 mW
532 nm laser light integrated over 30 seconds. Two RBM peaks are observed at 150 and 229 cm -1, the
G+ peak appears at 1595 cm-1, and three G- peaks are observed – one for a metallic CNT at 1531 cm -1
and two for semiconducting CNTs at 1574 and 1580 cm -1. Peaks marked with * originate from the Si
substrate.

The RBM is a Raman-active mode unique to CNTs that arises from coherent vibration of
carbon atoms in a CNT wall outward from the center of the nanotube. Typically found between
100 and 500 cm-1, the RBM frequency, ωRBM, is inversely proportional to the diameter d of the
CNT and has been experimentally determined to be
ωRBM = 248 / d cm-1
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for swCNTs and dwCNTs [56]. In the example shown in Figure 2.3, the RBM peaks at 150 and
229 cm-1 correspond to a mwCNT with walls of diameter 1.65 and 1.08 nm, respectively. While
the frequency of the RBM is not laser wavelength dependent, the intensity of the mode can be
enhanced by pairing the laser energy with an electronic excitation energy in the CNT band
structure. Because CNT chirality is correlated to both diameter and electronic band gap, a
resonant Raman RBM peak can be used to identify the exact chirality of a swCNT [107].
An additional feature of Raman spectra of CNTs is the disorder-induced D-band. This
feature, found around 1200 to 1400 cm-1, is thought to be caused by defects in the carbon lattice
of graphitic materials [108]. As shown in Figure 2.3, the absence of a D-band indicates lowdefect density, and therefore high-quality, CVD growth. Additionally, the progress of chemical
reactions that disrupt the carbon lattice of CNT walls can be monitored by the magnitude of this
Raman feature (discussed further in Section 2.2.3). Using Raman microscopy to identify CNT
G-bands, RBMs, and D-bands allows for identification of CNTs that are single-walled, isolated,
and free of defects. Together with SEM, which is primarily used to identify CNTs that appear
isolated and span the majority of the centimeter-long substrate, Raman microscopy provides a
comprehensive evaluation method of CNT candidates for subsequent device fabrication.

2.1.3 Device fabrication
Two types of devices were used in this dissertation work:
(1) For all real-time electrical measurements (Sections 2.2.1-3 and Chapters 3 and 4),
smFET devices are fabricated from previously characterized CNTs grown by CVD on Si
substrates. Thirty-two parallel titanium (Ti) electrode pairs (roughly 75 nm in height) with sourcedrain separation of 4 µm are patterned perpendicular to the direction of nanotube growth using
thermal evaporation through a photolithographically-defined mask, after which the substrate is
annealed in vacuum at 350 °C. Titanium forms low-resistance electrical contacts with nanotubes
[69], as well as a native oxide layer after air exposure that passivates the electrodes. After
electrode deposition and CNT characterization, an individual nanotube candidate is chosen to
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form the device channels. The portions of the chosen CNT between electrode pairs is protected
with PMMA and all other nanotubes are removed using O2 plasma reactive ion etching (RIE)
followed by removal of PMMA using acetone (Fig. 2.4).

Figure 2.4. Device isolation. Left – a 250x zoom SEM image showing the candidate CNT. Additional
nanotube fragments appear white. Center – a 250x optical image showing PMMA deposited over the
CNT between electrode pairs. Right – a 250x zoom SEM image of devices post RIE and PMMA removal.

(2) A second geometry with dense arrays of devices is used to develop the nanowellconfined chemistry method that is discussed in Section 2.2.3. Gold (Au) alignment marks are
defined after nanotube growth in an 8 mm x 8 mm grid with a pitch of 50 µm. As before, CNT
characterization is used to identify and isolate a candidate nanotube using PMMA protection
and reactive ion etching. Using electron-beam lithography, a dense array of electrodes can be
defined along the nanotube, comprising 20 blocks of 35 electrode pairs separated by 4 µm each
(Fig. 2.5). The electrodes are made by evaporating Ti (0.5 nm), palladium (Pd) (20 nm) and Au
(50 nm), with Pd ensuring good electrical contacts to the nanotube [69].

Figure 2.5. Layout for large arrays of carbon nanotube devices. Up to 700 devices are fabricated over a
1 cm long CNT by defining densely-packed arrays of electrodes. (a) Optical image, zoom 2.5x (b) optical
image, zoom 20x (c) SEM image, zoom 700x showing a long CNT running perpendicular to electrodes.
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2.1.4 smFET platform and measurements
Once all CNT characterization and fabrication procedures are complete, the substrate can be
placed in a 272-pin ball grid array chip carrier and each electrode can be wirebonded to the
carrier with aluminum (Al) wires. A microfluidic flow cell (800 μm wide x 7 mm long) made in
polydimethylsiloxane (PDMS) is then stamped over the device array to allow measurement in
aqueous conditions (Fig. 2.6). The chip carrier is installed into a custom-printed circuit board
that allows for data to be collected at 20,000 Hz using a field-programmable gate array (Opal
Kelly XEM6010). Devices are gated using either the substrate back gate (VG) or electrolytically
in saline buffer using on-chip Pt bars as pseudo-reference electrodes (VL) and their source-drain
potential (VDS) is controlled. Real-time device conductance is recorded and processed using
custom Python software script. As outlined in the following section, data is then analyzed using
a hidden Markov model (HMM) to simultaneously obtain the most probable sequence of device
conductance states and to construct baseline-corrected trajectories [41], [109], [110].

Figure 2.6. smFET experimental setup. Chip design allows for dozens of devices to be generated from a
single CNT. All Ti source/drain electrodes and both Pt gate electrodes are positioned under the PDMS
microfluidic flow cell for liquid gating and buffer exchange. The inset shows an SEM image (700x zoom)
of a single device and a cartoon of an RNA molecule tethered to the CNT surface.
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2.1.4 Data manipulation and modeling
Single-molecule FET data, a trajectory of current or conductance fluctuation over time, can
be modeled similarly to smFRET data, trajectories of fluorescence intensity or FRET ratio over
time. However additional complications to smFET data, namely the well-documented baseline
drift in FET device current and the lack of inherent normalization across traces, must be
addressed before adapting smFRET data analysis methods for smFET data [70], [109]. As
noted by Bruno et al., data from single-molecule devices can be viewed as a Markovian process
involving three components: fluctuations that describe the dynamics of the system being
studied, baseline drift that can be modelled as a random walk, and noise caused by the device
itself [109]. Because the number of states in this hidden Markov model (HMM) is defined, a
maximum likelihood (ML) estimation can be used to identify baseline drift and to create a
background-subtracted, idealized smFET trace.
The signal caused by the stochastic fluctuations of the biomolecule attached to the smFET,
however, is not best modelled using an ML estimation. In the case where the number of states
is not known, the ML method suffers from bias towards increasingly complex models. In other
words, ML estimation tends to overfit data and converge on a model with too many states [110].
This drawback can be avoided by maximizing marginal likelihood, or evidence, rather than ML.
A Bayesian approach can be employed to determine the posterior probability distribution over
parameter settings given the observed data, or p(v|y,K), by maximizing evidence, or p(y|K), in
the following relationship:
𝑝(𝒗|𝑦, 𝐾) =

𝑝(𝑦|𝒗, 𝐾) 𝑝(𝒗|𝐾)
𝑝(𝑦|𝐾)

where observed data is y, a chosen model is K, and a vector of parameters is v [110]. It is from
the posterior probability distribution that rates between states in a single-molecule data trace
can be determined.
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2.2 Functionalization of Carbon Nanotubes
Many of the proposed applications of carbon nanotubes rely on manipulation of the structure
and solubility of CNTs via functionalization, whether to selectively sort or process CNTs for
subsequent device fabrication [57] or to increase the uptake of CNTs for drug delivery [52]. In
the case of CNT-based sensors on substrate, functionalization is necessary to render
nanotubes amenable to bioconjugation. Various functionalization methods have been developed
to either exploit existing defects in the CNT structure [111] or to generate new functional groups
both at the ends [112] and along the walls of CNTs [113], [114]. In an effort to create singlemolecule devices from CNTs it is necessary to use a functionalization method that is
controllable, scalable to the single-molecule level, and can generate a stable functional group
for further bioconjugation. Each of the three methods discussed in the following sections have
been used to successfully generate smFETs for biophysical studies.

2.2.1 Electrochemical oxidation
One method to functionalize nanotubes involves the electrochemical oxidation of CNT
devices using sulfuric acid (H2SO4) [114]. The benefit of this method over other covalent
functionalization methods is that by controlling the solution potential (VL), devices can be
exposed to oxidative conditions for a controlled time period and their current monitored in realtime. As can be seen in Figure 2.7, exposure of devices to 1.0 M H2SO4 does not result in a
current drop, indicative of defects created by a chemical reaction, until the solution potential is
dropped below a threshold of -1.0 V. After reaching a potential of -1.0 V, once a gateindependent drop in current is observed the solution potential can be brought back to 0 V and
the defect can be further oxidized by exposure to 6.5 mM potassium permanganate (KMnO 4) to
maximize the likelihood of carboxylic acid formation for subsequent attachment chemistry [115].
While device functionalization yields are quite high, the yield of smFET devices successfully
used for single-molecule experiments was low, as reported elsewhere [41]. This could
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Figure 2.7. Real-time electrochemical oxidation of an smFET. Incremental changes in the solution
potential (bottom) result in direct changes in the device current (top). However once a critical potential of
– 1.0 V is reached (red line), the device becomes oxidized by the 1.0 M H 2SO4 and device current drops
to about 10% of its original value. The potential is then quickly raised to avoid overoxidation of the CNT.

potentially be due to the generation of functional groups on the CNTs other than carboxylic
acids, rendering them inert to subsequent carboxylic acid-amine coupling reactions.
Additionally, overoxidation of the CNT can lead to the generation of large holes in the CNT
sidewall that create insulating nanotubes incapable of operating as transistors [116].

2.2.2 Noncovalent attachment
Alternative methodology has been developed to functionalize carbon nanotubes without
damaging their sidewalls, the most common of which is noncovalent attachment of pyrenebased molecules. Pyrene moieties are known to interact strongly with graphene and CNTs
through π-stacking interactions, and are very insoluble in aqueous conditions [113]. Thus,
following attachment of pyrene to CNTs in a solvent such as dimethylsulfoxide (DMSO) or
dimethylformamide (DMF), smFETs can be exposed to aqueous conditions at room temperature
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Figure 2.8. Reverse-phase HPLC in 100 mM triethylammonium acetate with a gradient from 5% to
90% acetonitrile. 100 µM amine-terminated DNA was incubated for 30 minutes in 100 mM sodium
phosphate buffer (pH 8.4) and 15% DMSO with 20 mM of either (a) 1-pyrenebutyric acid NHS ester or
(b) 1-pyrenecarboxylic acid. (a) the peak at 27.4 minutes corresponds to DNA, the peak at 47.2
minutes corresponds to 1-pyrenebutyric acid NHS ester, and the peak at 36.7 corresponds to pyreneconjugated DNA. (b) the peak at 26.0 minutes corresponds to DNA, the peak at 39.5 minutes
corresponds to 1-pyrenecarboxylic acid and no pyrene-conjugated DNA peak is visible. The estimated
DNA functionalization yield is 67%.

without pyrene desorbing readily into solution [44]–[46]. For our experiments we opted to use 1pyrenebutyric acid N-hydroxysuccinimide (NHS) ester (Sigma Aldrich, 95%), which can be
subsequently functionalized with primary amine-containing biomolecules [117]. The conditions
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for this amide-forming reaction were assessed using reverse-phase high-pressure liquid
chromatography (HPLC) to determine the yield of functionalization of an amine-terminated 10
nucleotide single-stranded DNA sequence (see Section 3.1) with 1-pyrenebutyric acid NHS
ester (Fig. 2.8). Incubation of the 100 µM DNA with 20 mM 1-pyrenebutyric acid NHS ester in
100 mM sodium phosphate buffer (pH 8.4) and 15% DMSO for 30 minutes resulted in a 67%
DNA functionalization yield as calculated by HPLC peak integration (Fig. 2.8a). A control
reaction run in parallel using 1-pyrenecarboxylic acid, which cannot readily form a covalent bond
to the DNA, showed no pyrene-linked DNA peak by HPLC (Fig. 2.8b).
Using these reaction conditions we further characterized the interaction of pyrene with CNTs
using AFM. After initial AFM characterization, isolated CNTs grown on Si substrate as described
in Section 2.1.1 were exposed to 100 mM 1-pyrenebutyric acid NHS ester in DMSO for 10
minutes then washed briefly with fresh DMSO. The substrate was then immersed in a solution
of 400 nM amine-functionalized gold nanoparticles (AuNP, 10 nm diameter) in 100 mM sodium
phosphate buffer (pH 8.4) for 30 minutes and rinsed with fresh buffer before more AFM
measurements were performed (Fig. 2.9) . As a control, a separate substrate was incubated in a
solution of AuNPs without exposure to 1-pyrenebutyric acid NHS ester (Fig. 2.9c). As shown in

Figure 2.9. AFM characterization of AuNP functionalization of CNTs with pyrene. (a) CNT pre-reaction
(b) CNT post incubation with 1-pyrenebutyric acid NHS ester and functionalization with AuNPs. Circled
in red are AuNPs adsorbed directly on the underlying CNT. The average spacing between CNTadsorbed AuNPs is 2 µm. (c) CNT post incubation in a solution of AuNPs shows nonspecific adsorption
of AuNPs.
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Figure 2.9b, pyrene adsorption and AuNP conjugation resulted in an increase in particles
located directly on top of the CNT with an average spacing of 2 µm. As our devices are 4 µm in
length, this experiment shows that these conditions should lead on average to the adsorption of
one to two pyrene molecules per device.

2.2.3 Covalent reaction chemistry†
Typical chemical reactions performed on carbon nanotube surfaces haphazardly distribute
over the entire surface of the nanotube [54], [118], [119]. The approach described herein relies
on high-yield covalent chemistry and confinement within nanowells patterned in a thin polymer
layer to achieve the formation of stable, isolated functional groups at a set of predetermined
positions on an array of carbon nanotube devices (Fig. 2.10). Using this method, hundreds of
devices can be functionalized in one chemical step, with predictable yields in the number of
functional groups as well as unprecedented control over the position of functional sites. After the

Figure 2.10. Nanowells of controlled width and position are patterned using high-resolution electronbeam lithography in a thin polymer layer covering carbon nanotube devices. The resulting nanowells
confine chemical reactions performed within them in order to achieve formation of a single-molecule
probe. Figure and caption adapted from Ref. [43].
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initial chemical reaction on the nanotube, the polymer mask can be dissolved, and the
remaining functional group acts as a single-molecule probe to support a variety of successive,
secondary reactions and interactions with single-molecule resolution.
Nanowell-confined chemistry is developed and optimized using carbon nanotube transistors
fabricated as described in Section 2.1.3. Nanowells, ranging from 5 nm to the full 4 μm channel
length, were patterned in a thin polymer layer (PMMA A2 950k) that is spincoated onto
substrates at 5000 rpm for 60 seconds. Writing was done using a high-resolution electron beam
lithography writer (NanoBeam nB4). To maximize the resolution, writing was done at low current
(1 nA) and patterns were developed in a 4 °C solution of isopropyl alcohol and deionized water
(3:1 IPA:H2O). The masks were designed to cover the electrodes and to expose only a portion
of the nanotube channel as illustrated in Figure 2.11a. Nanotube segments outside the
electrodes were kept fully covered on one side and fully exposed on the other side to act as
negative and positive controls, respectively. Figure 2.11b shows AFM images of a 4-μm-long
nanotube device covered by a mask with a 20-nm-wide nanowell (middle) and the same

Figure 2.11. Nanowell design and characterization. (a) Mask design showing a nanowell of controlled
position and width over the device channel. Positive and negative controls are designed outside the
device channel using full exposure and full protection of the nanotube, respectively. (b) AFM image
showing a carbon nanotube between metallic electrodes (top) and the same device covered with a
protecting mask opened with a 20 nm nanowell (middle), along with the corresponding height profile
(bottom). Figure and caption adapted from Ref. [43].
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nanotube after removal of the mask (top). The corresponding height profile in Figure 2.11b
(bottom) reveals a polymer thickness of approximately 70 nm and confirms the position and
width of the nanowell. To confirm full-depth opening of the nanowells down to substrate level,
we evaporated an 8-nm-thick layer of titanium over test masks with nanowells of various widths.
SEM of the resulting metal lines post mask lift-off (Fig. 2.12) indicates that the smallest wells
that can be reliably fabricated are 20 nm wide. After incubation for ∼24 h in saline buffer, we
observed no significant deterioration in the polymer defining the nanowells (Fig. 2.13).
To install functional groups on the nanotube sidewall, we perform covalent chemistry inside
the nanowells formed in the polymer mask. Aryl diazonium chemistry was chosen because it is
a reliable, well-characterized reaction [120] that forms stable adducts [121], [122]. This reaction
also provides good electronic coupling with the nanotube [123], and attached single-molecule

Figure 2.12. SEM characterization of metal patterns produced with PMMA masks. Metal lines (Ti, 8 nm
thick) evaporated through masks with different nanowell widths and imaged with SEM. Nanowells down
to 20 nm form reproducible, continuous metallic lines indicating development all the way down to the
substrate. Figure and caption adapted from Ref. [43].

32

Figure 2.13. Stability of PMMA masks. (a) Optical images before and after immersion for 24 hours in
phosphate buffer solution (0.1 M, pH 8) (b) AFM images of a mask before and after reaction in CBDT
solution. Figure and caption adapted from Ref. [43].

Figure 2.14. Device layout and back-gated current-voltage curves. Device illustration showing source
(S), drain (D) and gate (G) electrodes and channel length of 4um. Examples of I-V curves acquired with
VS=50mV, VD=0mV and sweeping the back-gate potential VG. Blue is in pristine state and red is after
functionalization through a nanowell. Nanowell widths tested are (a) 4um (i.e. no mask), (b) 400nm, (c)
40nm, (d) 20nm, and (e) no exposure (i.e. control). Figure and caption adapted from Ref. [43].
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probe groups can be terminated with reactive functional groups, such as a carboxylic acid
group, to facilitate subsequent bioconjugation [124]. Carbon nanotubes were functionalized by
incubating mask-covered devices for 24 h in a room-temperature 10 mM solution of 4carboxybenzenediazonium tetrafluoroborate salt (CBDT), synthesized according to McNab et al.
[125], in phosphate buffer (100 mM, pH 8). AFM profiles taken before and after functionalization
confirm the absence of swelling or other alterations in the mask (Fig. 2.13). After the reaction,
the mask was removed by soaking devices in room-temperature acetone, thus making the
functional groups available for chemical reactions in organic solvents and with larger, more
complex molecules. We studied the statistics of nanowell-confined chemistry by exposing
hundreds of devices created from the same, ultra-long nanotube to the CBDT reaction
fabricated as described in Section 2.1.3. The width of the nanowells was varied from 20 nm to 4
μm, and some devices were kept fully covered with resist to serve as negative controls. We
compared the electrical source-drain conductance before and after functionalization and report
the conductance change, defined as
G/G0 = GFunctionalized/GInitial
, at VDS = 50 mV and VG = −10V (Fig. 2.14). Figure 2.15a shows histograms of the data for each
nanowell width on a typical nanotube, as well as the mean conductance change obtained from a
log-normal fit of the distributions [122], [123]. As expected, the fully-exposed devices exhibit a
more than an order of magnitude drop in conductance as well as a defect-related D-band in
their Raman spectra (Fig. 2.16) [123], [126]–[128].
As the nanowell width is decreased, the conductance change and D-band intensities also
decrease (Fig. 2.17). Unexposed control devices do not show any conductance drop or
measurable D-band. These observations confirm that functionalization does occur on the
nanotube and only inside the nanowell. In the case of the smallest 20-nm-wide nanowell, we
observe a small but consistent conductance change when compared to the unexposed controls
(Fig. 2.15b), as tested on four different nanotubes. Mean conductance change was calculated
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Figure 2.15. Device functionalization through nanowells. (a) Distribution of conductance change G/G 0
after functionalization within nanowells of different widths, compiled on N individual devices from the
same nanotube (Ntotal = 196). Arrows indicate the mean conductance change obtained from a lognormal fit of the distribution. (b) Conductance change and error bars obtained using 20 nm nanowell
masks (cyan) compared to control devices (black). Each data point is an N-device average from a
different nanotube. (c) Modeled probability of getting a number n of functional groups using small
nanowells. Circles represent measured points based on data in panel a; others are extrapolated from
a Poisson distribution. Figure and caption adapted from Ref. [43].

using 8−91 different devices on each nanotube. In contrast to the exposure through large
nanowells, where current drops are highly variable for different nanotubes (Fig. 2.17), reaction
in 20-nm-wide nanowells generates a reproducible ∼20% average current drop on all tested
nanotubes. This difference between large-scale and localized functionalization is likely due to
the fact that, in the case of large nanowells, CBDT molecules have a high probability of
encountering intrinsic, reactive defects along the nanotube, resulting in inhomogeneous
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Figure 2.16. Raman spectroscopy of nanowell controls. Raman spectra of fully-exposed (a) and
unexposed (b) nanotubes, for positive and negative controls. Exposed nanotubes show a D peak
around 1300 cm-1 indicating functionalization with CBDT. Figure and caption adapted from Ref. [43].

Figure 2.17. Effect of nanowell width. (a) Conductance change G/G0 after functionalization as a function
of nanowell width in several ensembles of devices. Each color represents a set of devices made from a
different carbon nanotube, named A1-B1-B2-B3. Each set was divided in subsets in which devices were
functionalized using a different nanowell width. Each data point in the figure represents the conductance
change averaged over all devices in a subset (between N=5 and N=90) and the error bar represents the
standard deviation of that ensemble. (b) Raman D/G ratio, which decreases as nanowell width
decreases. Each data point is acquired from a separate device exposed using a different nanowell
width. Figure and caption adapted from Ref. [43].
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reactions, whereas, in the case of 20 nm-wide nanowells, CBDT molecules have a very low
probability of encountering such defects.
Consistency in the current drop for small nanowells across different devices and nanotubes
suggests that it stems from the creation of a consistent number of functional groups. The actual
number of functional groups is extracted from the population of unreacted devices for each
nanowell width. We find that the overlap between the G/G0 distributions of 20 nm nanowell
devices and unexposed control devices is about 1 in 4, which is assigned to the population of
unreacted devices. Using a Poisson distribution
p(n)= λne−λ/n!
to model the probability p(n) to get a number n of individual functional groups, we first estimate
p(0) from the fraction of devices with no or positive change in conductance, then extrapolate to
find the average number λ of functional groups. For 20 nm nanowells, we find an average of λ =
1.39 functional groups per device and a population of devices having single-molecule probe
attachment of p(n = 1) = 35%, which approaches the λ = 1 theoretical optimum for singlemolecule devices illustrated in Figure 2.15c. In contrast, larger nanowells allow for a wider
distribution in the number of functional groups per device, as illustrated by the Poisson
distribution calculated for 40 nm nanowells in Figure 2.15c and by the corresponding
broadening of histograms in Figure 2.15a. Finally, we note that the ∼20% average conductance
drop associated with this single-molecule reaction is consistent with recent experimental work
on CBDT-induced defects [129] and that this value is significantly less in amplitude than that
obtained by oxidative defect-mediated single-point approaches [41], [114], in agreement with
hybrid density functional theory (DFT)/non-equilibrium Green’s function calculations that predict
the oxidative method to generate a greater alteration than a single-point chemical bond [130].
To confirm the presence of a single-molecule functional group and to test the ability of the
platform to monitor sequential chemical reactions on this probe, we used an array of ten
smFETs functionalized using nanowell-confined chemistry and integrated with a microfluidic
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platform (Fig. 2.18a). Of ten devices, seven were exposed through 20-nm-wide nanowells using
CBDT chemistry (“exposed” devices), and three were designed to be controls by fully covering
them with the polymer mask (“unexposed” devices), as summarized in Table 2.1. As before,
Raman spectroscopy was used on positive and negative controls to confirm, respectively, the
reactivity of the nanotube to the diazonium chemistry and the effectiveness of the protective
mask (see Fig. 2.11a). After completing the reaction, five of the exposed devices experienced
an average drop in conductance of ∼20%, a signature consistent with that obtained above in the
statistical analysis for the binding of single-molecule probes. The two other exposed devices

Figure 2.18. Real-time sensitivity to secondary reactions on the primary single-molecule probe. (a)
Design of smFET devices, including carbon nanotube channel, drain, and source electrodes, as well
as pseudoreference electrodes for electrolytic gating in the microfluidic cell. (b) Reaction kinetics
between an EDC molecule and a single-molecule carboxyphenyl probe covalently attached on the
nanotube. Two levels of kinetics can be observed: slow transition between the unbound and bound
states, corresponding to the reversible activation and hydrolysis reactions on the COOH probe, as well
as fast kinetics due to fluctuations within a bound COOH/EDC complex. (c) Real-time response of a
device in the presence of 50 μM EDC, after baseline correction, showing an active phase with twostate activity characteristic of rapid fluctuations in a single carboxy-EDC adduct (B1/B2 fluctuations).
(d) Zoomed region of the trajectory superimposed with an idealized trace obtained from a hidden
Markov model, revealing events resolved in the submillisecond range. (e) Survival probability plot for
the high- and low-conductance states, fitted with a single-exponential function to obtain average
lifetimes ⟨τhigh⟩ and ⟨τlow⟩. (f) Distribution of ⟨τhigh⟩/⟨τlow⟩ ratios obtained from multiple, successive, 1-slong segments of a long trajectory, showing kinetics centered on the symmetric case in which ⟨τhigh⟩ =
⟨τlow⟩, with a level of heterogeneity in the distribution that is typical of single-molecule experiments.
Figure and caption adapted from Ref. [43].
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Table 2.1. Summary of device status and activity on the smFET platform.
Device

ID

Type

1
2
3
4
5
6
7
8
9
10

A1
A3
A4
A6
A8
B1
B3
B6
B8
C1

Unexposed
Exposed
Exposed
Exposed
Exposed
Unexposed
Exposed
Exposed
Exposed
Unexposed

Yield

Conductance
drop
No
0.75
0.81
0.91
No
No
0.6
No
0.82
No

Functionalization status
-Functionalized
Functionalized
Functionalized
Unfunctionalized
-Functionalized
Unfunctionalized
Functionalized
-5/7 = 71% functionalized
2/7 = 29% unfunctionalized

Single-molecule
EDC activity
No
No
No
No
No
No
Yes
No
Yes
No
2/7 = 29% EDCactive

Figure 2.19. Typical transfer curve of an smFET in aqueous conditions. Conductance of the nanotube
switches from an ON-state at high negative gate bias to an OFF-state at positive bias. Real-time
measurements are performed at -300 mV gate bias to have the nanotube conductance between ON
and OFF states. Drain-source potential is fixed at 100 mV and gate potential is applied through Pt
pseudoreference electrodes in contact with the electrolytic solution (see Fig. 2.15a). This specific
transfer curve is from device B3 (see Table 2.1). Figure and caption adapted from Ref. [43].
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show no conductance drop, consistent with remaining not functionalized, as discussed above.
These devices are labeled as “functionalized” and “unfunctionalized”, respectively (see Table
2.1). Similarly, all unexposed devices preserve their conductance due to the protection provided
by the mask. All devices were immersed in aqueous 2-(N-morpholino)-ethanesulfonic acid
(MES) buffer solution (100 mM, pH 4.5) in the flow cell, and their drain-source current was
measured in real-time using a constant DC applied bias of VSD = 100 mV and an electrolytic
gating potential of VL = −300 mV, chosen to place the electrostatic potential of the nanotubes
between their electrical ON and OFF states (Fig. 2.19). Under these conditions, all devices
exhibit a baseline current of several hundreds of nA with 1/f background noise and no
distinguishable activity (Fig. 2.20).
The

buffer

solution

was

then

switched

to

a

50

μM

solution

of

1-ethyl-3-(3-

(dimethylamino)propyl)-carbodiimide (EDC) in aqueous MES buffer (100 mM, pH 4.5). EDC is
an activating and dehydrating agent that forms an O-acylisourea derivative of a carboxylic acid
[124]. These intermediate derivatives hydrolyze quickly in the presence of water with a typical
turnover period of 10−100 s in such conditions [114], [131], as illustrated by the slow kinetics
between the unbound (A) and bound (B) states in Figure 2.18b. In the presence of EDC, two of
the functionalized devices were found to exhibit successive phases of random telegraph noise
(RTN) in their conductance, separated by inactive phases as shown in Figure 2.21.
Following Goldsmith et al. [114], we attribute the inactive phases to the unbound, hydrolyzed
state (A) and the active phases with RTN to rapid fluctuations (B1/B2) within a single
COOH/EDC complex. The period of active or inactive phases was observed to be longer than 5
s (Fig. 2.21), which is consistent with the turnover rate of the activation/hydrolysis reaction [114],
[131]. An example trajectory measured in an active phase is shown in Figure 2.18c and d, after
baseline correction for clarity (see raw trajectories and baseline fit in Fig. 2.21) [109]. The
trajectory shows rapid two-state RTN activity, in which dwell times with submillisecond duration
can be resolved (Fig. 2.18d). Using a hidden Markov model, we extract the distribution of dwell
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Figure 2.20. Control experiments for EDC activity. (a) Control trace from a functionalized device in
absence of EDC. (b) Distribution of conductance values in the above trace, with a single Gaussian fit
indicative of single-state dynamics. (c) Zoom on a 50 ms region and idealized trace (red) for single-state
dynamics. (d) Control trace from an unexposed device in presence of 50 µM EDC. (e) Distribution of
conductance values in the above trace, with a single Gaussian fit indicative of single-state dynamics. (f)
Zoom on a 50 ms region and idealized trace (red) for single-state dynamics. Figure and caption adapted
from Ref. [43].

times in the high- and low-conductance states and build survival probability plots, presented in
Figure 2.18e. These plots can be fit with a single-exponential function, indicating simple kinetics
with average lifetimes of ⟨τhigh⟩ = 4.5 ms and ⟨τlow⟩ = 4.7 ms for the high- and low-conductance
states, respectively. The similarity between the lifetimes of the two states in that trajectory
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Figure 2.21. Real-time COOH/EDC activity. (a) Example of transition between an active and inactive
phase in the COOH/EDC dynamics. Typical lifetime of each phase is > 5 s. (b) Real-time trajectory of
a functionalized device in presence of 50 µM EDC. (c) Distribution of conductance values in the above
trace, fitted with two Gaussians as indicative of two-state dynamics. (d) Zoom on a 50 ms segment,
superimposed with the idealized two-state trajectory obtained from a Hidden-Markov model (HMM) fit.
(e) Baseline-corrected trajectory obtained from the HMM fit. Figure and caption adapted from Ref.
[43].

indicates that both states are almost equally probable, i.e., that the equilibrium constant
between B1 and B2 is close to 1. When repeating this analysis on multiple, successive 1-s-long
segments, we obtain a distribution of ⟨τhigh⟩/⟨τlow⟩ ratios centered around the case in which ⟨τhigh⟩
= ⟨τlow⟩, as presented in Figure 2.18f. The width of the distribution illustrates a level of
heterogeneity in the kinetics which is commonly observed in single-molecule measurements.
We also performed several controls to ensure that the active phases with rapid two-state RTN
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are strictly related to the COOH/EDC adduct (Fig. 2.20). First, the observed two-state RTN
disappears after flushing the device with fresh buffer, consistent with the fact that the system
remains in the unbound state (A) after the EDC molecule is washed away. In addition, none of
the three unexposed devices nor the two unfunctionalized devices exhibit any activity when
exposed to EDC (Table 2.1). Examples of trajectories for these different types of controls are
presented in Figure 2.20. The presence of multisecond-long inactive and active phases,
millisecond-scale fast RTN in the active phase, and heterogeneous kinetics centered on ⟨τhigh⟩ =
⟨τlow⟩ are all consistent with results reported for the interaction of the EDC molecule with a single
carboxylic acid group [114]. Moreover, the ratio of exposed devices exhibiting this specific
signature (2 out of 7) is compatible with the proportion of devices functionalized with a singlemolecule probe as derived from the earlier, large-array study. This remarkable agreement
obtained from two independent experiments (i.e., the conductance change experiment and the
real-time reactivity experiment) corroborates the ability of our nanowell-confined chemical
approach to produce single-molecule probes with high and reproducible yields. More practically,
the presence of this specific COOH/EDC signature can be used as an indicator to identify, from
a large array of devices, the set of devices holding a single-molecule probe, which can be
further used as a template to support a variety of other individual molecules, as demonstrated in
the following chapters.

2.3 Conclusions
The approaches able to produce single-point functionalization described in Sections 2.2.1
and 2.2.2, namely feedback-controlled electrochemical oxidation and noncovalent attachment,
rely on unfavorable statistics that result in minimal control of the position and the yield of the
chemistry. Moreover, the necessity to individually monitor each device in feedback-controlled
methods imposes throughput limitations in the preparation of devices. Noncovalent approaches
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also bear time scale limitations in that only short device measurement times are possible due to
the instability of the molecule−nanotube coupling. Nanowell-confined chemistry on carbon
nanotube devices, presented in Section 2.2.3, provides a versatile platform to support and
monitor individual chemical reactions. We obtain a high yield for the attachment of the primary
single-molecule probe, and the covalent chemistry ensures strong nanotube-molecule coupling
and long-term stability of the adduct. The method is independent of a specific chemical reaction
and generalizable to any aqueous nanotube chemistry. It is also easily scalable to the wafer
scale, enabling the production of a large number of devices and robust statistical analysis. Once
the mask defining the nanowells is removed, the platform supports an even larger variety of
reactions and reagents, for instance reactions in organic solvents or bioconjugation with large
macromolecules. Successive secondary single-molecule reactions on the same single-molecule
probe can be recorded in real time, with submillisecond resolution and for many hours. This
platform opens routes to investigate a variety of other fundamental chemical mechanisms such
as lifetimes of intermediates in catalytic reactions and to improve chemical sensor and lab-onchip technology with localized functionality. DNA hybridization studies using smFETs, presented
in Section 3.1, were performed using pyrene adsorption. It was determined that nanowellcontrolled diazonium chemistry would be used for the G-quadruplex DNA studies discussed in
Section 3.2 due to the slow dynamics of this molecule and the need for long-lived attachments.
For all riboswitch studies discussed in Chapter 4, where many mutant sequences were
investigated, pyrene adsorption was again used due to the benefit of device recyclability with
this nanotube functionalization method.

† Section 2.2.3 in part reprinted from Nano Letters, 16(7), Bouilly, D., Hon, J., Daly, N.S.,
Trocchia, S., Vernick, S., Yu, J., Warren, S., Wu, Y., Gonzalez, Jr., R.L., Shepard, K.L., and
Nuckolls, C. Single-molecule reaction chemistry in patterned nanowells, 4679-4685, 2016,
with permission from ACS Publications.
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Chapter 3

Studies of DNA Dynamics
3.1 DNA Hybridization
3.1.1 Experimental setup
In an attempt to validate the use of the pyrene noncovalent CNT attachment chemistry
presented in Section 2.2.2, we performed studies of DNA hybridization using a 10 nucleotide
DNA duplex that has been previously studied using electrochemical oxidation as the CNT
functionalization method [41]. The single-stranded DNA to be attached to the nanotube, named
the probe DNA, was purchased (Integrated DNA Technologies, HPLC grade) with the following
sequence: 5’-NH2(CH2)6 GTG AGT TGT T-3’ with the alkyl amine functionalization placed at the
5’ terminus. Additional single-stranded DNAs, named target DNAs, were purchased (Integrated
DNA Technologies, HPLC grade) with sequences as noted in Table 3.1. The sequences of the
target DNAs were designed to investigate the effects of a single mismatch on DNA hybridization
dynamics and to determine whether the mismatch position affected the ability of smFET devices
to detect the mismatch. After functionalization of smFET devices with 1-pyrenebutyric acid Nhydroxysuccinimide (NHS) ester (Sigma Aldrich, 95%) as described in Section 2.2.2,

we

introduced 10 µM of the 5’-amino-modified probe DNA oligomer in a sodium phosphate buffer
Table 3.1. Summary of target DNA sequences. Melting temperature (Tm) were calculated at room
temperature with 100 nM target DNA in sodium phosphate buffer (45 mM, pH 8.0) using the nearest
neighbor method [132].

1
2
3
4

DNA ID
Noncomplement
Complement
CNT-side mismatch
Solution-side mismatch

Sequence
5’-TCT GTC GTG G-3’
5’-AAC AAC TCA C-3’
5’-AAC AAC TCA T-3’
5’-TAC AAC TCA C-3’

45

Tm
n/a
22.3 °C
19.5 °C
19.9 °C

solution (45 mM, pH 8.0) for 30 min. The 5’ amino moiety reacts with the NHS ester [117] to
form an amide bond between the 5’ terminus of the DNA oligomer and the alkyl chain on the
pyrene probe adsorbed to the nanotube sidewall. After the reaction, the flow cell was flushed
with fresh sodium phosphate buffer (45 mM, pH 8.0) for 10 min to rinse away any residual
unconjugated DNA oligomer.

3.1.2 smFET DNA hybridization signals are two-state and temperature-dependent
After functionalization with the DNA probe we measured the conductance of the device array
in real-time for 15 minutes, with VDS set between 10 and 100 mV to maintain a tens to hundreds
nA-scale current and VL = −300 mV. The conductance of the devices was recorded at room
temperature in the presence of 100 nM complementary DNA in sodium phosphate buffer (45
mM, pH 8.0). Under these conditions, candidate devices exhibit fluctuations between a lowcurrent state centered at 294 nA and a high-current state centered at 314 nA, as shown in the
baseline-corrected trajectory in Figure 3.1a. Subsequently raising the temperature of the system
using a Thermostream and allowing 15 minutes for thermal equilibrium to be reached, we
observed a shift in the two-state equilibrium towards the high-conductance state (Fig. 3.1b and
c). This is consistent with observations with this short DNA duplex tethered via
electrochemically-oxidized smFET devices which assigned the low-conductance state to the
DNA duplex and the high-conductance state to the single-stranded DNA probe [41]. Attempts to
probe these effects at higher temperatures were hampered by promoted desorption of the
pyrene, and therefore the attached DNA probe, from the surface of the smFET.

3.1.3 smFETs can distinguish single mismatches in DNA hybridization
To further characterize the smFET DNA hybridization signal beyond pairing with the
complementary DNA target, we performed measurements in sodium phosphate buffer (45 mM,
pH 8.0) with 100 nM of one of the three additional DNA target sequences presented in Table
3.1. The aim of these experiments was to ascertain whether smFETs are sensitive to single
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Figure 3.1. DNA hybridization dynamics are sensitive to temperature. Measurements with 100 nM
complementary DNA in sodium phosphate buffer (45 nM, pH 8.0) at (a) 24.5 °C (b) 26.4 °C and (c)
28.7 °C .

mismatches in a short DNA duplex, and furthermore whether the location of this mismatch
relative to the CNT tethering point affects the smFET DNA hybridization signal. As discussed in
Section 1.2.3, due to Debye screening effects smFET signals are sensitive to the distance
between the CNT sidewall and the charged species responsible for conductance fluctuations.
This relationship was tested explicitly in previous studies using the same 10 nucleotide DNA
probe sequence and DNA target sequences missing one or two nucleotides closest to the CNT
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Figure 3.2. DNA hybridization dynamics are sensitive to target DNA sequence. (a) Noncomplementary
DNA shows no current fluctuations. (b) Complementary DNA shows two-state activity that has been
shifted toward the upper state in the case of both (c) the CNT-side mismatched DNA and (d) the
solution-side mismatched DNA.

sidewall [42]. For each of these truncated sequences the two-state DNA hybridization signal
was observed to shift away from the hybridized duplex DNA state. Additionally the magnitude of
conductance fluctuations decreases as the target DNA strand is shortened, consistent with
Debye screening theory [42]. Here we keep the target DNA length constant but alter the location
of a single mismatch from CNT-side to solution-side. As shown in Figure 3.2, the two-state
smFET signal observed with the complementary DNA probe is absent in the presence of 100
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nM noncomplementary DNA and is altered significantly with a single nucleotide mismatch DNA.
It is significant to note that while the smFET signal for these target DNA sequences is similar,
each is distinct enough to allow discrimination between complement and single-mismatch as
well as the location of the mismatch. An extremely short-lived third state with a lowered
conductance value is visible in the CNT-side mismatch case. This additional state could be
explained by fluctuations of the CNT-side unpaired nucleotide towards the CNT surface, which
would increase the negative charge near the smFET and lower the conductance under our
experimental conditions.
Analyzing these two-state DNA hybridization signals using a hidden Markov model, we
obtained transition rates between the hybridized (low-current) and melted (high-current) states.
(Fig. 3.3) Consistent with a simple two-state binding model, in the case of both the CNT-side
and solution-side mismatched DNA it is the DNA melting rate that is sensitive to mismatches in
the target DNA sequence. The free energy of the DNA duplex formation, ΔG, can be determined
from the measured transition rates, kon and koff, for each sequence as follows:
ΔG = -RTlnKD
where R is the universal gas constant, T is the temperature of the system, and KD is the
dissociation constant, equal to the ratio between koff and kon. A comparison of the free energies
derived from smFET analysis compare favorably to those calculated using the nearest-neighbor
method as presented in Table 3.2 [132], [133]. Notably, our smFET devices consistently
overestimate the stability of duplex DNA (see Table 3.2). It is likely that this effect is caused by
the existence of an electrical double layer (EDL) whereby, due to the gate bias placed on
solution, the concentration of DNA target and/or ions of opposite charge is greater near the
surface of the smFET than the bulk value in solution [134]. Further studies using various gate
biases would need to be conducted in order to verify this hypothesis.
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Figure 3.3. DNA hybridization observed on and off rates in the presence of 100 nM target DNA
determined using HMM analysis. No transitions were observed in the case of (a) noncomplementary
DNA. (b) Complementary DNA and both (c) CNT-side mismatched DNA and (d) solution-side
mismatched DNA rates are plotted.
Table 3.2. Summary of target DNA sequences. Melting temperature (T m) were calculated at room
temperature with 100 nM target DNA in sodium phosphate buffer (45 mM, pH 8.0) using the nearest
neighbor method [132].

DNA ID

Sequence

ΔGpredicted

ΔGobserved

1

Noncomplement

5’-TCT GTC GTG G-3’

>0

n/a

2

Complement

5’-AAC AAC TCA C-3’

-9.08

-10.1 ± 0.0741

3

CNT-side mismatch

5’-AAC AAC TCA T-3’

-8.37

-9.05 ± 0.0406

4

Solution-side mismatch

5’-TAC AAC TCA C-3’

-8.38

-8.82 ± 0.0316
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3.2 G-Quadruplex Dynamics†
3.2.1 Experimental setup
Here we demonstrate the ability of the smFET platform to support a second level of
functionalization after the nanowell-confined aryl diazonium chemistry described in Section
2.2.3, by covalently tethering an individual biomolecule to the primary single-molecule probe
and measuring its conformational dynamics in real-time. For these experiments, we use a 24nucleotide, 5′-amino-modified, single-stranded DNA oligomer that models human telomeric DNA
in that it is composed of four repeats of the TTAGGG guanine-rich sequence typically found in
the terminal, single-stranded, telomeric region of human chromosomes [135]. The DNA
oligomer was purchased (Integrated DNA Technologies, HPLC grade), with the following
sequence: 5’-NH2(CH2)6 AGA GGG TTA GGG TTA GGG TTA GGG-3’ with the alkyl amine
functionalization placed at the 5’ terminus. This sequence can fold into a structure called a Gquadruplex that is comprised of a series of stacked guanine tetrads as illustrated in Figure 3.4a.
Monovalent cations, in particular K+ and, to a lesser extent, Na+, stabilize the folded form of the
G-quadruplex sequence by binding between (K+) or within (Na+) the plane of the guanine tetrads
[136]–[138].
On the same microfluidic-integrated array of ten smFETs described in Table 2.1, we
covalently attached the 5′-amino-modified DNA oligomer to the primary single-molecule probe
on the carbon nanotube via an amide bond formed using a two-step EDC/NHS coupling
protocol [117]. In the first reaction, the carboxyl termination of the single-molecule probe was
activated using 1 mM EDC (Thermo Scientific) and 1 mM NHS (Sigma-Aldrich 98%) in
dimethylformamide (DMF) for 10 minutes [116]. In the second reaction, we introduced 100 µM
of the 5’-amino-modified DNA oligomer in a sodium phosphate buffer solution (100 mM, pH 8.4)
for 30 minutes. The 5’ amino moiety reacts with the NHS ester [117] to form an amide bond
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Figure 3.4. Single-molecule observation of DNA G-quadruplex folding. (a) Representation of a folded Gquadruplex DNA sequence capturing two K+ cations, bound to an initial single-molecule probe on a
nanotube. (b−c) Real-time trajectories with baseline correction, showing two-state fluctuations in
conductance in the presence of 10mM KCl or NaCl, respectively. (d) Survival probability plots for each
conductance state (high-G/low-G) and each ion type (K+/Na+) are fitted with a double-exponential kinetic
model. (e) Average lifetime ⟨τfast⟩ and error bars extracted from the survival plots in panel d for the highG and low-G states as well as both K+ and Na+ ions. (f) High-G and low-G conductance states are
attributed to the unfolded and folded DNA configurations, respectively. The folded configuration is found
to have a longer lifetime in the presence of K+ cations than Na+. Figure and caption adapted from Ref.
[43].

between the 5’ terminus of the DNA oligomer and the carboxyphenyl single-molecule probe on
the nanotube. After the reaction, the flow cell was flushed with Tris-HCl buffer (10 mM, pH 7.5)
for 10 minutes at 45 °C to rinse away any residual unconjugated DNA oligomer, EDC and NHS
traces, and the Na+ ions that were introduced from the sodium phosphate buffer.
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3.2.2 G-quadruplex DNA exhibits a salt-dependent two-state smFET signal
After functionalization with the DNA oligomer, we measure the conductance of all ten devices
in real time and at room temperature, with VDS = 100 mV and VL = −300 mV. The conductance
of the devices is recorded in real-time for 15 minutes in Tris-HCl buffer (10 mM, pH 7.5)
supplemented with 10 mM KCl. Under these conditions, one device exhibits fluctuations
between a low-conductance state (low-G) centered at 1.49 μS and a high-conductance state
(high-G) centered at 1.61 μS, as shown in the baseline-corrected trajectory in Figure 3.4b (raw
traces are provided in Figure 3.5). After once again flushing the flow cell thoroughly, we collect
real-time data for 15 minutes and at room temperature in Tris-HCl buffer supplemented with 10
mM NaCl. As observed in the presence of K+, the trajectory recorded in the presence of Na+
shows fluctuations between a low-G state and a high-G state, respectively centered at
conductance values of 1.64 μS and 1.73 μS (Fig. 3.4c). A control experiment recorded using the
same device, but in the presence of only the Tris-HCl buffer (i.e., in the absence of K+ or Na+
ions), does not exhibit such fluctuations, which is consistent with other studies reporting only
weak interaction between pristine carbon nanotubes and G-quadruplex DNA [139], [140].
Similarly, measurements using an unexposed control device do not exhibit such fluctuations,
either in the presence of KCl or NaCl. Each of these controls is presented in Figure 3.6.
In order to rigorously assign the low-G and high-G states to configurations of the Gquadruplex oligomer, we perform a statistical analysis of the transitions between these states.
To do so, we use a hidden Markov model as previously described [41], [109], [110] to calculate
the most probable sequence of transitions between the low-G- and high-G states forming the
trajectories (i.e., the idealized paths) (see Fig. 3.5). Survival probability plots of the dwell times
spent in low-G state prior to transitioning to the high-G state and, conversely, of the dwell times
spent in high-G state prior to transitioning to the low-G state are shown in Figure 3.4d.

53

Figure 3.5. Real-time trajectories for DNA activity. (a) Full raw trajectory in presence of 10mM KCl,
superimposed with the idealized trajectory (red) obtained from the HMM fit. (b) Baseline-corrected
trajectory for KCl environment, according to the HMM fit. (c) Full raw trajectory in presence of 10mM
NaCl, superimposed with the idealized trajectory (red) obtained from the HMM fit. (b) Baselinecorrected trajectory for NaCl environment, according to the HMM fit. (e) Distribution of conductance
values for the KCl trace in a, showing two peaks as indicative of two-state dynamics. The shoulder
seen on the left side is attributed to the slow drift of the conductance baseline. (f) Distribution of
conductance values for the NaCl trace in a, showing two peaks as indicative of two-state dynamics.
Figure and caption adapted from Ref. [43].
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Figure 3.6. Real-time trajectories for DNA activity. (a) Full raw trajectory for DNA in buffer in absence of
any monovalent cation like K+ or Na+. Superimposed is the average value of the conductance. (b/c) Raw
trajectories for a control device in presence of 10mM KCl (b) and 10mM NaCl (c). Superimposed is the
average value of the conductance. (d/e/f) Distribution of conductance values in the above traces,
showing a single Gaussian shape indicative of single-state dynamics. Figure and caption adapted from
Ref. [43].
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3.2.3 G-quadruplex folding and unfolding rates are cation-specific
Consistent with previous single-molecule biophysical studies of G-quadruplex sequences
[136], [141], [142], each survival probability plot is best described by a double exponential decay
function (Fig. 3.7), yielding two characteristic lifetimes (τfast and τslow) for both the low- and highG states (see Table 3.3). While the small number of long dwells that predominantly contribute to
τslow render this lifetime particularly susceptible to the effects of possible missed transitions, the
much larger number of short dwells that predominantly contribute to τfast render this lifetime

Figure 3.7. Survival probability for transitions from high-G to low-G state (left) and low-G to high-G
state (right) as a function of dwell time. Data obtained in the presence of K + ions (top) or Na+ ions
(bottom). 18 distinct dwells were identified in the K+ idealized trace, and 53 dwells in the Na+ idealized
trace. Dotted lines show fits with a simple exponential model and plain lines show fits with a doubleexponential model. The double-exponential model is a better fit in each case, as it captures both the
short-lived and long-lived dwells. Figure and caption adapted from Ref. [43].
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Table 3.3. Characteristic lifetimes of low-G and high-G states, in presence of K+ or Na+ ions. Time
constants are obtained from the double-exponential fits in Fig. 3.4. Errors are obtained from standard
bootstrapping.

High-G
Low-G

K+
Na+
K+

Na+

Lifetimes (s)
τslow
τfast
75.036
1.354
21.252
1.0832
34.191
3.5682

0.44885

Error on lifetimes (s)
Δτslow
Δτfast
38.282
0.42876
2.6706
0.17153
7.6984
1.0119

10.042

0.13827

2.0055

DNA state
Unfolded
Folded

Figure 3.8. Stability of τ estimates with respect to dwell assignation. Lifetime estimates for each state
were calculated 1000x with the introduction of a random dwell inversion. Fast lifetimes form welldelimited distributions, indicating good stability in regard to dwell assignation errors; slow lifetime
distributions are on the contrary very sensitive to dwell assignation, due to the fact that they are much
less sampled in the trajectories. Figure and caption adapted from Ref. [43].

significantly resistant to the effects of possible missed transitions (Fig. 3.8). Consequently, τfast is
a much more robust lifetime measurement and is therefore presented in Figure 3.4e for each
state and each ion type. For the low-G state, we find that τfast obtained in the presence of K+ is
10 times longer than that obtained in the presence of Na+. In contrast, for the high-G state, we
find that τfast obtained in the presence of K+ is within error of that in the presence of Na+.
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Previous studies of G-quadruplex sequences similar to that investigated here have
demonstrated that, at any particular monovalent ion concentration, the folded form of the Gquadruplex sequence should be more stable in the presence of K+ versus Na+, whereas the
stability of the unfolded form should be independent of the identity of the ion [143]. Given that all
of our experiments are conducted at the same monovalent ion concentration and given our
finding that K+ stabilizes the low-G state by a factor of 10 over Na+, whereas the stability of the
high-G state is independent of the identity of the ion, we unambiguously assign the low-G and
high-G states of the trajectories to the folded and unfolded forms of the G-quadruplex sequence,
respectively (see Fig. 3.4f). We note that the values of τfast for both the folded and unfolded
forms of the G-quadruplex sequence reported here are in close agreement with the
corresponding lifetimes of the folded and unfolded forms of a similar G-quadruplex sequence
obtained from smFRET studies performed under similar experimental conditions to those used
here [136]. In addition, the existence of two classes of dwells (i.e., τfast and τslow) in both the
folded and unfolded forms of the G-quadruplex sequence is fully consistent with previous
smFRET studies of similar G-quadruplex sequences [136], [144]. The close correspondence
between our results and the results of smFRET studies of analogous G-quadruplex sequences
suggests that tethering of the G-quadruplex to the surface of the carbon nanotube device does
not impair the folding/unfolding dynamics of the G-quadruplex. This observation validates the
use of the smFET devices described here for single-molecule studies of biomolecular folding
and structural dynamics. Notably, the label-free-, increased time-resolution-, and expanded
observation time aspects of the smFET approach described here should enable investigations
of biomolecular folding reactions and dynamic processes that are currently difficult or impossible

† Section 3.2 in part reprinted from Nano Letters, 16(7), Bouilly, D., Hon, J., Daly, N.S.,
Trocchia, S., Vernick, S., Yu, J., Warren, S., Wu, Y., Gonzalez, Jr., R.L., Shepard, K.L., and
Nuckolls, C. Single-molecule reaction chemistry in patterned nanowells, 4679-4685, 2016,
with permission from ACS Publications.
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to investigate using more conventional single-molecule biophysical approaches such as
smFRET [145], single-molecule force spectroscopy [30], or single-molecule tethered-particle
motion [146] approaches.
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Chapter 4

Studies of Riboswitch Dynamics
4.1 Overview of the pbuE Riboswitch
Purine-sensing riboswitches are one of the most well-studied riboswitch classes due to their
relatively small size. Found in bacterial species such as Bacillus subtilis and Vibrio vulnificus,
purine riboswitches have been found to be involved in both transcriptional control and
translational control as both on and off switches for the genes they regulate. A model purine
riboswitch is the adenine-sensing pbuE riboswitch found in Bacillus subtilis, which has been
studied using a variety of single-molecule and ensemble techniques, as well as by molecular
dynamics (MD) simulation [147]–[153]. The pbuE riboswitch sequence consists of an aptamer
domain that is responsible for recognition and binding of the target metabolite adenine, an
expression platform domain that is responsible for forming the terminator hairpin that interacts
with transcription machinery, and a switching sequence that belongs to both domains [147]. In
the absence of adenine the aptamer structure gives way to formation of the more stable
terminator hairpin, which arrests production of mRNA. Adenine binding, however, provides
stability to the aptamer, inhibiting the formation of the terminator hairpin and allowing mRNA
production and expression of the pbuE gene to continue (Fig. 4.1). Because the pbuE gene
encodes an adenine efflux pump, this cycle forms a negative feedback loop. The rate of adenine
association and uptake into the aptamer versus the rate of transcription forms the central
competition affecting the outcome of riboswitch regulation [154], [155]. This kinetic balance
affects both the generation of the expression platform and the relative position of RNA
polymerase (RNAP) to the riboswitch, both of which are thought to play a more significant role in
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the regulatory ability of the pbuE riboswitch than ligand binding thermodynamics alone [149],
[154], [155].

Figure 4.1. Transcriptional regulation of the pbuE gene by its riboswitch. In the absence of adenine
the transcription of the expression platform results in the formation of a terminator hairpin which
prevents transcription of the pbuE gene. If adenine binds in the aptamer binding pocket, transcription
of the expression platform results in the formation of an antiterminator hairpin and expression of the
pbuE gene is allowed.

Following adenine binding to the pbuE riboswitch, further regulation is required to
communicate the decision to RNAP. This is accomplished by adenine-induced stabilization of
the first five and last five nucleotides of the aptamer domain into a five base pair helix, known as
the P1 stem [156]. Formation of the P1 stem sequesters base pairs required by the expression
platform to form the terminator hairpin, making it a critical component of the pbuE riboswitch
regulatory mechanism [148]. However, dynamics of the P1 stem, consisting entirely of base-pair
rearrangements, are difficult to characterize because both the lifetimes as well as the distance
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scales of base pairing are short [157]–[160]. Structures of purine family riboswitches [148],
[161], [162], as well as NMR characterizations of solution conformations [163]–[165] and
smFRET studies [150], [166], have established that the tertiary structure of the pbuE riboswitch
transitions to its native state following binding of adenine. Furthermore, in the bound state, more
than 90% of the solvent exposed surface of adenine is surrounded by RNA, leading to the
suggestion that adenine entering the binding pocket is coupled with significant structural
changes in the aptamer domain [148], [161], [163], [164]. It is unclear, however, how
stabilization of the binding pocket and formation of the tertiary structure of the aptamer domain
of the riboswitch influence the stability of the P1 stem and therefore the transcription of the pbuE
gene.
Structural rearrangements of the P1 stem, either to allow ligand recognition or in response to
ligand binding, are critical aspects of regulation by the pbuE gene that to date have not been
investigated at the single-molecule level [150], [151]. The single-molecule biophysical
techniques most commonly used to probe riboswitches, fluorescence resonance energy transfer
(smFRET) and single-molecule force spectroscopy, have difficulty measuring millisecond-scale
dynamics, such as base pair rearrangements, as well as observing unperturbed individual
molecules for long times.
Here we identify adenine-dependent dynamics of the P1 stem of the pbuE riboswitch
aptamer on the microsecond timescale by correlating smFET conductance fluctuations with
predicted RNA structural rearrangements and by mutagenesis of the aptamer sequence. We
demonstrate how long-lived, ligand-dependent intermediates form at a base pair level and
describe their consequence for riboswitch-regulation by adenine uptake into the aptamer. Using
smFET technology we have achieved the first observation of RNA zipping and unzipping at the
single-molecule level, as well as label-free observations of the effects of a three-way junction
motif on helix zipping and unzipping.
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4.2 Effects of Salt on RNA Stability
As discussed in Sections 1.2.3 and 1.3.2, CNTFET sensitivity and RNA dynamics are both
dependent on salt concentration. In order to determine buffer conditions for smFET experiments
that both (i) maximize device sensitivity to changes in local charge density by reducing ionic
strength and (ii) maintain sufficient salt to approximate in vivo RNA dynamics, a bulk
fluorescence assay was used under a range of salt concentrations. It has been shown that the
pbuE riboswitch binds adenine and 2-aminopurine (2AP) with similar affinity [147], though the
measured rate of association of these metabolites varies by a factor of three [149]. As has been
reported elsewhere, 2AP can be selectively excited and its fluorescence, which is quenched by
base stacking [167], can be monitored to measure quenching caused by binding to the pbuE
riboswitch aptamer [150]. We performed fluorescence-quenching assays using a Perkin Elmer
LS55 luminescence spectrophotometer and collected spectra over the wavelength range 330450 nm with 300 nm excitation. RNA samples (prepared using in vitro transcription and
purification as described previously [168]) were heated to 95°C for 2 minutes in either 0.01X,
0.1X, or 1X phosphate-buffered saline (PBS) followed by slow cooling to 25°C before addition of
10 mM MgCl2 to allow for proper folding of the aptamer. The concentration of PBS rather than
MgCl2 was reduced due to the critical importance of divalent cations in the formation of RNA
tertiary contacts such as those between the L2 and L3 loops of the pbuE riboswitch aptamer
[169]. Data was collected at 25°C with a fixed 2AP concentration of 50 nM and a range of RNA
concentrations in excess of 2AP to simplify the ligand binding equation to:
ΔF/F = (1-α)[RNA]/(KD + [RNA])
where ΔF/F is the percent fluorescence intensity lost upon the addition of a known concentration
of riboswitch, [RNA]. The parameter α is proportional to the quantum yield of 2AP fluorescence
and KD represents the equilibrium dissociation constant of 2AP from the riboswitch [150]. As
shown in Figure 4.2, with 10 mM MgCl2 a change in monovalent salt between 0.01X and 1X
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PBS does not significantly affect the binding of 2AP to the pbuE aptamer. Using the binding
equation presented, the KD value was determined for each concentration and compared against
the previously reported value of 300 nM (Table 4.1) [147]. Using these results it was determined
that all smFET experiments on the pbuE aptamer could be performed under reduced
monovalent salt conditions, namely in 0.1x PBS, without perturbing adenine binding.

Figure 4.2. Fluorescence quenching assay of 2AP binding to the pbuE riboswitch aptamer measured
with 10 mM MgCl2 and varying PBS concentrations at 17°C. The inset shows an example RNA
titration which quenches fluorescence of 2AP.

Table 4.1. Measured KD values for 2AP binding to the pbuE aptamer where 1.0x PBS represents a pH
7.4 buffer consisting of 10 mM phosphate, 137 mM NaCl, and 2.7 mM KCl.
Salt Concentration

KD (nM)

0.01x PBS
0.1x PBS
1.0x PBS

252 ± 40.
255 ± 49
322 ± 26

64

4.3 smFET Experimental Setup
RNA sequences for single-molecule experiments were purchased (GE Dharmacon, HPLC
purified and 2’-ACE protected) with primary amine functionalities, either 5’-Amino modifier C6
for labelling at position U1 or 5-Aminoallyl-uridine for internal modification at U20 (Fig. 4.3). RNA
samples were incubated at 60°C in 100 mM acetic acid, pH 3.8 for 30 minutes in order to
remove the 2’-ACE group followed by ethanol precipitation, lyophilization, and resuspension in
0.1X PBS [170]. RNA samples were heated to 95 °C for 2 minutes followed by slow cooling to
room temperature before addition of 10 mM MgCl2. This thermal refolding of the riboswitch has
the additional benefit of precluding interactions between the RNA and the CNT, which require
the nucleic acid sequence to be entirely unpaired as well as to possess a particular base
composition [139], [140]. After functionalization of smFET devices with 1-pyrenebutyric acid
NHS ester as described in Section 2.2.2, devices were incubated in a solution of 10 μM aminefunctionalized RNA and 10mM MgCl2 in 10 mM sodium phosphate buffer, pH 8.4 for 10 minutes.
After the incubation period the system was flushed with 10mM MgCl 2 in 0.1X PBS. After
functionalization the platinum electrodes were set to VL = -300 mV while VDS was set between
10 and 100 mV in order to maintain a tens to hundreds nA-scale current for all measured
devices. Between measurements 10 mM MgCl2 in 0.1X PBS was flowed through the system
before incubating the system in the desired buffer for 15 minutes and beginning data collection.
Extensive flushing of water and DMSO at 80°C was used to clean the microfluidic flow cell
between experiments with different RNA sequences.

4.4 Results of pbuE Riboswitch Aptamer Studies
4.4.1 The wild-type P1 stem zips and unzips discretely and sequentially on the
millisecond time-scale
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Figure 4.3. Sequence of the pbuE riboswitch aptamer with secondary and select tertiary interactions
shown. The base pairs of the P1, P2, and P3 stems are colored blue, green, and red, respectively.
Adenine interactions in the aptamer binding pocket are shown in orange. Tertiary contacts between
loops L2 and L3 are shown in gray. A single-point mutant of the L2 sequence, G21C, disrupts this
interaction. Mutagenesis of the P1 stem to a less stable G3C construct and a more stable construct
are shown in dashed boxes. The circled nucleotides at positions 1 and 20 denote the sites for amine
modification and subsequent tethering to smFET devices.

To characterize rearrangements of the P1 stem (Fig. 4.3), we used riboswitch aptamer
sequences with a hexylamine modification at the 5’ terminal phosphate. Following attachment of
the riboswitch aptamer to a CNT, we observed that structural rearrangements of the riboswitch
resulted in three discrete smFET conductance classes in the absence of adenine (Fig. 4.4a).
We analyzed the data using an adaptation of baseline correction algorithms to merge with those
normally used in analysis of smFRET intensity versus time trajectories, and use the transition
matrix to infer the rate constants [109], [171]. The lifetimes of all observed classes fell within a
range of 100 µs to 10 ms (Table 4.2). Subsequent addition of adenine led to transitions between
four discrete conductance classes, including an apparently new class characterized by a very
short lifetime and significantly-lowered conductance (Fig. 4.4b). Titration of adenine from 30 nM
66

Figure 4.4. smFET conductance fluctuations following single-molecule attachment of the wild type
pbuE riboswitch. (a),(b) Addition of adenine (3 µM) shifts the signal from a three- to a fourconductance class time-series. (c) the new conductance class continues to be stabilized by addition of
adenine because the rate out of class 4, k43, continues to decrease. (d) the four conductance classes
only transition between adjacent classes. Counts are from the 3 μM adenine condition of the wild type
aptamer. (e) a proposed model where base-pairs serially unzip beginning at the terminal pair.
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to 3 µM stabilized the lowest conductance class, extending its average lifetime by 13-fold
between 30 nM and 3 µM adenine (Fig. 4.4c). This result implies that the lowest conductance
class is actively stabilized by addition of adenine.
Table 4.2. Transition rates (1/s) between three or four conductance classes (as labeled in Fig. 4.4) for
the wild-type pbuE aptamer with varied adenine concentration as calculated using an HMM fit of smFET
conductance traces. 95% confidence intervals are also reported.
[Adenine]
nM

k12

Δk12

k21

Δk21

k23

Δk23

k32

Δk32

k34

Δk34

k43

Δk43

0

96.2

1.77

25.5

0.555

29.2

0.618

34.0

0.716

n/a

n/a

n/a

n/a

30

24.0

0.534

26.5

0.628

21.9

0.566

73.1

1.88

33.1

1.25

1280

37.4

150

33.7

0.829

34.9

0.659

34.7

0.661

108

2.24

33.9

1.19

302

10.5

300

50.8

1.15

37.2

0.765

27.3

0.881

85.7

1.61

26.8

1.07

145

3.88

500

40.3

0.797

38.3

0.712

17.4

0.389

36.0

0.676

10.5

0.309

55.4

1.88

1000

43.2

0.958

42.3

0.875

30.3

0.640

43.0

0.707

14.1

0.358

83.8

2.21

3000

33.1

0.831

27.6

0.648

21.1

0.542

51.4

1.08

19.5

0.615

98.2

3.41

Together with the general observation that more negative charge near the CNT surface
tends to lead to lower conductance under our experimental conditions [41]–[43], these results
led us to hypothesize that the lowest conductance class represents a fully base-paired P1 stem,
an observation consistent with the results of NMR spectra [156]. With this interpretation,
addition of adenine leads to stabilization of the fully paired conformation of the P1 stem. It is
likely that this conductance class was too short lived to be observed in the absence of adenine,
consistent with RNA secondary structure calculations using MFOLD we initiated suggesting that
the terminal base is unpaired [172]. This model is supported by competition experiments,
wherein a DNA oligomer complementary to the P1 stem was incubated with the riboswitch,
leading to transient extinction of the four conductance class signal. Upon consideration of
Debye screening, we interpret each of these conductance classes as a P1 stem structure with a
different terminally paired base proximal to the CNT in the paired state (Fig. 4.4e). If the P1
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stem base pair closest to the CNT is formed, the 3’ end of the phosphate backbone would not
diffuse appreciably from a position near the nanotube surface, thereby increasing the average
negative charge in the vicinity of the smFET and lowering device conductance. In the case
where the same base pair is broken, the average position of the 3’ terminal phosphate group in
the RNA backbone would be located farther away from the nanotube surface, resulting in a
higher device conductance. The conductance class depends only on the terminally paired base
– bases above may be paired or unpaired with no consequences for conductance because the
phosphate backbone adopts a similar set of conformations. In the following, we will use the
notation wherein conductance classes are enumerated in order from highest to lowest and, for
instance, k21 denotes the rate constant for transitions from the second-highest conductance
class into the highest conductance class.
Further analysis of the fluctuations between the three or four conductance classes in the
conductance versus time trajectories revealed that each conductance class predominantly
transitioned to a conductance class that was adjacent in conductance (Fig. 4.4d). This kinetic
pattern implies that the riboswitch aptamer P1 stem zips or unzips only at the terminal base
(Fig. 4.4e). As an example, if the CNT is in conductance class 4 when the last base unpairs, but
the penultimate base is already unpaired, one would observe a transition from conductance
class 4 to conductance class 2. However, these off-diagonal transitions, in either direction, are
extremely rare. Therefore, the P1 stem zips and unzips in sequential steps that initiate at the
terminally paired base.

4.4.2 Comparison of aptamers with stabilized and destabilized P1 stems suggest
that adenine binding promotes P1 helicity by destabilizing the unpaired state
Previous studies on the native pbuE riboswitch sequence have suggested a crucial role for
the central G-C base pair of the P1 stem [149], [151], [152]. In force pulling studies by Greenleaf
et al. and Frieda et al., an observed transition state for P1 stem unfolding was located at a
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pulling distance corresponding to the G-C base pair [151], [152]. To confirm the zipping model in
the previous section, as well as to assess the role of the central G-C base pair in P1 stem
stability, we performed smFET studies on two pbuE aptamer mutants (see Fig. 4.3). First, an
aptamer with a P1 stem destabilized by a C-C mismatch in the third position, referred to as the
G3C aptamer, and second, an aptamer with a P1 stem stabilized without altering the relative
distance between the CNT surface and the pbuE aptamer structure by switching the two
terminal A-U base pairs for G-C base pairs, referred to as the stable aptamer.
Both of these aptamers displayed two conductance classes, in contrast to the wild-type
aptamer which displayed four (Fig. 4.5a & b). We continue to utilize the same numbering
convention as above. While the wild-type, G3C, and stable aptamers all have equivalent
adenine binding thermodynamics under our conditions, as monitored by a 2AP fluorescence

Figure 4.5. smFET conductance fluctuations in P1 stem mutants. Both the (a) G3C, and (b) stable
mutant aptamers display fluctuations between two conductance classes, both shown at 3 μM adenine.
While (c) the G3C aptamer has dynamics that depend strongly on the presence and concentration of
adenine, (d) the stable aptamer does not have a strong adenine dependence.
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binding assay (Fig. 4.6 and Table 4.3), the P1 rearrangements of the two mutants responded
differently to adenine over the same range as in the wild-type, 30 nM to 3 µM. The G3C aptamer
k12 increased with adenine concentration by a factor of 25 at saturation while the rate k 21
increased a more modest 4-fold (Fig. 4.5c). In contrast, the dynamics of the stable aptamer
were only modestly affected by the addition of adenine (Fig. 4.5d).

Figure 4.6. Fluorescence quenching assay of 2AP binding to pbuE riboswitch aptamer mutants
measured with 10 mM MgCl2 and 0.1x PBS at 25°C. Only the G21C mutant has a significantly
reduced affinity for 2AP as compared to the wild-type aptamer.

Table 4.3. Measured KD values for 2AP binding to the wild-type pbuE aptamer and mutant constructs as
denoted in Figure 4.3.
Construct

KD (nM)

Wild-type
Stable
G3C
G21C

730 ± 30.
1100 ± 100.
960 ± 30.
32400 ± 500.
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For the G3C aptamer, these results are consistent with an assignment of conductance class
2 being a P1 stem conformer with the A1 and U63 paired, which is relatively stabilized by
adenine binding, and conductance class 1 being a state with a predominantly unpaired P1 stem.
This is because binding pocket rearrangements are in close proximity to the predominantly
unpaired state of the helix and are likely to have a much more pronounced effect, rearranging
the phosphate backbone to a state close to the paired state when adenine is in the bound state.
On the other hand the fact that the fully paired state is weakly destabilized as adenine is added
is consistent with the interpretation that the C-C mismatch tends to destabilize the helical
conformation, in addition to abolishing the intermediate stacked states observed in the wild-type
aptamer.
For the stable aptamer, our results are consistent with an assignment of conductance class 1
and 2 both being paired states of P1, with conductance class 2 fully paired and conductance
class 1 being almost fully paired, likely with numerous missed events. Together with the results
of the G3C aptamer, this interpretation explains the fact that the stable aptamer has a weak
adenine dependence as well – if the structural outcome of adenine binding is to promote helicity
of the P1 stem, when P1 helicity is already sufficiently stabilized by sequence composition, then
adenine binding has no effect. This result is consistent with the observation that P1 helicity and
adenine binding can be antagonistic – if the helicity established by elongating the P1 stem is not
the same enforced by the binding pocket, then the stem can outcompete binding [156]. Taken
together, the results of these mutagenesis studies support the hypothesis that our smFET signal
reports directly on rearrangements of the P1 stem and that adenine binding mainly promotes the
fully paired P1 stem by destabilizing the unpaired state. Importantly, comparison of the adenine
dependence of the G3C aptamer in our smFET assay with its 2AP dependence in a
fluorescence ligand binding assay (see Fig. 4.6) suggest that the binding pocket plays a direct
role in stabilizing the paired conformation of the P1 stem, but under our conditions, disruption of
P1 stem rearrangements has little to no effect on the binding pocket.
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4.4.3 Second-scale dynamic heterogeneity of the P1 stem depends upon distal
tertiary rearrangements
Structures of purine family riboswitches[148], [161], [162], as well as NMR characterizations
of solution conformations[163]–[165] have established that the conserved base pairs between
the tandem guanine nucleotides (nts) in L2 (G21 and G22) and the tandem cytosine nts in L3
(C44 and C45) form a tertiary interaction to complete the folded conformation of the riboswitch.
smFRET studies of both adenine and guanine sensing riboswitches have revealed that this
interaction possesses a lifetime on the order of seconds [150], [166], and the folded
conformation is stabilized by the presence of ligand [156], [163], [166]. Formation of this tertiary
contact by necessity greatly restricts the available conformations of J2/3, the three-way junction
element between P2 and P3, which caps the P1 stem [161], [163]. Therefore, we reasoned that,
having observed that adenine-dependent rearrangements of the pbuE aptamer modulate the
dynamics of the P1 stem (Fig. 4.4c and Fig. 4.5c), the L2-L3 tertiary stabilization may be directly
correlated with zipping and unzipping of the P1 stem. Therefore, we performed smFET studies
on a pbuE aptamer mutant with a destabilized L2-L3 tertiary interaction, which we refer to as the
G21C aptamer [150] (Fig. 4.3), varying the concentration of adenine between 50 nM and 50 µM.
Like the wild-type aptamer, this mutant displayed four conductance classes in the presence
of adenine. The G21C construct, however, spends a much greater proportion of its time in
conductance class 1, the class with a fully unfolded P1 stem. Broadly speaking, therefore, the
L2-L3 interaction is thermodynamically coupled to the adenine-dependent rearrangement
driving P1 stem helicity outlined in the previous section. Next, we investigated how the kinetic
details of the P1 rearrangements in the two aptamers revealed the precise effect of tertiary
structure formation on P1 stem secondary structure.
Aside from possessing four conductance classes, both the wild-type and G21C aptamers
possess a significant degree of second-scale dynamic heterogeneity – in other words, it cannot
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be explained by a single transition matrix. To shed light on this observation, we analyzed the
adenine titration data of both the wild-type and G21C aptamers with a hierarchical hidden
Markov model and found that the best model for the heterogeneity in both datasets was a set of
two interconverting kinetic states, each of which can access all four conductance classes (Fig.
4.7a & b). Because only three conductance classes were observed in the absence of adenine
(Fig. 4.4a), only conductance versus time trajectories recorded when adenine was present were
compared. For both, two interconverting kinetic states constitute the minimal model; initializing
with three interconverting populations results in two with significant density, corresponding to
the two-population model, and a third that is not populated. Because these two kinetic states
conceptually are two interconverting types of P1 stem, we refer to these populations as P1 A,wt
and P1B,wt, and as P1A,G21C and P1B,G21C for the wild-type and G21C aptamers, respectively. In
order to compare the kinetic states present in the wild-type and G21C time series, we first
calculate, for each conductance class in each kinetic state:
ΔG𝑖𝐴

𝐴
𝑘𝑖,𝑖+1
= 𝑙𝑛 𝐴
𝑘𝑖+1,𝑖

ΔG𝑖𝐵 = 𝑙𝑛

𝐵
𝑘𝑖,𝑖+1
𝐵
𝑘𝑖+1,𝑖

which is the thermodynamic partition between entering conductance class i from a conductance
class i+1 within P1A versus the reverse rate from conductance class i+1 back to conductance
class i. This corresponds to the probability of zipping rather than unzipping. On comparison,
shown in Figure 4.7c & d, we identify P1A,wt with P1A,G21C, and P1B,wt with P1B,G21C (hereafter
referred to simply as P1A and P1B wherever possible).
Thus, our analysis reveals two separate P1 stem conformations with two distinct stabilized
intermediates – P1A, which predominantly populates the intermediately unpaired state in
conductance classes 1 and 2, and P1B, which predominantly populates the intermediately
unpaired state in conductance class 3, near the fully folded state (conductance class 4). The
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Figure 4.7. Dynamic heterogeneity of the wild-type and G21C constructs. a, P1A,wt (cyan) and P1B,wt
(magenta), as discussed in the text, of the wild-type construct in 3 μM adenine. b, P1A,G21C (cyan) and
P1B,G21C (magenta) for the G21C construct in 3 μM adenine. c, ΔG pattern of P1A,wt (cyan) and P1B,wt
(magenta). d, ΔG pattern of P1A,G21C (cyan) and P1B,G21C (magenta). e, Kinetic model for the wild-type
P1 stem. Arrows strength denotes the comparative rate constant. All numbers and arrows are drawn
for the 3 μM adenine condition of the wild-type aptamer. Numbers next to the conductance class
designations are the occupancy numbers normalized to the occupancy of each kinetic state, P1 A or
P1B. The cartoon to the right depicts our proposed designations for each conductance class – for
example, in conductance class 3, we propose that every base is paired up until U2-A62.
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rate constants for each transition type are schematized at saturating adenine for the wild-type
aptamer in Figure 4.7e. Compared to the P1B,wt, the intermediate in P1B,G21C is relatively less
stable, as with this mutation the aptamer more easily transitions directly into conductance class
1 with a 9-fold reduced reverse rate, from 6500 ±300 s-1 to 700 ±200 s-1. Next, we examined
transitions between P1A and P1B. We first note that, while the overall partition of the G21C
aptamer conductance versus time trajectory between P1A and P1B does not change as the
concentration of adenine is increased, for the wild-type aptamer the occupancy of P1B increases
as the concentration of adenine is raised, from 10% at 30nM adenine to ~40% at 3 µM adenine.
This is primarily driven by a 3-fold decrease in the rate of transition from P1B into P1A via
conductance class 2, from 370 ±10 s-1 to 144 ±6 s-1 indicating that addition of adenine raises the
free energy barrier between P1B and P1A. As discussed below, this latter rate is now
commensurate with the rate of transcription [173]–[175]. Together, these kinetic results imply
that the L2-L3 interaction has two major effects: first, it prevents P1B from entering the
predominantly unpaired state (conductance class 1), and second, it prevents P1B from entering
P1A any faster than the transcription rate.

4.5 Discussion
Our investigation has focused entirely on the role of RNA rearrangements in transient base
pair formation. We find that the P1 stem of the pbuE riboswitch aptamer is highly dynamic even
in the presence of adenine, a result that is loosely consistent with Nozinivic et al. [156].
However, we suspect, as others have, that this highly dynamic kinetic pattern characterizes all
nucleic acid structures [176]–[178]. According to NMR results, the lifetime of an unpaired base,
while highly sequence dependent, is on the order of 1-100 ms [157], [159], [160]. Furthermore,
from studies of the zipping of hairpins, the rate at which bases transition from the paired to the
unpaired once that motion has begun, and vice versa, is on the order of hundreds of
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nanoseconds [176], [177], [179], [180], in loose agreement with our observation of
instantaneous transitions even at 50 µs time resolution. These two features of pairing and
unpairing dynamics lead to a highly complex ensemble of possible and constantly
interconverting paired configurations – a hairpin consisting of just 10 base pairs has over 1500
unique configurations [177]. It is notable, therefore, that under our conditions, the P1 stem only
accesses two pathways for discrete and sequential zipping and unzipping, P1A and P1B.
The wild-type P1 stem showed fluctuations between four conductance classes, which we
interpreted, based on structural and Debye length arguments, in terms of the last base in the
stem to be paired. On the other hand, the G3C aptamer, in particular, only displayed fluctuations
between two conductance classes – this is likely because a folding nucleus for a helix consists
of at least two base pairs. Furthermore, there is a net free energy loss from pairing a single
base due to entropic effects, which are not offset by favorable hydrogen bonding between two
complementary bases, as this is the same interaction they could make with water [81], [176],
[177], [181]. However, in a helix with many pairs, base stacking mitigates these entropic effects.
Therefore, our data are consistent with a model wherein the G3C aptamer only has apparent
transitions between its two folding nuclei.
Examination of the kinetics of the interconversion between these two nuclei, as well as
comparison with the kinetics of interconversion between paired states of the stable aptamer,
revealed that the effect of adenine binding is transduced via element close to the predominantly
unpaired state of the P1 stem, and that the effect of this stabilization dissipates further down the
helix. Furthermore, while highly dynamic, we find that the pathway of unzipping and rezipping of
the P1 stem is discrete and sequential. Despite the large ensemble of possible configurations
we find that, within the limits our time-resolution, zipping or unzipping the wild-type P1 stem
occurs one base at a time, the former beginning at the bases closest to the binding pocket and
the latter beginning at the terminus of the aptamer. In concert with theoretical studies, this
observation underscores the importance of three-way junctions in secondary structure stability
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[178], [182]. Together with the adenine dependence of P1 stability in the wild-type as well as the
adenine-destabilizing effect on the unzipped form in the G3C aptamer, we supply evidence that
this pathway is a highly tuned by interactions with the binding pocket. That is, we hypothesize
that, due to its structural proximity and participation in adenine binding [148], [161], [162],
rearrangements in J2/3 lead to sequential zipping or unzipping of the P1 stem. On the other
hand, our results also suggest that, under our conditions, the stability of P1 stem plays little or
no role in the thermodynamics of adenine binding (see Fig. 4.6).
Invasion of the aptamer by the expression platform is under kinetic control, and the lifetime of
the unzipped state of the P1 stem presents a first-passage chance for operation of the switch,
the result of which is an intrinsically non-equilibrium process [149], [154], [155], [183], [184]. In
the wild-type aptamer, our data suggest two ways in which the invasion by the expression
platform is modulated. First, enhanced occupancy of P1B in its stabilized intermediate,
conductance class 3, indirectly increases the occupancy of the fully folded P1 stem (Fig. 4.4c).
We assert that in this configuration the expression platform cannot invade the P1 stem because
it cannot interact with any bases in the helix. Second, assuming an invasion has begun at the
first base pair of the P1 stem, while the aptamer will unfold if it is in P1A, our model suggests
that if the aptamer is in P1B it will unfold up until the third base, i.e. the G-C base pair. Indeed,
this picture is consistent with the dramatic consequences of the removal of this base pair, as
well as identification of the G-C base pair as the location of the unfolding transition state on the
pulling coordinate [151] (Fig. 4.4b versus Fig. 4.5a). If adenine concentrations are low,
transitions between P1B and P1A are significantly faster, ~370 s-1, than the rate of transcription
of the antiterminator, ~10-90 nt/s [173]–[175] for E. coli and perhaps faster for B. subtilis [185],
though ~10 nt, or an RNAP footprint [186], [187] must be transcribed for RNAP to escape, an
argument introduced in this context by Wickiser et al. [149]. As the reverse rate back into P1B is
slow, ~25 s-1, the aptamer enters P1A and continues to unfold. However, if adenine
concentrations are high, transitions between P1B and P1A, ~140 s-1, are competitive with the rate
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of transcription, and the refolding rate is very high – the aptamer resists invasion. Our data show
that this barrier is significantly smaller in the absence of a stable L2-L3 tertiary interaction,
suggesting that population and stabilization of P1B is a primary consequence. These data
suggest the existence of a dynamic correlation between L2-L3 dynamics [150], [166] and the
base pair level dynamics of the P1 stem, over a distance of 32 Angstroms. This picture is
supported by the observation that, in crystal structures of purine riboswitches [148], [161], [162],
the junction element J2/3 caps the P1 stem, and further, that NMR studies have revealed that
this junction element is disordered in the absence of adenine [163]–[165]. Together with these
observations, our data suggest that opening and closing of the ligand-enclosing flap, a motion
that is strongly influenced by the tertiary interaction between L2 and L3, reduces the probability
of transition from P1B to P1A, and P1B is inefficiently unzipped.
To augment our understanding of this dynamic correlation between tertiary structure
formation and base-pair level zipping and unzipping of the P1 stem, we compare our results to
the pattern of conservation of purine riboswitches. In general, the P2 and P3 stems are
conserved in the sense that they remain paired regions of a certain length, but their precise
sequences are variable (RF00167) [188]. L2 and L3 have a conserved length as well as
conserved G-C linchpins, which come together to form the fully folded form of the riboswitch.
The binding pocket element J2/3 is almost universally conserved, as are the two A-U base pairs
of the P1 stem closest to the pocket, which terminates with an A-minor interaction between P2
and P3. The third base pair of the P1 stem, G-C in the case of the pbuE aptamer, (Fig. 4.3) is
not conserved: it varies between an A-U and a G-C. Examining these results in more detail, we
notice that if the P1 stem contains an AUG, the U of which base pairs with an A in the third (Fig.
4.3) position, its sequence always contains an additional four bases (two A-U pairs and two G-C
pairs). On the basis of our results we propose that the purine riboswitch family has at least two
classes of P1 stems – those that begin zipping and unzipping at the AU-UA pair in position 5
(Fig. 4.3), and those that begin zipping and unzipping at the AUG three bases down but contain
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four extra bases in the P1 stem. While the pbuE riboswitch falls into the former class, the
guanine-sensing xpt riboswitch is an example of the latter class. smFRET and single-molecule
force pulling studies have revealed that the pbuE riboswitch does not fully fold in the absence of
adenine [150], [151], whereas NMR studies of the xpt riboswitch have revealed that the
riboswitch is close to its bound state even in the absence of adenine [164], [165]. We propose
that these two families have differing designs of P1 stem in order to transfer metastability from
the tertiary structure formation of L2-L3 to the secondary structure of the P1 stem. Furthermore,
from comparison of the heterogeneity in wild-type sequences with sequences that cannot form
stable L2-L3 interactions, we conjecture that the L2-L3 interaction exists on one side of a
dynamic network whose consequence is zipping of the P1 stem.

4.6 Conclusions
There are three main classes of highly resolved studies of purine family riboswitch folding –
those that focus on formation and deformation of highly structured pockets on a pulling
coordinate [151], [152], those that examine equilibrium-scale rearrangements of the tertiary
structure [150], [166], and those that examine the evolution of the average structure massive
numbers of molecules [163]. Our methods utilizing single-molecule field effect transistors
contrast from all of these, as we are able to provide a label-free high time-resolution singlemolecule measurement of the pbuE riboswitch aptamer using its natural sequence without
continuous perturbation. Previous studies have provided crucial information as to the
organization of the relative structural elements of the switch, as well as the order in which they
fold and the likely slow-timescale rearrangements that accompany ligand binding. In this work
we present the first wide-bandwidth single-molecule measurements of base-pair level stability of
the P1 stem. We find that zipping and unzipping of the stem is linear, sequential, and dependent
on the presence of specific base pairs in the organization of the stem. Finally, we find that these
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rearrangements are heterogeneous on the second timescale yet occur on the microsecond to
millisecond timescale, making measurements from smFETs essential in order to describe the
potential ensemble of unzipping pathways.
In future studies, smFETs could be used to probe the magnesium (Mg2+) dependence of
folding, as well as to study rearrangements of each portion of the riboswitch relative to every
other. For instance, xpt riboswitches include a rearrangement between the P1 and P2 stems
that cannot be detected using the 5’ terminal tethering presented here [166]. However, the rate
constants of this process have a very strong dependence on the concentration of Mg 2+ ions,
which quickly exit the observable time-resolution of most single-molecule methods. We expect
that the smFET experimental platform can be applied to such situations, as well as, in general,
systems with local charge fluctuations that have a wide mixture of time-scales.
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Chapter 5

Outlook on smFET Technology
The work presented in this dissertation has increased the body of smFET literature. The
development of a novel functionalization method using nanowell-confined chemistry allows for
more reliable point defect generation and a more durable functional handle for biomolecule
tethering. DNA hybridization experiments suggest a possible smFET-induced shift in
hybridization dynamics that may be caused by an induced gradient of charged species near the
CNT surface. This effect should be further investigated by performing DNA hybridization
measurements in a variety of buffer concentrations and using different gate biases. Further Gquadruplex studies should focus on obtaining a cation titration series as well as sequence
variation to further probe the two-state smFET signal generated. A notable achievement of this
work is the first single-molecule evidence of RNA zipping and unzipping one base at a time.
However, the complexity of the riboswitch aptamer data suggests that a better understanding of
intramolecular RNA dynamics would be a useful contribution to the smFET field. A systematic
study of RNA hairpin dynamics could be directly compared to single-molecule literature to
confirm the validity of these studies. smFET provides a unique vantage point for single-molecule
biophysical studies primarily due to its wide bandwidth. As more complex systems with a
smaller existing body of literature are probed, a complete picture of the signal transduction
mechanism and evaluation of the invasiveness of the technique will become necessary. This
may require adopting novel device configurations, such as CMOS-integrated smFETs which can
perform measurements at 1 MHz, or potentially passivated or suspended CNTs to reduce noise.
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